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Les maladies cardiovasculaires représentent un risque majeur de mortalité dans le 
monde et la prévalence de ces pathologies ne cesse d’augmenter. Pour comprendre la réponse 
inflammatoire de ces maladies, nous avons fait d’énormes progrès dans la recherche 
moléculaire et cellulaire afin de démontrer clairement que les macrophages et les cellules 
dendritiques jouent un rôle central dans l’athérosclérose et l’infarctus du myocarde, deux 
maladies cardiovasculaires mortelles. 
Nous avons trouvé que, à l’état normal, le cœur de souris abrite les deux types de 
cellules dendritiques classiques (cDC1 et cDC2). Conformément à ce qui est connue sur ces 
les cDC, nous avons constaté que les cDC1, qui expriment IRF8, dépendent du Flt3, un facteur 
de croissance important pour leur développement alors que les cDC2, qui expriment IRF4, 
sont Flt3 indépendantes. Nous avons trouvé que le nombre total leucocytes CD45+ augment 
dans le cœur des souris ayant subi l'infarctus du myocarde. Ces leucocytes étaient 
majoritairement des macrophages, des neutrophiles et des cDCs. Parmi ces dernières, les 
cDC2 ont connu une plus forte augmentation.  
Dans un premier projet, nous avons vérifié le rôle de ces cDCs dans cette pathologie. 
Pour ce faire, nous avons procédé à la déplétion de ces cellules en utilisant un modèle de 
souris exprimant le récepteur de la toxine diphtérique (DTR) au même temps que Zbtb46. 
L’expression spécifique de ce dernier dans les cDCs induit l’expression de la DRT et 
l’injection ultérieure de la toxine diphtérique provoque la déplétion des cDCs chez ces souris 
transgéniques. Nos travaux ont montré que la déplétion des cDCs diminue le recrutement des 
leucocytes et l'expression de la cytokine inflammatoire l'IL-1β dans le cœur des souris ayant 
subi l’infarctus du myocarde. Cela réduit considérablement l’ampleur de l'infarctus et améliore 
la fonction cardiaque, suggérant que les cDCs jouent un rôle important dans l'infiltration de 
cellules immunitaires après infarctus du myocarde.  
Dans une autre étude, nous avons mis au point, pour la première fois, une méthode 
basée sur l’utilisation de sonde lipidique pour analyser les cellules spumeuses de l'aorte par 
cytométrie en flux. Cette méthode permet de cibler et isoler les macrophages spumeux et non-
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spumeux afin d’analyser leur profile transcriptomique. En plus de caractériser ces cellules, 
cette technique permet d’évaluer la taille des plaques d’athérosclérose. Le séquençage des 
ARN (ARN-seq) a montré que les macrophages spumeux chargés de lipides dans les lésions 
athérosclérotiques expriment clairement différents transcrits par rapport aux macrophages 
non-spumeux. De manière surprenante, nous avons constaté que les macrophages non-
spumeux présentaient une signature pro-inflammatoire reflétée par une régulation à la hausse 
de l’Il1β, le Tnf et Nlrp3. Par contre, les macrophages spumeux présentait un profile non 
inflammatoire caractérisé une augmentation de l’expression des gènes liés au transport et à 
l'absorption de lipides (cholestérol et acides gras). Contrairement à ce qui est connue jusqu’à 
maintenant sur le rôle pathogénique des macrophages spumeux, nos résultats montrent que ces 
cellules jouent un rôle plutôt protecteur dans l’athérosclérose. 
Collectivement, nous avons spécifiquement identifié la fonction des cDC et des 
macrophages dans la pathogenèse des maladies cardiovasculaires. Comprendre le rôle précis 
de ces cellules aidera à développer une stratégie immunothérapeutique appropriée pour 
atténuer les maladies cardiovasculaires. 
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Cardiovascular disease is a major cause of mortality in the world, and is rapidly 
increasing. To understand the inflammatory response of various diseases, we have made 
tremendous advances in molecular and cellular research to show clear evidence that 
macrophages and dendritic cells play central roles in cardiovascular diseases, such as 
atherosclerosis and myocardial infarction.  
We have identified the two conventional DCs subsets (cDC1 and cDC2) in heart of 
healthy mouse. As expected, we found that the IRF8-expressing cDC1, but not the IRF4-
expressing cDC2, was dependent on Flt3 for its development. Myocardial infarction 
significantly increased the infiltration of CD45+ leukocytes in the infarcted heart, including 
macrophages, neutrophils and DCs. Among cDC, the most significantly increased subset was 
the cDC2. The diphtheria toxin receptor (DTR) mediated depletion of Zbtb46-expressing DCs 
in myocardial infarcted mice led to a significant decrease of IL-1β expression together with an 
increased recruitment of leukocytes. This dramatically reduced the infarcted size and 
improved cardiac function, suggesting that cardiac DCs play an important role in immune cell 
infiltration following myocardial infarction. 
In another study, we developed, for the first time, a lipid probe-based flow cytometry 
method to analyze foam cells in atherosclerotic aorta. Our method enables to isolate foamy 
and non-foamy macrophages in order to perform the transcriptomic analysis of these cells. In 
addition, this technique allows to assess the severity of atherosclerosis and the characteristics 
of foam cells. RNA-seq analysis showed that lipid-laden foamy macrophages in 
atherosclerotic lesions clearly expressed different transcripts compared to non-foamy 
macrophages. Surprisingly, we found that non-foamy macrophages showed a pro-
inflammatory signature reflected by the up-regulation of cytokines, such as Il1β, Tnf and 
Nlrp3. However, foamy macrophages up-regulated genes related to the transport and uptake of 
lipids (cholesterol and fatty acid).  
Collectively, we specifically identified the function of dendritic cells and macrophages 
in the pathogenesis of cardiovascular diseases. Understanding the precise role of these cells 
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will help to develop appropriate immune-therapeutic strategy to attenuate cardiovascular 
disease. 
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1  Introduction 
1. 1  Cardiovascular Disease  
Cardiovascular disease (CVD) is a major cause of global deaths and includes coronary 
artery disease, stroke, hypertension, and heart disease. The mortality of cardiovascular disease 
reaches 31% by 2016.1 Over the 2000-2016 period, cardiovascular mortality rates in high-
income countries, such as Canada, the United States, the United Kingdom, and the European 
Union, have declined by approximately 30 to 40 %. On the other hand, in developing countries, 
including those in Eastern Europe and Central Asia, the mortality rate is still high (80%).2 
Figure 1.1 shows the loss of healthy years of life due to CVDs throughout the world. The 
decline was the highest in Eastern Europe and Central Asia. This trend is rapidly increasing 




Figure 1.1. The comparison of disability adjusted life-years (DALYs) due to CVD in 




1. 1. 1  Causes of CVDs 
As a typical complex disease, cardiovascular disease includes circulatory system-
related diseases, such as ischemic heart disease (heart attack), stroke and hypertension. These 
influenced not only by blood biochemical indicators, such as cholesterol, but also by various 
risk factors, such as genetic factors inherited from parents or environmental factors, such as 
drinking and smoking. In addition, cardiovascular disease is strongly correlated with other 
diseases, such as diabetes and obesity. Stress can also indirectly effect on the onset of heart 
disease, but it is not yet clear whether it can have a direct influence.4, 5, 6 
A prolonged exposure to these risk factors may lead to elevated blood pressure, 
increased blood sugar, resulting in blood lipid abnormality and obesity. In addition, it is 
related to non-communicable diseases (NCD), such as cancer, diabetes and chronic respiratory 
disease. In 2008, 60% of the global deaths were due to NCD, and 30% of these were caused 
by CVDs. Most CVD deaths occur in low- and middle-income countries (LMICs) and are the 
most frequent causes of death in most countries except in Africa.7 In recent years, CVDs have 
rapidly increased on this continent, and it is expected that other diseases will be overtaken in 
the future as a cause of death. Coronary heart disease accounts for the largest portion of CVDs 
with 40%, followed by cerebrovascular disease (30%).8, 9 
 
1. 1. 2  Types of CVDs 
CVDs refer to diseases that occur in the heart or blood vessels. The cardiovascular 
system is a major organ that supplies oxygen and nutrition to the body, reacting promptly and 
precisely to various external stimuli. When these reactions become problematic, serious 
cardiovascular events, such as heart attack and stroke can be induced. As one of the major 
inflammatory diseases, atherosclerosis affects the whole of the cardiovascular system of the 
human body and results in the formation of plaques inside the arterial blood vessels.10, 11 The 
most common risk factors are diabetes, smoking, hypertension and hyperlipidemia. It is 
influenced by family history, age, gender and lifestyle changes, obesity and stress.12 Over time, 
the atherosclerotic plaque grows into the lumen of the blood vessels due to the accumulation 
of fat, cholesterol, calcium, and immune cells. This results in the narrowing of the vascular 
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passages, blocking the flow of blood to the organs and other parts of the body. If a sufficiently 
large plaque has fallen into the lumen of the vessel and the coronary vessels or blood vessels 
are blocked, a serious acute heart attack or stroke will occur.10, 11 Cardiovascular disease can 
be divided into two broad categories according to the causes. The first group is CVDs caused 
by atherosclerosis and includes ischemic heart disease, coronary artery disease, 
cerebrovascular disease, hypertension, aortic and arterial disease or peripheral vascular disease. 
A second group includes congenital heart disease, rheumatic heart disease or cardiac 
arrhythmias.13  
Over the past several years, the research on cardiovascular diseases, including 
arteriosclerosis and various cardiac diseases, has undergone tremendous growth through the 
epidemiological determination of risk factors with physiological exploration and the initiation 
of molecular and cellular studies. These developments have shown that cardiovascular 
diseases are involved in complex inflammatory responses characterized by the implication of 
some cellular and molecular player, which are known to drive inflammation, such DCs, T cells 
and some cytokines. This process also involves endothelial cells as well as vascular smooth 
muscle cells. It is important to study the immune system. Thus, we aimed to understand the 
biological mechanisms of cardiovascular immunity through the characterization of molecules 
and cell pathways, and further develop appropriate therapies.  
 
1. 2  What is Atherosclerosis? 
The innermost part of the blood vessel, which is a channel for transporting nutrients 
and oxygen throughout the body, is lined by the endothelium. The deposition of cholesterol in 
the endothelial cells (EC) results in the proliferation of endothelial cells and the formation of 
‘atheroma’. This marks the beginning of atherosclerosis. The inside of the atheroma is thinned 
like porridge, and the surrounding area of atheroma is covered with a tightly hardened fibrous 
membrane. When the hardening fibrous membrane becomes unstable, the plaque ruptures and 
thrombosis occurs in the blood vessel. In addition, when bleeding into atheroma, the inside 
diameter of the blood vessel narrows rapidly or the blood vessel becomes completely blocked. 
As a result, the blood circulation to the peripheral tissues is obstructed. 
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In the past, atherosclerosis was recognized as a disease caused by deposits of lipids on 
the blood vessel wall. More recently, it has been shown that this disease results from the 
complex inflammatory action of blood vessel endothelial cells, immune cells and vascular 
smooth muscle cells (VSMC).11 Atherosclerosis is the leading cause of ischemic heart disease 
and stroke in many countries, including Canada and the United States, accounting for more 
than 50% of the major causes of death14, 15 and becoming the largest problem in the world. 
 
1. 2. 1  The Role and Composition of Blood Vessels 
Because the early stage embryo needs a means of delivery, the circulatory organ occurs 
first to develop and performs its function. Vessels circulate blood between the heart and the 
various tissues of the body, and providing oxygen and nutrients to all body or organs. The 
blood vessel walls consist of three layers, the tunica intima (intima), the tunica media (media), 
and the tunica adventitia (adventitia) (Figure 1.2).  
 
 
Figure 1.2. Three layers of arterial and venous wall. (A) A picture of aorta isolated from 
C57BL/6 mouse. (B) The aorta is composed of 3 parts, including the aortic root, ascending 
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aorta with aortic arch, and the descending aorta. The right panel shows a cross-section of the 
aorta, depicting the tunica intima, media, and adventitia. 
 
The intima consists of a thin layer of endothelial cells in contact with the blood. This 
layer regulates the homeostasis and permeability of the blood vessel walls and is separated 
from the media by an internal elastic lamina (elastin layer). The media is the thickest layer and 
is composed of smooth muscle cells, elastic fibers and collagens. Among the three layers, the 
most robust adventitia is separated from the media by an external elastic lamina, consisting of 
connective tissue and elastic fibers, and preventing overexpansion of the blood vessels. They 
also have vasa vasorum (meaning the vessels of the vessels) supplying blood to the blood 
vessels themselves. 
 
1. 2. 2  Is There A Specific Anatomical Site for The Initiation of  
   An Atherosclerotic Lesion? 
The atherosclerotic lesion usually begins at specific sites in the vascular system. These 
particular sites, such as branches, bifurcations, and curvature regions of the blood vessels, 
have features that include low shear stress and high turbulence, and correspond to changes in 
the blood flow.16 These changes of blood vessels result in the functional impairment of 
vascular endothelial cells, which normally act as barriers between blood and tissues and affect 
selective permeability and gene expression of endothelial cells. The loss of cellular activity 
and the production of nitric oxide (NO) in endothelial cells is not only a major feature of 
endothelium dysfunction, is also closely related to the development of reactive oxygen species 
(ROS) (Figure 1.3). In particular, low shear stress promotes the high production of superoxide 
and the absorption of low density lipoprotein (LDL) particles.17 Accumulated or absorbed 
LDL on the blood vessel wall can be modified by interacting with various components, such 
as aggregation and matrix proteoglycans secreted by smooth muscle cells. These modified 
LDL increase the activation of endothelial cells to produce ROS. The production of ROS 
induces lipid oxidation, the activation of platelet and smooth muscle cell.18, 19, 20 The activation 
of endothelial cells increases the expression of vescular cell adhesion molecules to recruit 
leukocytes, such as monocytes and macrophages. Eventually, these changes result in 
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functional impairment of endothelial cells and smooth muscle cells, contributing to the 




Figure 1.3. The function of vascular endothelial cells under steady state or under 
inflammation. Endothelial cells forming the intima layer maintain homeostasis of blood 
vessels by regulating the balance between vasodilatation and vasoconstriction. (A) These 
effects are regulated by NO produced by endothelial NO synthase (eNOS), and include 
inhibition of platelet activation, leukocytosis, VSMC proliferation and LDL oxidative changes. 
(B) Under inflammatory conditions, such as atherosclerosis, endothelial cells produce ROS. 
Then they show an activated phenotype and express various leukocyte chemo-attractants. 
 
1. 2. 3  The Development of Atherosclerosis 
The development of atherosclerosis passes through several steps. Atherosclerosis 
lesion can be observed in human fetus9 and newborns. This lesion begins by the accumulation 
of foamy cells in blood vessels (Type I lesion).23, 24 Then, a type II lesion develops with the 
formation of fatty streak together with foamy cells.9 Fatty streak is not clinically important, 
but is characterized by the accumulation of smooth muscle cell that may initiate advanced 
lesions. Thereafter, the progress is rapid and passes through a pre-atheroma (type III lesion) 
stage where a small mass of lipid is scattered on the arterial wall. Atheroma, a type IV lesion, 
usually forms in the age of 20 to 30 (Figure 1.4). In atheroma, the lipid mass is surrounded by 
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extracellular matrix and immune cells, including monocytes, macrophages, dendritic cells 
(DCs) and T cells. At this time, atherosclerotic symptoms begin to appear.25  
 
 
Figure 1.4. Development and characterization of atherosclerotic lesions. Fatty streak to 
pre-atheroma does not show atherosclerotic symptoms, but after type IV atheroma, symptoms 
may be caused by vascular stenosis or occlusion. Reproduced with permission from 
Circulation. (Stary, H. C., et al.)26 
 
The progression to fibrosis, characterized by the accumulation of smooth muscle cells 
in the lipid center of atheroma, is called Fibro-atheroma and represents a type V lesion. There 
are two sub-subsets of this lesion: a Vb sub-type, which develops following coronary artery 
calcification or a Vc sub-type that can be caused by a decreased accumulation of lipids in 
fibro-atheroma compared to a type V lesion. Finally, complications, such as blood clot in type 




1. 2. 3. 1  The Initiation of Atherosclerotic Lesions 
The incidence of CVD has been increasing rapidly in recent years due to changes in 
lifestyle, westernized food habits, smoking, stress and lack of exercise. Among those, 
lipoprotein is known as the greatest risk factor for atherosclerosis. Lipoproteins, composed of 
lipids and apoproteins, absorb or store fats, such as cholesterol and triglycerides. They are then 
transferred to various tissues through the blood and used as energy. According to their density, 
these plasma lipoproteins can be classified as very low density lipoprotein (VLDL), LDL, 
intermediate density lipoprotein27, and high density lipoprotein (HDL).28 HDL, commonly 
known as healthy cholesterol, inhibits the oxidation of lipoproteins29, while LDL is known as 




Figure 1.5. Endothelial dysfunction by modified LDL. LDL, one of the major risk factors 
for atherosclerosis, accumulates in the endocardium and becomes transformed. Modified 
LDLs cause endothelial cell damage leading to the expression of a variety of adhesion 
molecules and chemotactic proteins on their surface. Reproduced with permission from The 
New England Journal of Medicine, Copyright Massachusetts Medical Society. (Hansson, G. 
K.)30  
 
The lesion of atherosclerosis begins with the accumulation of LDL in vascular 
endothelial cells or sub-endothelial matrix. At this time, if the concentration of low-density 
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lipoprotein cholesterol (LDL-C) in the blood is high or if vascular endothelial cells are 
damaged, the cholesterol accumulation worsens.31 The accumulated LDL is transformed by 
oxidation, proteolysis and lipid degradation18, 19, and the modified LDL leads to the activation 
of vascular endothelial cells that produce ROS, eventually resulting in an inflammatory 
response.21, 22 The activation of endothelial cells promotes the expression of inflammatory 
genes or adhesion molecules on their cell surface (Figure 1.5). Endothelial dysfunction is, 
therefore, the most important event in the early stages of arteriosclerosis. 
 
1. 2. 3. 2  Endothelial Cell Dysfunction 
Normal endothelial cells do not induce leukocyte adhesion. Conversely, endotherial 
cells activated by modified LDL increase the expression of adhesion molecules, such as 
VCAM1 (vascular cell adhesion molecule 1)32, ICAM1 (intracellular adhesion molecule 1)33, 
PECAM1 (platelet endothelial cell adhesion molecule)34, P- and E-selectin35 on their surface. 
They also produce MCP-1 (monocyte chemotactic protein-1/CCL2) and cytokines that 
regulate growth, such as M-CSF (macrophage colony-stimulating factor)36 and GM-CSF 
(granulocyte-macrophage colony-stimulating factor)37 (Figure 1.6). Leukocytes, such as 
monocytes and macrophages, circulating in the blood vessels accumulate into arterial vascular 
lesions by following gradients of chemotactic molecules. 
MCP-1 (CCL2) is the ligand for CCR2 on the cell surface of monocytes. A decrease in 
the number of these cells in atherosclerotic lesions was observed in the absence of MCP-138 or 
CCR239 in ApoE−/− mice. Similarly, lesions were significantly less severe in mice lacking the 
M-CSF gene.40 The M-CSF gene and CCL2/CCR2 interaction play a critical role in the 
recruitment and the proliferation of monocytes41, which ultimately leads to a local 
inflammatory response. 
 
1. 2. 3. 3  Monocytes Influx into Atherosclerotic Lesions 
Atherosclerotic lesions harbor various leukocyte sub-populations, including T cells, B 
cells and dendritic cells (DCs) as well as monocytes and macrophages.41 Monocytes, which 
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are also found in the early fetal fatty streak (Figure 1.4), are one of the most important cellular 
components in atherosclerotic lesions.42 They are circulating in the blood to maintain 
homeostasis43 and are transferred to lymphatic organs and tissues by infection or tissue 
damage signals.44  
The migration of circulating monocytes into atherosclerotic lesions is regulated by a 
leukocyte adhesion cascade that depends on the up-regulation of cell adhesion molecules by 
activated endothelial cells.45 This cascade of leukocyte extravasation can be described in four 
stages; (1) rolling mediated by selectins, (2) activation by chemokines, (3) arrest and adhesion 
by integrins, (4) endothelial transit. In the first step, leukocytes loosely adhere to the 
endothelium by low-affinity interations between PSGL-1 (P-selectin glycoprotein ligand-1)46 
and selectins47. This brief binding temporarily holds leukocytes to the endothelial cells, but 
leukocytes drop off the endothelium because of the fasting blood’s shearing force. At that 
moment, another selectin in the adjacent endothelial cells captures leukocytes again. As this 
process is repeated, leukocytes roll along the endothelium. This type of binding is called 
rolling. Second step is activations by chemokines. The rolling process slows down the 
progression of leukocytes, allowing the interaction of between chemokines (such as MCP-1) 
on the endothelial cells and its receptors (such as CCR2) on leukocytes. Third step is arrest 
and adhesion by integrins, such as VLA-4 (very late antigen-4, α4β1-integrin, or CD49d/CD29) 
and LFA-1 (lymphocyte function-associated antigen-1, αLβ2-integrin, or CD11a/CD18) on the 
surface of leukocytes, interacting with VCAM1 and ICAM on the surface of vascular 
endothelial cells.48 Final step is endothelial transit. Homozygous interactions of PECAM149 on 
both leukocytes and endothelial cells allow leukocytes in the blood vessels to migrate in the 
wound sites, and monocytes that migrate into the subendothelial space differentiate into 






Figure 1.6. A four-step process of leukocyte extravasation. Capture and rolling occur when 
the selectin molecule binds to sialyated carbohydrate. Chemokines bind to its receptors 
belonging to the G porotein receptor of leukocytes and transmit activation signals. These 
signals together with blood shear forces induce conformational changes in integrin molecules. 
Leukocytes allow for more robust attachment through the Ig-superfamily molecules of 
endothelial cells. Finally, leukocytes migrate beneath the vascular endothelial cell layer. 
However, continuous inflow of monocytes leads to chronic inflammation. 
 
1. 2. 3. 3. 1  Subpopulations of Monocytes 
When hyperlipidemia or atherosclerosis occurs, the number of monocytes present in 
the blood vessels increases compared to steady state. The observation suggests that monocytes 
play an important role in the ensuing inflammatory response.51, 52 Circulating monocytes can 
be divided into two subpopulations: classical monocytes or non-classical monocytes. 
On one hand, classical monocytes have a Ly6Chigh phenotype. Their number 
considerably increases in inflammatory sites, and they account for most of the monocytes 
infiltrating lesions.53 Ly6Chigh monocytes are characterized by the expression of specific 
chemokines, such as CCR2+ and CX3CR1low, on their cell surface (Figure 1.7).54 Classical 
monocytes that enter the lesion are activated by GM-CSF and IFN-γ (interferon-γ) secreted 
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from vascular endothelial cells and type 1 T helper cells (Th1 cells). This allows their 
differentiation into classically activated macrophages (M1).55 Activated Ml macrophages 
secrete pro-inflammatory cytokines, such as IL-1 (interleukin-1), IL-6, IL-8 and TNF-α (tumor 
necrosis factor-α) and increase their expression of the major histocompativility complex class 
II (MHCII) and co-stimulatory molecules (CD80/CD86) on their cell surface.56 
 
 
Figure 1.7. Important roles of chemokines secreted by activated endothelial cells for the 
recruitment of monocytes. Monocytes are distinguished into two distinct subpopulations 
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evident by chemokine receptors that are differentially expressed on their cell surface. Ly6Chigh 
monocytes, predominant in lesions, are recruited on the wall of activated vascular endothelial 
cells by CCR1 and CCR5 and migrate into the endothelial cells by binding adhesion molecules 
(VLA-4/VCAM1, LFA-1/ICAM1 and PSGL-1/P- or E-selectins) and chemokines (CCL2/ 
CCR2, CCL5/CCR5 and CX3CL1/CX3CR1). Ly6Clow monocytes accumulate on the wall of 
vascular endothelial cells interacting with CCR5. After migration, monocytes differentiate into 
M1 and M2, and absorb the modified or oxidized LDL through their scavenger receptor type 1 
(SR-A1) receptor and scavenger receptor class B member 3 (SCARB3 or CD36). They 
eventually form foam cells, which are the largest cell population in atherosclerotic lesions. 
Reproduced with permission from Arteriosclerosis, Thrombosis, and Vascular Biology. 
(Swirski, F.K., et al.)57 
 
On the other hand, non-classical Ly6Clow monocytes are typically CCR2− and 
CX3CR1high,54 and can be differentiated into alternatively activated macrophages (M2) by 
cytokines, such as M-CSF and IL-4,58, 59, 60 secreted by endothelial cells and Type 2 T helper 
cells (Th2 cells).55 Activated M2 macrophages increase the expression of mannose receptor 1 
(CD206) on their cell surface and secrete anti-inflammatory cytokines, such as IL-1R 
antagonist, IL-10 and TGF-β (transforming growth factor β). Moreover, they are highly 
phagocytic.56 Previous studies have shown that chemokine receptors, such as CCR2, CCR561, 
and CX3CR162, are important for interacting with vascular endothelial cells and to move into 
wounded tissues or lesions. The absence of those chemokines inhibits the migration of 
monocytes and macrophages and also significantly reduces the magnitude of the disease. 
 
1. 2. 3. 3. 2  Lesional Macrophages 
Monocyte-derived macrophages are a major population of immune cells for 
atherosclerosis development.63 The diversity and flexibility are the characteristics of these 
cells. Macrophage polarization in the atherosclerotic lesion give rise to M1 and M2 
macrophages with a broad spectrum.64, 65 M1 macrophages express high levels of pro-
inflammatory cytokines, secrete reactive nitrogen and oxygen, and promote Th1 responses that 
play a major role in the defense of bacteria invading our bodies.66, 67 Macrophages incubated 
with IFN-γ and LPS, a toll-like receptor 4 ligand, induce the differentiation into M1 
macrophages in vitro.68 On the other hand, M2 macrophages are involved in anti-inflammatory 
responses and tissue remodeling.69, 70 Their phenotype can be induced in vitro by incubating 
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with IL-4 and IL-13, which suppress the differentiation of M1 macrophages and promote 
macrophages to produce cytokines (IL-10 and TGF-β) that are involved in tissue remodeling 
and repair. In particular, IL-4 is known to be a potent promoter or stimulant for the 
proliferation of macrophages.71 However, in atherosclerotic lesions, macrophages are exposed 
to excessive stimuli, indicating a difference in the function and surface markers of 
macrophages.72 Although both M1 and M2 macrophages are observed in atherosclerotic 
lesions, their phenotypes still require more understanding at each stage of atherosclerosis 
deverolpment.73 
 
1. 2. 3. 3. 3  The Formation of Foam Cells 
In the sub-endothelial space, there can be natural, modified or oxidized LDL, which are 
all absorbed and removed by macrophages. Natural LDL is normally absorbed through 
macrophage LDL receptors while cholesterol is modified by 27 hydroxylases and removed via 
transporters ABCA1 (ATP binding cassette subfamily A member 1) or ABCG1 (ATP binding 
cassette subfamily G member 1) present on the cell membrane.74 Macrophage-secreted ApoE 
also increases the uptake of HDL into the lesions75 and inhibits the oxidation of LDL. 
Oxidized and modified LDL are mainly internalized through the SR-AI and SCARB3 
receptors on the cell surface of macrophages.76 The expression of these receptors is regulated 
by TNF-α  or IFN-γ34. Macrophages accumulate oxidized and modified LDL in their 
cytoplasm, which lead to the formation of foam cells (Figure 1.7). 
The absence of scavenger receptors inhibits the formation of foam cells and decreases 
the size of atherosclerotic lesions.77, 78 These findings demonstrate the importance of 
scavenger receptors in the formation of foam cells. In addition, the number of monocytes and 
macrophages expressing CX3CR1 is increased in atherosclerotic lesions because CX3CR1 
signaling increases their lifespan.79, 80 This leads to the accumulation of foam cells in the 
lesion and makes atherosclerotic lesions more severe. 
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1. 2. 3. 3. 3.1  What Do We Need to Analyze Foam Cells? 
Macrophages form foam cells by accumulating modified or oxidized LDL into their 
cytoplasm. Foam cells are seen in the fatty streak in human as early as in the fetus, and they 
participate in the development of atherosclerotic lesions (Figure 1.4).24 It is believed that the 
formation or the activation of foam cells can contribute to lesion formation by controlling the 
microenvironment. Previous studies have shown that DCs81 and smooth muscle cells 
(SMCs)82, as well as monocytes and macrophages, are involved in foam cell formation. The 
formation of persistent foam cells leads to a plaque rupture that creates a large central necrotic 
area, which causes acute infarction or stroke.83, 84 
Therefore, it is necessary to define the core cellular components of the lesions to better 
understand atherosclerosis. Classical staining methods85, including Oil Red O and 
immunofluorescence, have been widely used to analyze atherosclerotic lesions but they have 
several disadvantages. The training for measuring lesions involves a number of labor-intensive 
procedures, and volumetric analysis of lesions is not possible as yet. Finally, the analysis of 
cellular components requires multiple cell marker assays, a task not possible by immuno-
histochemistry. For example, cell markers, such as CD11c, are shared with other cells. Multi-
parametric flow cytometry analysis overcome disadvantages of classical experimental 
methods by using various cell markers. However it has not yet been established because of the 
high autofluorescence of vascular tissue containing lipids. 
 
1. 2. 3. 3. 4  Activation of Vascular Smooth Muscle Cells 
Vascular smooth muscle cells of the intima layer86 are the major producers of 
extracellular matrix (ECM), such as laminin, elastin, fibronectin, proteoglycans, and collagen, 
on the vessel wall.87 One of the most important features of the progression of atherosclerotic 
lesions is the activation of vascular smooth muscle cells. These cells are activated by growth 
factors and pro-inflammatory cytokines secreted by activated immune cells, including 
monocytes, macrophages, dendritic cells, T cells and foam cells (Figure 1.8).  
In normal conditions, vascular smooth muscle cells are generally contracted and they 
are differentiated thorough the interaction with ECM.27, 88 In inflammation, the activated 
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vascular smooth muscle cells begin to proliferate by dedifferentiation, and produce different 
type of extracellular matrix components, such as fibronectin, osteopontin, proteoglycans and 
type I and III collagens, other than normal conditions.27, 89 They also express specific adhesion 
molecules that can interact with different types of extracellular matrix compoents90, 91 and 
secrete pro-inflammatory cytokines, such as PDGF (platelet derived growth factor) and IFN-
γ.92 In addition, CD44 is known to be one of the most important receptors for the migration of 
vascular smooth muscle cells into the endothelium, which is promoted by the pro-





Figure 1.8. Interactions between immune cells in atherosclerotic lesions. Monocytes 
migrate into the lesion following cholesterol deposition on the vessel wall and differentiate 
into macrophages, which initiate the expression of MHC II molecules. Antigen-activated T 
cells, for example those specific for LDL presented through MHC II molecules by 
macrophages and DCs, are differentiated into T cell subtypes, such as Th1, that secrete their 
specific cytokines. The inflammatory condition that results from theses interactions activates 
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vascular smooth muscle cells that can migrate to the endothelium by changing their phenotype. 
The activation of vascular smooth muscle cells makes the local inflammatory reaction more 
severe. In contrast, Regulatory T (Treg) cells suppress local inflammatory responses by 
regulating the interactions between immune cells in the lesion. Reproduced with permission 
from The New England Journal of Medicine, Copyright Massachusetts Medical Society. 
(Hansson, G. K.)30 
 
These series of changes make it possible to accumulate more modified and oxidized 
LDL at the site of inflammation and allow vascular smooth muscle cells to migrate to the 
endothelium.95 Surprisingly, these vascular smooth muscle cells can form foam cells by 
accumulating modified LDL in their cytoplasm using their scavenger receptors96 and continue 
to synthesize extracellular matrix to form a fibrous cap around the lesion. 
 
1. 2. 4.  Initiation of Adaptive Immune Responses by Activated APCs. 
In general, naïve T cells differentiate into subsets of T helper cells in response to 
signals provided by antigen presenting cells (APCs). The Cytokines that are required for Th1 
differentiation are IL-2, IL-18 and IFN-γ. To induce the Th1 polarization, these cytokines 
activate the expression of T-bet, a major transcription factor that controls the expression of 
Th1 cytokines, such as IFN-γ and TNF.97, 98 IFN-γ as a potent cytokine activates macrophages 
to increase microbial destruction and induces MHC II expression and IL-12 production.99 This 
cytokine also enhances phagocytosis and complement fixation reaction by inducing IgG class 
switching in B cells.100, 101, 102 Finally, it allows CD8+ T cells to differentiate into complete 
cytotoxic T lymphocytes.103 Through these complex processes, Th1 cells are responsible for 
the defense mechanisms for parasitic microorganisms, such as viral infections. In contrast, the 
differentiation of Th2 cells is facilitated by the polarized cytokine IL-4 that increases the 
expression of a transcription factor GATA3. This transcription factor promotes the production 
of Th2 immune response specific cytokines, such as IL-4, IL-5 and IL-13.104 
Under atherosclerosis, resting T cells will get activated by APCs, such as macrophages 
and DCs. Adaptive immunity initiated by the activation of T cells plays an important role in 
the formation of atherosclerotic lesions.105 Among T cell subsets, CD4+ T cells are 
predominant in atherosclerosis.106, 107 CD4+ T cells are activated following the binding of TCR 
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(T cell receptor) to MHCII molecules bearing modified LDLs on activated macrophages and 
DCs.108 Activated T cells can function to promote or inhibit atherosclerosis (Figure 1.8). 
IL-12 and IL-18, secreted by activated APCs, induce the differentiation of IFN-γ-
producing Th1 CD4+ T cells.109 IFN-γ inhibits not only formation of the extracellular matrix, 
but also the expression of scavenger receptors by macrophages.110 However, another role of 
this cytokine is to induce the differentiation of monocytes into M1 macrophages expressing 
inflammatory cytokines, such as IL-1, IL-6, and TNF-α and to promote the expression of 
MHC II molecules on the surface of M1 macrophages. Ultimately, the signaling induced by 
IFN-γ has been shown to promote atherosclerosis.111, 112 
Th2 CD4+ T cells are induced by IL-4 secreted from vascular endothelial cells or by B 
cells, which secrete also IL-5 and IL-13.113 IL-4 inhibits the expression of IFN-γ in 
macrophages and the differentiation into M1, interfereing with the differentiation of CD4+ T 
cells into Th1 cells. However, it increases the expression of adhesion molecules and 
chemokines on the surface of vascular endothelial cells. Other cytokines secreted by Th2 cells, 
such as IL-5 and IL-13, act as anti-atherogenic by reducing modified LDL, inhibiting 
monocyte accumulation, and promoting TGF-β production from macrophages.109 Although 
type 2 cytokines have been reported to be anti-atherogenic107, many studies using mouse 
models seem to indicate a role in inducing inflammatory responses.114, 115 
By promoting the expression of Foxp3 (a transcription factor, forkhead box P3), TGF-
β plays a critical role in inhibiting the differentiation and proliferation of T cells into Th1 and 
Th2 cells and inducing their differentiation into Treg cells.116 The cytokine IL-10 produced by 
cells differentiated into Tregs modulates the differentiation of Th1 and Th2 cells and reduces 
the activation of macrophages. This cytokine strongly inhibits the formation of atherosclerotic 
lesions.117 Interestingly, the absence of IL-10 increases the cholesterol deposition in the blood 




1. 2. 5  Plaque Rupture and Thrombosis 
The narrowing of the inner diameter of the blood vessel during progression of 
atherosclerosis causes the ischemic symptom. However, most acute infarctions, such as acute 
myocardial infarction or stroke, are caused by atherosclerotic plaque rupture and thrombosis. 
Plaque rupture occurs more often when the fibrous cap formed by vascular smooth muscle 
cells is thin, the number of foam cells in the lesion is high, or the central necrosis area is 
large.83, 84 
The plaque size may be reduced slightly by natural cell death in lesions. However, 
matrix metalloproteinases (MMP) secreted by macrophages degrade the extracellular matrix 
produced by vascular smooth muscle cells, reducing plaque stability.119 MMPs , including cell 
surface proteins and ECMs, are very diverse.120 Their functions are related to the degradation 
of ECM. They also induce migration and proliferation of vascular smooth muscle cells121 and 
the infiltration of immune cells to promote inflammatory responses.122 
Due to plaque rupture, lipids and various tissue factors in the lesion become exposed to 
the circulation, which lead to blood clotting and platelet adhesion activation. This results in 
complications, such as acute coronary syndrome or myocardial infarction.123 
 
1. 2. 6  Myocardial Infarction 
The cardiac muscle is particularly powerful and allows blood to circulate throughout 
whole body. It is dependent on oxygen- and nutrient-rich blood, which is supplied through the 
coronary arteries on the surface of the heart. When the blood flow become blocked, cardiac 
muscle can be damaged and dangerous diseases, such as angina and myocardial infarction 
(MI) that are life-threatening, can occur. The main cause of these is arteriosclerosis of the 
coronary arteries, and due to plaque rupture, platelet activation and thrombogenesis occurs. 
This combination of events eventually leads to thrombotic occlusion and the death of cardiac 
muscle cells that are not receiving blood, which can contribute to cardiac dysfunction due to 
cardiac remodeling.124 
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Cardiomyocyte death induces the activation of peripheral inflammatory cells and 
endothelial cells, initiating the initial local inflammatory response. DAMP (damage-associated 
molecular patterns) signaling triggered by dead myocardial cells not only activates endothelial 
cells and neutrophils, but also acts as a chemoattractant to recruit neutrophils at the injured 
sites.125  
Neutrophils can be also activated by TNF-α and histamine secreted from mast cells.126 
At the damaged site, neutrophils remove cell debris and begin to secrete IL-6, which attracts 
macrophages and more neutrophils.127, 128 Subsequent inflammatory responses are mediated by 
B cells that produce CCL7 in the inflammed area. Monocytes promote their mobilization or 
expansion to the wound site by a CCL7-dependent manner.129 Ly6Clow monocytes, one of two 
subgroups of monocytes, move along damaged vascular wall to remove damaged cells130, 131, 
while Ly6high monocytes enter damaged tissues and differentiate into macrophages that 
amplify the inflammatory response through the secretion of pro-inflammatory cytokines. 
IL-23 has been reported to modulate the number of neutrophils under inflammation 
condition, including myocardial infarction.132 It is expressed not only in macrophages but also 
in DCs.133 Surprisingly, It has been also reported that DCs present in the endothelium under 
hyperlipemia accumulate lipids from blood, leading to the formation of foam cells.81 These 
obsevastions strongly suggest that DCs play important roles during early inflammatory 
responses in cardiovascular disease, including myocardial infarction and atherosclerosis. 
These cells will be further described in the next sections. 
 
1. 3  Dendritic Cells 
In the 1970s, the term “dendritic cell” was used for the first time by Ralph M 
Steinman.134, 135 They have morphologically distinctive dendrites and differ in function from 
macrophages.134, 135 These cells are professional antigen presenting cells (APCs) and express 
all the necessary molecules for antigen processing and presentation to T cells.136 As such, they 
play a crucial role in linking innate and adaptive immunity. 
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DCs come in different flavors. Four types of these cells exist; Langerhans cells, 
conventional DCs (cDCs), monocyte-derived DCs (Mo-DCs) and pDCs. Within these cells, 
cDCs are the most diversified. This diversification is dictated by the lymphoid and non-
lymphoid in which these cDCs are found. However, based on their functions, these cells are 
classified in to two subsets. cDC1s (CD103+CD11b− DCs) are professionalized in the priming 
of CD8+ T cells, whereas cDC2 (CD103−CD11b+ DCs) are predominantly specialized in the 
activation of DC4+ T cells. Lymphoid tissues contain a population of resident cDC that 
permanently lives in these tissues together with a migratory DC subset originating from non-
lymphoid tissues. Migratory DCs are circulating between lymphoid and non-lymphoid tissues 
and constantly acquire circulating antigens. Once the antigen is recognized, they determine 
whether the immune system will induce an inflammatory response or tolerance. If necessary, 
they migrate to lymphoid tissues, deliver antigen to T cells, and play a key role in the 
activation and differentiation of T cells. 
B cells and macrophages are also APC cells.137 However, B cells focus on antibody 
secretion rather than T cell activation, and their capacity for antigen storage and antigen 
presentation to MHC I is very weak.138, 139 Macrophages can increase their expression of MHC 
I, MHC II and co-stimulatory molecules through various types of antigen uptake, but their 
expression levels are relatively low compared to B cells or dendritic cells.140, 141 Therefore, the 
phagocytosis by macrophages is more focused on protein degradation rather than antigen 
presentation.142, 143 
 
1. 3. 1  Origin of Dendritic Cells 
T cells and B cells originate from the common lymphoid progenitors (CLP), whereas 
the origin of dendritic cells begins with the common myeloid progenitors (CMP). CMP is 
capable of differentiating into dendritic cells, macrophages, monocytes, and red blood cells, 
and is characterized by a high expression of c-kit. CMP differentiates into the macrophage-
dendritic cell progenitors (MDP) in the bone marrow (BM)144 and begins to express a high 
level of fms like tyrosine kinase 3 (Flt3/CD135).145 DC lineage precursors all express Flt3 that 
bind to its ligand (Flt3L) and control the development of cDCs.146 Various tissues and 
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endothelial cells secrete Flt3L147, which is also important for maintaining DC homeostasis in 
peripheral tissues.145 In BM, MDP futher differentiates into the common dendritic cell 
progenitors (CDP). These cells produce pre-classical dendritic cells (Pre-cDCs) and 
plasmacytoid dendritic cells (pDCs). Pre-cDCs are precursors of DCs in lymphoid tissue and 
non-lymphoid tissue (Figure 1.9). 
 
1. 3. 2  Subpopulations of Dendritic Cells   
Pre-cDCs leave the bone marrow and differentiate into DC sub-populations in 
lymphoid and non-lymphoid tissues.148, 149 The differentiated DC sub-populations have a 
relatively short half-life. Therefore, in order for their proper number to be maintained in the 
tissues, they need to be constantly replaced by blood-derived precursors.150, 151 Pre-cDCs 
express MHC II and a high level of CD11c, but are deficient in other cellular markers, such as 
T cells (CD3), monocytes (CD14), B cells (CD19) and NK cells (CD56). At this time, Zbtb46 
(zinc finger transcription factor Zbtb46) begins to be expressed. Except for Pre-cDCs and DC 
sub-populations, it is not expressed in other immune cells, such as macrophages, monocytes 
and pDCs (Figure 1.9).152, 153 Although it is not important for the early growth of DCs, 
Zbtb46-deficiency alters DC sub-populations in spleen. The use of Zbtb46-DTR transgenic 
mice also allows the selective depletion of DCs by the administration of the diphtheria toxin 
(DT).154 
 
1. 3. 2. 1  Non-lymphoid Tissue Dendritic Cells 
Two DC sub-populations in non-lymphoid tissue can be clearly distinguished by the 
expression of CD103. Csf-2 (GM-CSF), which controls cell development and function in 
myeloid lineage, regulates the expression of CD103 on DCs.155, 156 CD103+ DCs are closely 
related to the origin and function of CD8+ DCs in lymphoid tissues and have similar cell 
surface phenotypes.157, 158 They strongly express XCR1, Langerin (CD207), CD205 (DEC 
205), and Clec9A, whereas the expression of macrophage markers, such as CD11b, CX3CR1, 
F4/80, CD115 (M-CSF) and CD172α (Signal regulatory protein alpha, SIRPα) can not be 
detected. In particular, these cells express a very high level of Flt3 and it has been shown that 
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in mice lacking Flt3, the number of CD103+ and CD8+ DCs were decreased in lymphoid 
tissue.145 In addition, the deficiency of ID-2 (inhibitor of DNA binding protein 2)159, IRF8 
(interferon regulatory factor 8)160 and Batf3 (basic leucine zipper ATF-like transcription factor 





Figure 1.9. The development of cDCs and pDCs. DC lineage precursors are all highly 
dependent on Flt3/CD135. Transcription factors IRF8 and Batf3 are very important for their 
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growth and differentiation. Unlike these cells, the development of CD11b+ DCs is regulated by 
IRF2 and IRF4. The differentiation fate of CDPs to cDCs or pDCs is determined by the 
expression pattern of transcription factor E2-2 or ID-2. All subsets can be maintained in 
lymphoid and non-lymphoid tissues by the constant entry of their precursors from the blood. 
 
CD11b+ DCs can be divided into two subsets according to their Pre-cDCs and 
monocytes origin. For example, the sub-populations of CD11b+ DCs in lamina propria are 
classified by the CD103 expression. CD103+ CD11b+ DCs are derived from Pre-cDCs, 
whereas CD103− CD11b+ DCs are originated from monocytes.149, 162 However, it is not easy to 
classify the sub-populations in CD11b+ DCs because the function and environment are 
different between non-lymphoid tissues. CD11b+ DCs strongly express the macrophage-
associated markers, such as CD11b, CX3CR1, F4/80, CD115, and CD172α.163 Even though 
similar to CD103+ DCs, they show a slight increase with Flt3 signaling or the decrease in the 
absence of Flt3, the sensitivity of Flt3 signaling is poor compared to CD103+ DCs (Table 1.1 
and 1.2).145, 164 
 




Interestingly, human CD103+ DCs and CD11b+ DCs similar to mouse DCs have also 
been found in non-lymphoid tissues. A sub-population expressing BDCA3 (CD141) is 
dependent on Flt3 signaling and shows high expression of Clec9A165, XCR1166 and 
transcription factors Clec9A and XCR1167. These characteristics are very similar to CD103+ 
DCs and CD8+ DCs in mice168, 169. Another sub-population expressing BDCA1 (CD1c) 
depends on IRF4 and shows similar features related as CD11b+ DCs and CD8− DCs in mice 
(Figure 1.9, Table 1.1 and Table 1.2).163 
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1. 3. 2. 1. 1  Dendritic Cells in the Skin 
Skin DCs were be found both in the epidermis and the dermis. Langerhans cells 
constitute the epidermal layer and are characterized by a low level of MHC II and high level 
of Langerin (CD207). The development of these cells is dependent on M-CSF170 since they are 
derived from fetal monocytes171, not pre-cDCs. In homeostatic conditions, these cells are not 
replaced by precursors circulating the blood because they are maintained by self-renewal in 
situ after their differentiation in the early stages.172 Conversely, inflammatory conditions allow 
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monocytes to migrate to the epidermis and to differentiate into Langerhans cells (Table 1.1 
and 1.2).170 
DC sub-populations in the dermis include CD103+ DCs and CD103− DCs that are 
heterogeneous in their origin. These subsets share the characteristics described above for the 
sub-populations in non-lymphoid tissues. 
 
1. 3. 2. 2  Lymphoid Tissue Dendritic Cells 
Spleen, lymph node and mucosa-associated lymphoid tissue2 comprise two resident 
DC subpopulations. These subsets include CD8+ DCs and CD8− DCs.173 The CD8+ DCs 
express cell markers similar to those CD103+ DC described above in non-lymphoid tissue, and 
they do not express macrophage-specific markers. In contrast, the development of CD8− DCs 
depends on different transcription factors than those needed for CD8+ DCs. These 
transcription factors include IRF2174, IRF4175 and RBP-J-mediated notch pathways176. The 
absence of these factors leads to a dramatic decrease of CD8− DCs. Interestingly, IRF2 may 
affect the growth of DCs through the down-regulation of IFNα/β. Notch2 signaling also 
regulates the development of CD8−CD11b+ DCs characterized by high expression of 
endothelial cell-specific adhesion molecule (ESAM) in spleen and CD103+CD11b+ DCs in 
lamina propria of small intestine.177 CD8− DCs are also considered to be very heterogeneous in 
their origin. Changes in the expression of endothelial cell-specific adhesion molecule in this 
population have helped understanding their different origins. The ESAMhigh sub-population 
highly expresses Flt3, while ESAMlow cells more strongly express CCR2. These observations 
suggest that the ESAMlow cells may originate from monocytes (Table 1.1 and 1.2).177 
 
1. 3. 2. 2. 1  Migratory Dendritic Cells 
Lymphoid tissues include resident DCs as well as DCs that migrate with captured 
tissue antigens to peripheral draining LN.178 These cells are called migratory DCs. At steady 
state, similar to non-lymphoid tissue DCs, they exhibit higher level of MHC II and lower level 
of CD11c than resident DCs. During inflammation, DCs in tissues undergo maturation through 
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the up-regulation of MHC II and CD80/86 co-stimulatory molecules and chemokine CCR7 
and migrate to T cell zones of draining LN in a CCR7-dependent manner.179  
 
1. 3. 3  Monocyte-Derived Dendritic Cells 
DCs expressing CD11b in lymphoid and non-lymphoid tissues are derived from 
monocytes or Pre-DCs in the blood. Monocyte-derived DCs (Mo-DCs, known as 
inflammatory DCs) increase in numbers during inflammatory response and promote 
inflammatory response. However, amounts of Mo-DCs induced by commensals are detectable 
in skin and peritoneum under normal condition.180, 181 Mo-DCs were first found in skin 
draining LN but not in mesenteric lymph node or spleen.182 The treatment of LPS increased 
the number of these cells and this increase requires the chemokine receptors CCR2 and CCR7. 
This finding indicates that these Mo-DCs rise in skin and migrate to skin draining LN. 
Consistent with this, another study from Samira groupe showed that Mo-DCs are present 
within the CD11b+ cells in the dermis and can migrate to skin-draining lymph nodes at steady 
state.183 However, monocytes can also be present in skin, lung and lymph nodes without 
differentiating to Mo-DCs or macrophages.184 
Monocytes circulating in the blood vessels consist of classical Ly6Chigh and non-
classical Ly6Clow monocytes, but the direct precursor of Mo-DCs is thought to be Ly6Chigh 
monocytes (Figure 1.7).185, 186 The migration of monocytes from bone marrow to 
inflammatory sites is CCR2-dependent and the lack of CCR2 leads to a dramatic reduction of 
Mo-DCs.187 Their Ly6C expression is decreased after migration to inflammatory site, and cells 
that differentiated into Mo-DCs begin to express macrophage markers, including CD209/DC-
SIGN.182 Surprisingly, they also express Zbtb46 and, accordingly, their numbers decline in the 
absence of Zbtb46.153 Because these remarkable features of inflammatory DCs are very 
similar to those of lymphoid tissue CD8−CD11b+ DCs and non-lymphoid tissue 
CD103−CD11b+ DCs derived from Pre-cDCs, it is difficult to distinguish CD11b+ DCs 
according to their origins (Table 1.1 and 1.2). 
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1. 3. 4  Plasmacytoid Dendritic Cells 
Plasmacytoid DCs and cDCs differentiate from CDP.188, 189 The expression of 
transcription factor E2-2 in CDP induces the differentiation into pDC by the up-regulation 
directly of genes involved to pDC differentiation and the down-regulation of ID-2, which is 
needed for cDC differentiation.190, 191 It suggests that the differentiation fate of CDPs can be 
regulated by the pattern of E2-2 or ID-2 exrpession (Figure 1.9). pDCs, just as cDCs, are 
dependent on Flt3/Flt3L and, also, transcription factor IRF8 is essential for their development 
(Figure 1.9).192 
pDCs are characterized by the expression of Clec9A, Ly6C, PDCA-1, and CD135. 
They lack DC (Zbtb46, CD103, CD11c) and macrophage markers (CD11b and CX3CR1).193 
They can be activated through TLR7194 and TLR9195, which are sensitive to viral single-strand 
RNA (ssRNA) and single-stranded DNA (ssDNA) viruses, and secrete large amounts of type 1 
IFN.196 Recently, it was demonstrated that pDCs, similar to pDCs in mice, are found in human 
blood and aorta. These cells express the high level of HLA-DR, BDCA2 (CD303), BDCA4 
(CD304) and CD123 and secrete high IFN-α when treated with CpG oligodeoxynucleotide 
(Table 1.2).193 
 
1. 3. 5  Signaling of Dendritic Cells 
Dendritic cells monitor the periphery and are specialized in antigen uptake. Dendritic 
cells recognize microbial “pathogen-associated molecular patterns” (PAMPs) through their 
“pattern recognition receptors” (PRRs), which lead to the activation of dendritic cells. 
Activated DCs increase the expression of an array of molecules, such as MHC I, MHC II and 
CD80/86, which are recognized by T cells. In order to activate those T cells, DCs transport the 
antigens to the secondary lymphoid organs through the lymphatic vessels in a CCR7-
dependent manner.  
Differentiation and proliferation of Naïve T cells proceed through three signals 
delivered by DCs. Dendritic cells present engulfed and processed antigens to CD4+ T cells via 
MHC II, while internally generated peptides are presented to CD8+ T cells through MHC I. 
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These are the first signaling. The secondary signal consists of the binding between CD80/86 
on DCs and CD28 on T cells. This interaction provides the co-stimulatory signal and the 
increased affinity between the adhesion molecules (ICAM-1/LFA-1, LFA-3/CD2) further 
strengthens the connection between T cells and APCs. If this second reaction does not occur, it 
is said to be an anergy state. Finally, cytokines secreted by APCs induce the proliferation and 
differentiation of T cells (Figure 1.10).197 
 
1. 3. 5. 1  Differentiation of Th1 and Th2 Lymphocytes 
In 1986, Time mosmann and Robert Coffman reported for the first time that CD4+ T 
cells are divided into 2 groups in their phenotypes and functions.198 The fate of activated T 
cells is determined by cytokines in addition to the TCR and costimulatory molecules essential 
for the activation of T cells. These cytokines, called signal 3, are produced by antigen-
stimulated APCs. What cytokines are produced depends on the cells (dendritic cells, 
macrophages, B cells and NK cells), the maturation and activity of these cells, the type of 
pathogens, and tissues infected with pathogens. Thus, innate immune response plays a very 
important role in determining the pattern of adaptive immune response. 
Dendritic cells produce IL-12 and IL-18 when their PRRs, such as TLR3 or TLR4, 
recognize PAMPs, such as gram-negative bacteria or viruses.104, 199 IFN-γ produced by NK 
cells and activated T cells also promotes IL-12 production.200 These cytokines induce 
transcription factor T-bet by stimulating naïve T cells via STAT1 signaling and the signaling 
by STAT3 and STAT4 increase the production of Th1-forming cytokines.201 T-bet induces the 
differentiation into Th1 cells producing TNF and IFN-γ.202 This cytokine increases the 




Figure 1.10. Surface interactions leading to activation of T lymphocytes. Schematic 
diagram showing CD4+ T cells (A) and CD8+ T cells (B) interacting with dendritic cells to 
form an immunological synapse. In particular, TCR/MHC-peptide and co-stimulatory 
molecules constitute the central supra-molecular activation complex (cSMAC) at the center of 
the synapse, and the periphery forms the peripheral supra-molecular activation complex 
(pSMAC). The binding between TCR/MHC-peptides is of low affinity, but the binding of 
other molecules increases total avidity. 
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The parasitic microorganisms differentiate naïve T cells into Th2 cells. Th2 
polarization is caused by the cytokines IL-4, IL-6 and IL-10. IL-4 induces the production of 
STAT6 in naïve T cells and activates the expression of GATA-3.204, 205 Also, GATA-3 
increases the secretion of the Th2 immune response-specific cytokines IL-4, IL-5 and IL-13.104, 
206, 207 GATA-3 is expressed through the pathway of Th2 differentiation but is not detected in 
Th1 cells. Probably, it is dependent on the activity of IL-4/STAT6.205, 208, 209 Interestingly, 
retroviral transduction of GATA-3 in Th1 cells led to a decrease in IL-12 and Th1 
development.205 These results suggest that GATA-3 plays a key role in determining the 
differentiation fates between Th1 and Th2. However, DCs do not secret IL-4. Mast cells, 
basophils and NKT cells produce IL-4 when they recognize the antigens.210, 211 This cytokine 
plays a major role for the activation of B cell and eosinophil as well as the development of 
Th2 cells203 and mediates IgE class switching in B cells.212  
The major transcription factors expressed by Th1 and Th2 lymphocytes, T-bet and 
GATA-3, not only play a role in the immune response of T lymphocyte subsets, but also 
indirectly affect other T lymphocytes. First, they lead to the production of cytokines that 
induce the proliferation of bystander. Second, they suppress the differentiation and activation 
of their opposed subset. For example, an increase in T-bet inhibits the expression of GATA-3 
and type 2 cytokines, such as IL-4 and IL-5, whereas the expression of GATA-3 leads to a 
decrease of T-bet and IFN-γ expression.205 Therefore, the relative dominance between T-bet 
and GATA3 is a major key to determining the fate of Th1 vs Th2 cells.  
 
1. 3. 5. 2  Differentiation of Th17 and Treg Lymphocytes 
Tregs induce peripheral immune tolerance and inhibit autoimmune T lymphocyte 
activation by suppressing T lymphocyte responses. Naïve T cells differentiate into Tregs by 
increasing the expression of transcription factor Foxp3 by TGF-β.213  
However, TGF-β in the presence of IL-6 secreted by DCs following fungi recognition 
induces naïve T cells to differentiation into Th17.214 The STAT3 signaling-induced up-
regulation of RORγt leads to an increase of IL-17.215 This cytokine induces tissue 
inflammation with the recruitment of neutrophils to the infection site, and the expression of 
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IL-22 that promotes microbial elimination.216 At the same time, the activation of IL-6 inhibits 
the production of Foxp3, which leads to the predominance of RORγt. Interestingly, individuals 
with acute inflammation show up-regulation of IL-6. 
 
1. 3. 5. 3  Differentiation of Cytotoxic T Lymphocytes 
Cytotoxic T lymphocytes (CTLs) originating from naïve CD8+ T cells (known as 
cytotoxic T lymphocyte-progenitor, CTL-P) mainly recognize MHC I molecules. These cells 
have an important role in removing cells infected by intracellular pathogens, such as viruses or 
bacteria and cancer cells. Most nucleated cells express MHC I and can potentially be a target 
for CTLs. Uncontrolled destruction by CTLs is potentially very harmful to the host. Therefore, 
strict requirements are essential for their activity. To differentiate into CTLs, CTL-P require 
the help of both helper T cells (Th) and recognition of antigens presented by MHC I on 
activated DCs.217 
 
1. 3. 5. 3. 1  Cross Presentation 
Basically, MHC I-peptides come from endogenous of self- or non-self origin, such as 
viruses. MHC II peptides are derived from antigens supplied from outside the cells. However, 
if cells infected by viruses are not specialized antigen-presenting cells, they do not express the 
co-stimulatory molecules required for the activation of CD8+ T cells. Also, if specialized 
antigen-presenting cells are not infected or infection does not occur in APCs, how does the 
immune system activate naïve CD8+ T cells to remove intracellular microbes? and how do 
APCs present a virus-like pathogens surrounded by extracellular pathways that activate CD8+ 
T cells to CTLs? The answer to this dilemma can be found in a process called cross-
presentation. In some cases, APCs present extracellular antigens though MHC I rather than 
MHC II to CD8+ T cells.218 The efficiency of cross-presentation is initially up-regulated 
during DC maturation.219 After a certain period of time (approximately 16~20 hours), this 
mechanism is down-regulated.220 It is well known that CD8+ DCs and CD103+ DCs have 
excellent cross-presentation ability.221  
 34 
1. 4  Role of DCs in Cardiovascular Disease 
Atherosclerosis is the result of complex inflammatory responses of several immune 
cells, including vascular endothelial cells. Other immune cells, including macrophages and T 
cells, have been extensively studied and these cells are actually known to promote 
atherosclerosis. However, little is known about the function and role of antigen presenting 
cells, such as dendritic cells. Dendritic cells, the most potent antigen-presenting cells, regulate 
the immune tolerance under normal condition but promote the immune response under 
inflammation. Therefore, it is very important to understand the exact role of DCs in immune-
related disease, such as atherosclerosis. 
 
1. 4. 1  Dendritic Cell Subsets in Atherosclerosis 
Recent studies have found DCs in healthy blood vessels222 and in early atherosclerotic 
lesions.223 The presence of these cells correlates with the accumulation of T cells.224 Many 
studies using flow cytometry have been helpful in identifying DCs that express MHC II and 
CD11c in mice.225 These DCs are distributed in specific blood vessel areas, including the 
aortic sinus, the lesser curvature of aortic arch and the arterial branch. Importantly, their 
numbers increase with the severity of atherosclerosis (Figure 1.11).226 
Initially, most DCs in the blood vessels were thought to originate from Mo-DCs, which 
also increase during atherosclerosis. These cells play a key role in promoting atherosclerosis 
and their numbers also show a tendency to increase with the size of the lesion.41 The 
deficiency of CX3CR1, which is highly expressed in Mo-DCs, dramatically reduces the size of 
atherosclerotic lesions.227 Interestingly, the absence of GM-CSF to regulate the proliferation of 





Figure 1.11. Visualization of location of aortic CD11c+ cells and atherosclerotic lesions. 
(A) The aorta from C57BL/6 mice was isolated, fixed, stained with a CD11c antibody coupled 
to Alexa 488. DCs were found in aortic sinus and ascending aorta, including the aortic arch. 
Right image taken on a LSM 710 confocal microscope (Zeiss). (B) This picture shows the 
distribution of the atherosclerotic lesions within aorta of ApoE−/− mice fed HFD for 10 weeks.  
 
Recently, the presence of CD103+ DCs, which have a strong dependence on Flt3/Flt3L 
signaling, has also been shown in blood vessels. The deficiency of Flt3 or Flt3L leads to a 
decrease of CD103+ DCs and results in more severe lesions, with a decrease of Treg.229 In 
addition, the co-stimulatory molecules CD80/86 on DCs are very important for Tregs 
generation and homeostasis. The deficiency of CD80/86 in Ldlr−/− mice results in defects in 
the generation and the homeostasis of Tregs. As a consequence, atherosclerosis was further 
promoted.230 Therefore, CD103+ DCs seem to play an important role in maintaining the 
homeostasis of blood vessels and protecting against atherosclerosis by controlling Tregs.229 
Tregs inhibit the maturation of APCs by secreting anti-inflammatory cytokines, such as IL-10 
and TGF-β. They also block the activation and the differentiation of T cells by expressing a 
significant amount of high affinity IL-2Rα.231 
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1. 4. 2  Foxp3+ Tregs Are Regulated by IDO-1+ Aortic Plasmacotoid DCs 
Even though plasmacytoid DCs play an important role in the regulation of Treg 
differentiation, it has been suggested that they promote disease in atherosclerotic lesions.232, 233 
However, a recent study has found pDCs in normal mouse blood vessels. They are Flt3-
dependent and are distributed in specific blood vessel areas where atherosclerosis occurs. 
pDCs are also found in atherosclerotic lesions and express IFN-α and CCR9.234, 235 The 
extension of the atherosclerotic lesion leads to an increase in the number of these cells 
together with Treg. Interestingly, selective depletion of pDCs by the use of transgenic mice 
expressing diphtheria toxin receptor attenuates atherosclerosis and decreases Tregs.230, 236 
pDCs regulate the generation of Tregs by expressing indoleamine 2,3-dioxygenase 1 (IDO-1), 
which is important for the differentiation of Tregs. Surprisingly, Ldlr−/− IDO−/− mice showed 
aggravation of atherosclerosis with a decrease in Tregs. Indeed, it has been shown that there is 
an interaction between IDO+ BDCA2+ aortic pDCs and Foxp3+ Tregs in human atherosclerotic 
lesions.193 These results suggest that pDCs have a protective role in atherosclerosis. 
 
1. 4. 3  The Role of Dendritic Cells in Myocardial Infarction 
Angina and myocardial infarction are major life-threatening diseases. The majority of 
these diseases are caused by atherosclerosis. Although many studies have revealed the 
importance of DCs throughout the formation of atherosclerotic lesions223, 224, 226, 229, their 
characteristics and function in Myocardial infarction are not been understood.  
Recent studies in patients with myocardial infarction have shown that DCs are greatly 
increased in the lesions.237, 238 In particular, the mature DCs infiltrated into the infarcted region 
show increased expression of CD209239 and co-stimulatory molecule CD86240. These results 
suggest that DCs modulate immune responses in myocardial infarction. Therefore, a thorough 
characterization of the function of DCs in myocardial infarction is needed. 
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1. 5  Rationale 
Cardiovascular disease is the leading cause of death worldwide, and its incidence is 
rapidly increasing. Tremendous advances have been made in molecular and cellular research 
to understand the inflammatory responses taking place in various diseases. There is now clear 
evidence that macrophages and dendritic cells play an important role in cardiovascular 
diseases. Therefore, in order to develop appropriate immune-therapeutic agents and vaccines, 
we need to understand the role of dendritic cells, macrophages and their sub-populations in 
cardiovascular disease through the characterization of molecules and cell pathways. 
 
1. 5. 1  General Objective 
The purpose of this study is to help develop new therapeutic concept by characterizing 
the function of dendritic cells and macrophages in cardiovascular diseases. 
 
1. 5. 1. 1  Specific Objectives 
Objective of chapter 2: To examine the effect of selective depletion of cDCs or pDCs 
on cardiac functions after myocardial infarction. The developmental and functional features of 
cardiac cDCs and pDCs were analyzed using flow cytometry and confocal microscopy. We 
also used the echocardiography to study heart function after infarction in BDCA2-DTR and 
Zbtb46-DTR mice.  
Objective of chapter 3: To investigate the transcriptome of foamy and non-foamy 
macrophages isolated from atherosclerotic intima. We established for the first time a lipid 
probe (BODIPY493/503)-based flow cytometric method to investigate foamy macrophages in 
atherosclerosis. This method allows us to distinguish between foamy- and non-foamy 
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2. 1  Abstract 
Ischemic myocardial injury results in sterile cardiac inflammation that leads to tissue 
repair, two processes controlled by mononuclear phagocytes. Despite global burden of 
cardiovascular diseases, we do not understand the functional contribution to pathogenesis of 
specific cardiac mononuclear phagocyte lineages, in particular dendritic cells. To address this 
limitation, we used detailed lineage tracing and genetic studies to identify bona fide murine 
and human CD103+ conventional dendritic cell (cDC)1s, CD11b+ cDC2s, and plasmacytoid 
DCs (pDCs) in the heart of normal mice and immunocompromised NSG mice reconstituted 
with human CD34+ cells, respectively. After myocardial infarction (MI), the specific depletion 
of cDCs, but not pDCs, improved cardiac function and prevented adverse cardiac remodeling. 
Our results showed that fractional shortening measured after MI was not influenced by the 
absence of pDCs. Interestingly, however, depletion of cDCs significantly improved reduction 
in fractional shortening. Moreover, fibrosis and cell areas were reduced in infarcted zones. 
This correlated with reduced numbers of cardiac macrophages, neutrophils, and T cells, 
indicating a blunted inflammatory response. Accordingly, mRNA levels of proinflammatory 
cytokines IL-1β and IFN-γ were reduced. Collectively, our results demonstrate the 





2. 2  Introduction 
Myocardial infarction (MI) caused by a thrombotic occlusion of a coronary artery is 
the most frequent cause of cardiac dysfunction and heart failure.1 Ischemia results in oxygen 
and nutrient deprivation, leading to cardiomyocyte cell death in the nonperfused territory. This 
is accompanied by an intense sterile inflammatory response and a gradual collagen-driven scar 
formation that is required to replace the necrotic myocardium.2 Ultimately, altered 
hemodynamic forces within the myocardium lead to adverse remodeling changes in the 
remote, uninfarcted myocardial segments.3, 4, 5 Ischemic heart disease is the leading cause of 
death worldwide. Myocardial necrosis after MI triggers immuno-inflammatory reactions that 
are integral to the healing process but also contribute to left ventricular (LV) dysfunction.6, 7 
Such inflammation results from the activation of tissue-resident immune cells, which produce 
pro-inflammatory cytokines and chemokines capable of attracting leukocytes from the blood 
into the region of cardiac injury.8 Various animal and human studies have provided evidence 
that the expansion and/or recruitment of inflammatory leukocytes such as mononuclear 
phagocytes, dendritic cells (DCs), monocytes, and macrophages (MΦs) either enhance or 
suppress the ability of the myocardium to recover after cardiac injury.9 One key limitation has 
been the inability to distinguish the function of MΦs and DCs, which can express similar cell 
surface markers, such as MHC class II (MHC II), CD11c, and F4/80.10 In this context, it is 
critical to precisely define the origin, developmental features, and functions of DCs in the 
heart.  
DCs are professional APCs that bridge innate and adaptive immunity.11 In mice, their 
ontogeny has been the subject of many important discoveries in recent years.12 It is now 
established that common DC progenitors are heterogeneous and give rise to plasmacytoid DCs 
(pDCs) or precursor DCs, which all move from the bone marrow (BM) to the blood, the 
secondary lymphoid organs, and to nonhematopoietic tissues.13 These cells express MHC II 
molecules and can act as Ag-presenting cells to power proatherogenic T cell immunity.14 
However, through the production of IDO, pDCs also promote tolerance by modulating 
regulatory T cell (Treg)-suppressive functions during autoimmunity and atherosclerosis.15, 16 
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BM and blood precursor cDCs (pre-cDCs) are heterogeneous and already committed to 
the conventional DC (cDC)1 and cDC2 lineages.17 It is not clear, however, if pre-cDCs can be 
found in other tissues, such as the heart. In lymphoid organs, the resident cDC1s and cDC2s 
express CD8α and CD4, respectively. In nonlymphoid tissues such as the skin, cDC1s and 
cDC2s are rather characterized by the expression of CD103 and CD11b, respectively.18 In 
addition to these phenotypic differences, cDCs are functionally distinguishable. cDC1s are 
dependent on the transcription factors IRF8, ID2, and BatF3. These CD103+ cDCs are potent 
cross-presenting cells involved in Th1 polarization in response to pathogens. cDC2s, rather, 
rely on IRF4 and several additional transcriptional factors, such as RelB, RBP-J, and IRF2 for 
their development and promote activation of Th2 and Th17 cells.19, 20, 21, 22, 23 As a whole, it is 
well established that DCs, although poorly phagocytic, are highly efficient in the capture, 
processing, and presentation of Ags to T cells.24, 25 
In previous studies, the respective roles of cDCs and pDCs in a clinically relevant 
disease could not be established because of the lack of tools to separately track or deplete 
specific subsets. Although pDCs can be selectively depleted by diphtheria toxin (DT) in mice 
expressing the DT receptor (DTR) under the control of the human BDCA2 promoter, a similar 
approach to track cDCs has only been developed recently.26 Indeed, Zbtb46 is not shared by 
other hematopoietic cell types, and its expression marks the cDC lineage.27, 28 In this study, we 
sought to characterize DC subsets in healthy and infarcted myocardium of C57BL/6 mice and 
humanized mice (hu-mice). Critically, using depletion strategies based on BDCA2 and 






2. 3  Results 
 
2. 3. 1  Characterization of Cardiac Mouse DCs 
Although heart MΦs at the steady state have been extensively studied9, the nature of 
the resident DC populations remains to be fully characterized. To better define the cardiac DC 
subsets in C57BL/6 mice, single-cell suspensions from pooled healthy hearts were isolated 
and analyzed by flow cytometry (Figure. 2.1). First, granulocytes (Ly6G+ CD11b+), T 
(CD3+), B (CD19+), and NK (CD49b+) cells were gated out from the CD45+ leukocyte 
population, as these have been shown to be intravascular contaminants and not within cardiac 
tissue during steady state (Figure. 2.1A).9 MΦs were specifically identified as CD64+ 
CD11b+. To identify pDCs, we analyzed the Ly6G− CD64− CD3− CD19− CD49b− MHC IIlo 
CD11b− CD11clo subset and gated on PDCA1+ Ly6c+ cells, as described.13 Putative cDCs 
(CD11c+ MHC II+) were further characterized using a combination of CD103 and CD11b out 
of the same exclusionary gate set. We observed that the expression of these markers was 
mutually exclusive, defining three subpopulations: CD103+ CD11b− cDC1s, CD103− CD11b+ 
cDC2s, and double-negative (DN) cDCs. To further characterize the putative cDC1s and 
cDC2s, total cDCs were gated on CD11b+ or CD103+ cells and analyzed for the expression of 
lineage and subset-specific markers (Figure. 2.1B–E). Their cDC origin was confirmed, as 
both subsets were Zbtb46+ (Figure. 2.1B and 2.1C). In addition, cardiac cDC1s express 
Clec9a, Flt3/CD135, DEC205, CD24, and CD283, whereas cDC2s specifically expressed low 
levels of CD115/M-CSFR, F4/80, CX3CR1, and Ly6C (Figure. 2.1B–E). cDCs did not 
express NK cells, B cells, T cells, granulocytes, or pDCs markers (Supplemental figure. 2.1A 
and 2.1B). Interestingly, we observed dichotomous expression of XCR1 and CD172α in 
mature cDC (Figure. 2.1F).17 We also identified similar dichotomous expression in the DN 
cDC population, suggesting that these cells may represent a novel population of tissue pre-






Figure 2.1. Identification of mouse cardiac DCs under steady state. (A) Cardiac single-cell 
suspensions were pooled from 3–5 hearts of WT C57BL/6 and analyzed by flow cytometry. 
SSClow and FSClow dead cells and doublets were excluded (data not shown). CD45+ cells were 
further characterized, and the various subpopulations of cardiac leukocytes are visualized 
altogether on the dot blot (right panels) according to the expression of CD11c and MHC II. 
(B–E) Cardiac CD103+ DCs (red line) and CD11b+ DCs (blue line) were further characterized 
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phenotypically using a series of mAbs and their specific isotype controls (gray filled lines). 
All markers were surface stained except Clec9a, which was stained following permeabilization. 
Zbtb46 (Zbtb46+/+ [WT] and Zbtb46gfp/+) and CX3CR1 (CX3CR1+/+ [WT] and CX3CR1gfp/+) 
reporter mice were used for assessing the expression of these molecules. Cardiac MΦs were 
included as positive controls for the assessment of Ly6C, CD64, and MertK expression. (F) 
The expression of CD172α and XCR1 was analyzed in specific DC subsets. Absolute numbers 
are shown. (G–J) WT and Flt3/Flk2/CD135-deficient mice were injected i.p. with PBS (−) or 
with 2 µg of Flt3L (+) each day for nine consecutive days. Representative FACS plots from at 
least three experiments are shown. (G) Percentages of cardiac total DCs (top) and MΦs 
(bottom). (H) Absolute numbers of total cardiac DCs (top) and DC subsets (bottom). (I) 
Relative numbers of cardiac DC subsets in Flt3-treated mice normalized to the control PBS 
group. Graphs indicate the mean 6 SD; n = 10. (J) Percentages of cardiac total DCs from WT 
and Flt3 KO mice treated or not with Flt3L. 
 
2. 3. 2  Bona Fide cDCs in The Heart 
cDCs display a variety of distinctive developmental, functional, and phenotypic 
characteristics.12 We performed in vivo and ex vivo experiments to monitor some of these 
parameters in the mouse heart, including the impact of depleting Zbtb46-expressing cells on 
the DC compartment. First, to definitely confirm the DC origin of the populations identified 
above, we examined whether Flt3L could affect cardiac cDC numbers. Flt3L is a DC growth 
factor, promoting survival and differentiation of progenitors.29 Injection of Flt3 to mice was 
shown to dramatically increase the numbers of mature DC subpopulations.30 Mice treated with 
Flt3L showed an increase in total DCs (CD11c+ MHC II+) in the heart (Figure. 2.1G, top) as 
well as in the spleen (Supplemental figure. 2.1C). In contrast, the proportion of CD11b+ 
CD64+ MΦs, in which development is dependent on CD115 rather than CD135 12, 31, was 
decreased (Figure. 2.1G, bottom). Absolute numbers revealed that Flt3 increases 
predominantly the number of CD103+ and DN DCs subsets (Figure. 2.1H and 2.1I). Cardiac 
CD103+ DCs were particularly sensitive to the effect of Flt3L, showing a 5-fold increase 
(Figure. 2.1I). Interestingly, heart DN cDCs cells showed a dramatic expansion (∼30-fold) in 
response to 9 days of Flt3 treatment, both in the heart (CD103− CD11b−) and spleen (CD8α− 
CD11b−) (Figure. 2.1H and 2.1I, Supplemental figure. 2.1D). The effect of Flt3L was 
mediated through the FLT3 receptor (CD135), as the expansion of total cDC numbers was not 
observed in CD135-deficient (FLT3 KO) mice (Figure. 2.1J). 
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Next, to confirm the cDC nature of the cardiac cell subsets described above, we tested 
the impact of DT in lethally irradiated C57BL/6 mice reconstituted with Zbtb46-DTR BM. In 
these chimeric mice, DT selectively eliminated heart, spleen, and LN DCs (CD11c+ MHC II+) 
(Figure. 2.2A, Supplemental figure. 2.1E). All cardiac DC subsets were depleted, although 
some DN cells (CD103− CD11b−) remained after DT treatment (Figure. 2.2B). 
We also examined the levels of IRF4 and IRF8, as strong expression of these 
transcription factors delineates the two main cDC subsets.32 Although IRF4 was more strongly 
expressed in CD11b+ than in CD103+ cDCs, we found more IRF8 in CD103+ cDCs than in 
CD11b+ cDCs (Figure. 2.2C, bottom panels). The CD103− CD11b− DN population appeared 
to be mostly IRF4lo and bimodal for the expression of IRF8. Interestingly, when mice were 
given Flt3L, cDC1 numbers greatly increased, whereas cDC2s were only marginally affected 
(Figure. 2.2C, upper panels). However, the IRF8hi subset of DN DCs strongly responded to 
the growth factor, and their numbers greatly increased in the heart (Figure. 2.2C and 2.2D). 
Thus, when total DCs were analyzed for IRF8 and IRF4 expression, the large increase in the 
proportions of IRF8hi cells is mostly caused by the response of CD11b− CD103− DN cells 
(Figure. 2.2D). Based on IRF4 and IRF8 expression, all DC subsets were affected by DT in 
the Zbtb46-DTR mice (Figure. 2.2E). These results suggest that the heart harbors CD103− 
CD11b− pre-cDCs, which are mostly committed to the IRF8+ DC lineage. 
Although DCs share some phenotypic properties with MΦs, they constitute a 
morphologically distinct and functionally specialized cellular subpopulation. Key 
characteristics that help distinguish these cell types are their morphology and phagocytic 
capability.33 To further confirm the cDC nature of the CD103+ CD11b− and CD103− CD11b+ 
populations, we bathed cardiac cell suspensions in serum-containing RPMI medium with 1-
µm fluorescent beads. Then, cells were stained based on the phenotypic markers described 
above, sorted by flow cytometry, and analyzed by fluorescence microscopy. Figure. 2.2F 
demonstrates the distinct morphology of MΦs and their high phagocytic activity as compared 
with CD103+ DCs, CD11b+ DCs, and the small resting B cells. The specific accumulation of 
large numbers of phagocytosed fluorescent beads in MΦs can be readily confirmed by flow 
cytometry (Figure. 2.2G). 
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As activated cDCs are highly migratory, we investigated the behavior of cardiac cDCs 
in mice treated with poly I:C. DC maturation induced by an inflammatory stimulus in 
nonlymphoid tissues triggers the migration toward lymphoid organs.34 C57BL/6 mice received 
poly I:C i.v., and cardiac cDCs were analyzed by flow cytometry after 24, 48, and 72 h 
(Figure. 2.2H). Whereas neutrophils were increased in the heart by the inflammatory 
stimulus, total cDCs and all subsets rapidly decreased in numbers after poly I:C injection but 
gradually increased over time (Figure. 2.2I). Efficient systemic action of poly I:C was 
confirmed by CD86 upregulation on spleen DCs (Figure. 2.2J). 
Next, we asked whether human cDCs could be identified in the heart of hu-mice.15 
Human myeloid DCs are classified on the basis of their expression of BDCA3 or BDCA1, and 
these subsets are related to mouse cDC1s and cDC2s, respectively.10, 33 Irradiated mice 
reconstituted with human stem cells were injected i.p. with PBS or with 2 µg of Flt3L each 
day for nine consecutive days. Total DCs (HLA-DR+ CD11c+), including both BDCA1+ and 
BDCA3+ subsets, were detected in hu-mice heart (Supplemental figure. 2.1F), and this pool 
greatly expanded in response to Flt3L treatment (Supplemental figure. 2.1G). IRF8 was more 
expressed in BDCA3+ DCs and, conversely, IRF4 expression was higher in BDCA1+ DCs 
(Supplemental figure. 2.1H). Both IRF4- and IRF8-expressing cells responded to Flt3L 
(Supplemental figure. 2.1I). These results demonstrate the capacity of human DC subsets, 
functionally related to those found in mice, to colonize the heart. Altogether, our data provide 









Figure 2.2. Bona fide cDCs in the mouse heart. Lethally irradiated C57BL6/J mice were 
reconstituted with BM from WT or Zbtb46-DTR mice. (A) Representative FACS plots 
showing the selective elimination of cardiac total DCs (top) and DCs subsets (bottom) in mice 
injected twice with DT at a 24 h interval. (B) Percentage (mean ± SD; n = 6 mice) of total DCs 
and DC subsets. (C and D) WT mice were injected intraperitoneally with PBS (−) or with 2 
µg of Flt3L (+) each day for nine consecutive days. (C) The expression of IRF4 and IRF8 was 
analyzed in cardiac DC subsets of mice injected with with PBS (bottom) or with Flt3L (top). 
Representative FACS plots from at least three experiments. (D) Left: representative FACS 
plots of cardiac IRF4+ DCs, IRF8+ DCs and double negative cells. Right: Numbers of IRF4+ 
DCs, IRF8+ DCs and double negative cells normalized to the control PBS group. Graph 
indicates the mean ± SD; n = 10. (E) Representative FACS plots from at least three 
experiments showing the absolute numbers of cells expressing IRF4 and IRF8 in total CD11c+ 
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MHCII+ cardiac DCs from WT and Zbtb-DTR chimeric mice treated with DT. (F and G) 
Morphology and phagocytic activity of cardiac CD103+ DCs, CD11b+ DCs, MΦs, and small 
resting B cells. Cardiac cells from 10 WT heart were pooled, incubated in serum-containing 
RPMI medium with 1 µm fluorescent yellow green microspheres for 1 h and stained with 
markers as in Figure 2.1A. Cells were sorted by flow cytometry based on cell type-specific 
markers, counterstained with DAPI (blue) and cytospined to assess morphology by 
fluorescence microscopy (F) and phagocytic activity by flow cytometry (G). (H) WT mice 
were injected i.v. with 25 µg of poly I:C and heart cells were stained for granulocytes (top), 
total DCs (middle) and DC subsets (bottom). Absolute numbers of cells in each gate are 
shown. Data from three representative experiments were plotted in panel (I) to show the 
variations over time. (J) The biological activity of injected poly I:C was confirmed by CD86 
up-regulation on spleen DCs. 
 
2. 3. 3  Co-distribution of Macrophages and cDCs in The Heart 
We have refined the anatomical distribution of cardiac MΦs and cDCs by surgically 
separating the heart into segment 1 (Seg1) with atria, segment 2 (Seg2), and segment 3 (Seg3). 
Seg1 with atria was further separated into right atrium (RA), left atrium, and Seg1 
(Supplemental figure. 2.2A). Considering the small size of the atria (Supplemental figure. 
2.2B), absolute numbers of hematopoietic cells in the different parts of the normal heart were 
determined, normalized by weight, and expressed for each subset as the percentage of these 







Figure 2.3. Anatomical location of DCs under steady-state conditions in mouse heart. (A) 
Cells from various mouse heart sections (Supplemental figure 2.2A) were analyzed by flow 
cytometry and the absolute numbers of total DCs (left panels) and DC subsets (right panels) 
are shown. (B) Absolute numbers were normalized relative to the weight (Supplemental 
figure 2.2B) of the different sections and these numbers were used to compare the percentage 
(mean ± SD; n = 7 mice) of a given cell population between heart sections. (C and D) 
Representative immunofluorescence sections (top, tile scan confocal images) of heart atria (C) 
and right and left ventricle (D) from CD11c-YFP+/+ mice under steady state condition stained 
with anti-GFP antibody (green) and DAPI (blue). All experiments were performed on 12 µm 
frozen sections. (E) Valves were dissociated from Seg1 (Supplemental figure 2.2E) and cells 
were analyzed by flow cytometry. Absolute numbers for total DCs (upper panels) and DC 
subsets (bottom panels) are shown. (F) Percentages of total DCs and DC subsets in each 
section of the heart. Graphs indicate mean ± SD; n = 7. 
 
Our flow cytometry analysis shows that CD45+ leukocytes, including MΦs, cDC1s, 
and cDC2s more densely populate the atria and principally the RA (Figure. 2.3A and 2.3B, 
Supplemental figure. 2.2C and 2.2D). Immunofluorescence microscopy confirmed the 
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strong presence of CD11c+ cells in the RA of CD11c-YFP mice (Figure. 2.3C and 2.3D). We 
also examined whether DCs were present in the tricuspid and mitral valves included in Seg1. 
We surgically separated Seg1, including tricuspid and mitral valves, into Seg1 only or valves 
(Supplemental figure. 2.2E). Although CD45+ leukocytes were reduced ∼2-fold in valves 
compared with Seg1 only (Supplemental figure. 2.2F), MΦs as well as total DCs and the 
various subsets appear to be equally distributed between Seg1 and the valves (Figure. 2.3E 
and 2.3F, Supplemental figure. 2.2F). Notably, cardiac CD11c+ cells in CD11c-YFP mice 
displayed DC morphology in the valve (Supplemental figure. 2.2G). Altogether, these results 
demonstrate that cardiac cDC subsets and MΦs show a similar distribution and localize more 
densely in the RA. 
 
2. 3. 4  Increased Numbers of cDCs and Tregs in The Heart Following MI 
We and others have shown that DC numbers increase under inflammatory conditions 
such as aging and atherosclerosis.15, 35 Aging is a risk factor for all cardiovascular diseases, 
most likely related to the development of a panoply of conditions in the elderly, such as 
hypertension.36 As we have recently shown in Ldlr−/− mice that atherosclerosis induced by a 
western-type diet correlated with an increase in the number of DCs in the aorta15, we 
hypothesized that this inflammatory condition, as well as aging, could modulate cDC numbers 
in the heart. Interestingly, we found a positive correlation between age and the number of 
cardiac cDCs (CD103+ and CD11b+) (Supplemental figure. 2.3A). However, this was not the 
case for DN CD103− CD11b− DCs. Then, we investigated in Ldlr−/− mice the impact of a high 
fat diet on the number of heart DCs. After 10 wk, there was an increase in the number of 
CD11b+ DCs (Supplemental figure. 2.3B). Interestingly, CD103+ DC and DN CD103− 
CD11b− DC numbers remained unchanged in these conditions, suggesting a specific role for 







Figure 2.4. Cardiac immune cell numbers increase following MI. C57BL/6 mice 
underwent cardiac surgery to permanently block blood flow downstream of the left anterior 
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descending coronary artery. Cells from untreated (control) mice or mice 3 days after 
myocardial infarction (MI) were analyzed by flow cytometry. All relative cell numbers were 
normalized to the control group and graphs indicate mean ± SD; n = 9 mice. (A) Percentages 
and relative numbers of cardiac CD45+ cells. (B) Absolute numbers of total cardiac DCs 
(upper left plots) and granulocytes (lower left plots). Relative numbers of cardiac total DCs 
and granulocytes (right panels). (C) Absolute numbers of cardiac DC subsets (left panels). 
Relative numbers are shown in the right panels. (D) The expression of CD40 was analyzed in 
cardiac DC subsets of mice with or without MI. Data from at least three experiments. (E) 
Absolute numbers and relative numbers of cardiac macrophages. (F) Percentages (left panels) 
and relative numbers (right panels) of splenic total DCs and granulocytes. n = 8 mice. (G) 
Percentages and relative numbers of total DCs in skin-draining LNs. (H) Gating strategy for 
total T cells, CD4+ T cells and Tregs. CD4 and Foxp3 were detected following cell 
permeabilization. (I) Representative FACS plots and absolute numbers of gated cells (left 
panels) and relative numbers (right panels) of cardiac total T cells, CD4+ T cells. n = 8 mice. 
(J) Representative FACS plots and absolute numbers of gated cells (left panels) and relative 
numbers (right panels) of cardiac Tregs. n = 8 mice. 
 
Next, we investigated the impact of MI on immune cells numbers. We performed 
coronary artery ligation in wild type (WT) mice37, and after 3 days, we analyzed by flow 
cytometry the immune cell composition within the myocardium. In response to ischemic 
injury, it is believed that the myocardium recruits a large number of leukocytes to protect 
injured or infected tissue.38 Although the number of heart CD45+ increased ∼4-fold, 
granulocytes and total DCs increased ∼15- and 10-fold, respectively (Figure. 2.4A and 
2.4B). Of the DC subsets, CD11b+ DCs appeared to be undergoing the most important change 
in terms of absolute numbers (Figure. 2.4C). Importantly, DCs display signs of activation 
following MI, as judged by the increase in CD40 expression (Figure. 2.4D). MΦs were also 
elevated in the heart 3 days after infarction (Figure. 2.4E). Interestingly, as opposed to 
granulocytes, DCs were reduced in spleen and skin-draining LNs (Figure. 2.4F and 2.4G). 
The importance of Tregs in MI and tissue recovery after injury has been addressed in human 
and rodent studies.39 Recently, in atherosclerosis, an important interplay between Tregs and 
APCs has been revealed.15 Our results show that the proportions of T cells and Tregs increase 





2. 3. 5  Depletion of pDCs Does not Affect Muscular Contractility Following  
   MI 
We have recently shown that pDCs regulate inflammation in the aorta.15 These cells 
may play a key role in the heart as well. In normal mice, cardiac pDCs were identified as 
PDCA1+ Ly6C+ CD11b− cells according to the gating strategy shown in Figure. 2.1A.40, 41 
They express Clec9a, Siglec H, PDCA-1/BST2/CD317, and low levels of CX3CR142 but lack 
or express low levels of MΦ, monocyte, and DC markers (Figure. 2.5A). We previously 
reported that total pDCs in the aorta and spleen were expanded by Flt3L.15 To confirm that the 
cardiac pDCs were genuine, we examined the impact of Flt3L on their numbers.43 We show 
that Flt3L increased pDC numbers in both the heart and spleen of WT mice but not in 
Flt3/Flk2/CD135-deficient (Flt3 KO) mice (Figure. 2.5B–D). The anatomical distribution of 
heart pDCs is similar to the one described above for cDCs, except that pDCs were found to be 
equally concentrated in the two atria, and their relative proportions are lower in valves than in 
Seg1 (Figure. 2.5E and F). In addition, we could identify human pDCs in the heart of hu-
mice (Figure. 2.5G–I). These CD123+ BDCA2+ human cardiac pDCs express IRF8 and were 
increased by Flt3L injections (Figure. 2.5G and 2.5H). The presence of pDCs in the heart of 
hu-mice was confirmed by immunohistochemistry using an anti-LAMP5 (Bad-LAMP) mAb, 
which is specific for pDCs (Figure. 2.5I).44 
Then, we characterized the impact of MI on cardiac pDC numbers and the importance 
of these cells in muscular contractility during recovery. We ligated the left anterior descending 
coronary artery and analyzed pDCs after 3 days. These cells were increased ∼4-fold in the 
injured heart but significantly decreased in spleen (Figure. 2.5J). To assess the importance of 
pDCs in the pathophysiology of MI, we made use of the BDCA2-DTR mice. We tested the 
impact of DT on cardiac pDCs in lethally irradiated C57BL/6 mice reconstituted with WT or 
BDCA2-DTR BM. In the BDCA2-DTR chimeric mice, DT treatment resulted in the selective 
elimination of heart pDCs (Figure. 2.5K). Remarkably, mice without pDCs were not affected 
in left ventricle function as measured by fractional shortening for up to 3 wk after MI. 
(Figure. 2.5L and 2.5M, Supplemental figure. 2.3E). Altogether, the results suggest that in 
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response to ischemic myocardial injury, pDCs accumulate within the myocardium but did not 









Figure 2.5. Depletion of pDCs does not modulate cardiac functions after MI. (A) Heart 
pDCs from WT mice (orange line) were further characterized phenotypically using a series of 
mAbs and their specific isotype controls (gray filled lines). pDCs were first gated according to 
the strategy depicted in figure 2.1A. Zbtb46 (Zbtb46+/+ [WT] and Zbtb46gfp/+) and CX3CR1 
(CX3CR1+/+ [WT] and CX3CR1gfp/+) reporter mice were used for assessing the expression of 
these molecules. Other markers were surface stained except Clec9a, which was stained 
following permeabilization. Cardiac MΦs were included as positive controls (green) for the 
assessment of MertK expression. (B-D) WT and Flt3/Flk2/CD135-deficient mice were 
injected intraperitoneally with PBS (−) or with 2 µg of Flt3L (+) each day for nine consecutive 
days. Bar graphs indicate mean ± SD; n = 10. Cardiac pDC numbers were determined by flow 
cytometry. Representative FACS plots (left panels) and relative numbers normalized to the 
PBS groups (right panels) of cardiac pDCs in heart (B) and in spleen (C). (D) Cardiac pDCs 
were quantified from WT and Flt3 KO mice. Representative FACS plots from at least three 
experiments. (E and F) Cells from the various mouse heart sections (Supplemental figure 
2.2A, 2.2E) were analyzed by flow cytometry. (E) pDCs were analyzed in the different heart 
sections and absolute numbers are shown. (F) Absolute numbers were normalized relative to 
the weight of the different sections of the heart. Graphs indicate mean ± SD; n = 6 or 7. (G-I) 
Hu-mice were injected i.p. with 2 µg of Flt3L each day for nine consecutive days. (G) Left: 
representative FACS plots of cardiac pDCs (top) and IRF8+ pDCs (bottom). Percentages are 
shown in black and cell numbers in red. Right: Expression of IRF8 in pDCs (orange) 
compared to isotype control (grey). (H) Relative number of cardiac pDCs normalized to the 
PBS group. Graph indicates mean ± SD; n = 7. (I) Paraffin sections of heart from Flt3L-
injected hu-mice were stained for LAMP5 (brown) and counterstained with hematoxylin. 
Original magnification x200 (J) C57BL/6 mice underwent cardiac surgery to permanently 
block blood flow downstream of the left anterior descending coronary artery. Cells from 
normal (Control) mice or mice 3 days after myocardial infarction (MI.) were analyzed by flow 
cytometry. Representative FACS plots with percentages of gated cells and relative numbers of 
cardiac (left panels) and splenic (right panels) pDCs. Graphs indicate mean ± SD; Control n = 
7, MI n = 9. (K) Selective elimination of cardiac pDCs from WT and BDCA2-DTR chimeric 
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mice injected with DT twice at a 24 h interval. Percentages (black) and absolute numbers (red) 
of pDCs are shown. (L) Schematic representation of the protocol used to assess heart damage 
following infarction. Five weeks after the transplantation of BDCA2-DTR BM into irradiated 
WT mice, MI surgery was performed and mice were injected with PBS or DT for 3 weeks. (M) 
Left ventricular systolic function quantified by fractional shortening (FS) in the left ventricle 
of BDCA2-DTR chimeric mice for 3 weeks after MI. PBS n = 5, DT n = 4. 
 
2. 3. 6   Depletion of cDCs Imparoves Cardiac Function Following MI 
We next evaluated the effect of Zbtb46+ DCs depletion on the outcome of MI. Five 
weeks after reconstitution, Zbtb46-DTR chimeric mice underwent MI surgery and DT, or 
control PBS was administered (Supplemental figure. 2.4A). We verified the efficient 
depletion of DCs by DT following MI (Supplemental figure. 2.4B). Total DCs and all 
subsets were already reduced 3 d postinfarction after a single DT injection, whereas MΦ, 
neutrophils, and monocyte numbers were not affected by DT (Supplemental figure. 2.4B–E). 
Mice received two additional weekly (weeks 6 and 7) injections of DT or PBS, and 
echocardiography was performed at each time point according to the protocol depicted in 
Figure. 2.6A.  
Interestingly, depletion of cDCs by DT led to a significant improvement of LV 
fractional shortening after 2 wk (Figure. 2.6B and 2.6C, Supplemental figure. 2.4F, 
Supplemental videos 2.1–4). This result prompted further characterization of the heart. We 
found that the absence of cDCs reduced infarct size (Figure. 2.6D). Moreover, the area of the 
border zone cardiomyocytes was significantly decreased in mice that received DT, indicating 
adverse cardiomyocyte hypertrophy was improved with cDC depletion (Figure. 2.6E). 
The fact that cDCs impaired cardiac functions and remodeling after MI suggested a 
role for these cells in the establishment of a proinflammatory local environment. We analyzed 
the cardiac hematopoietic cell compartment in the heart of Zbtb46-DTR–reconstituted mice 
injected with PBS or DT for 7 days after MI. Interestingly, in the subacute phase after MI (day 
7) (Figure. 2.7A and 2.7B), the depletion of DCs led to a reduction in the number of total 
leukocytes (CD45− cells) and MΦs (Figure. 2.7C). These results show that cDCs are required 
for maintaining the innate leukocyte infiltrate. Then, we assessed if cDCs were required for 
infiltration of T cells into the myocardium. Notably, DT significantly decreased total T cells as 
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well as Tregs in the myocardium of Zbtb46-DTR chimeric mice 7 days after MI. (Figure. 




Figure 2.6. Depletion of cDCs improves LV remodeling after MI. (A) Schematic 
representation of the protocol used to assess heart damage following infarction. (B-E) Five 
weeks after the transplantation of Zbtb46-DTR BM into irradiated WT mice, MI surgery was 
performed and mice were injected with PBS or DT for 3 weeks. (B) Left ventricular fractional 
shortening was measured by echocardiography 3 weeks after MI. Graphs indicate mean ± SD; 
n = 10 mice. (C) Representative FACS plots (left panels) and percentage (right panels; graph 
indicates mean ± SD; n = 10) of total DCs from spleen of Zbtb46-DTR mice in Figureure 
2.6B. (D) Histomorphological changes of the heart at 3 weeks after MI, as detected by 
Masson’s trichrome staining. Graphs indicate mean ± SD; PBS n = 10, MI n = 8. (E) Wheat 
germ agglutinin staining at 3 weeks after MI. Quantitative analyses represent counting of 
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multiple fields from three independent samples per group (~50 cells per field assessed). Scale 
bar, 100 µm. Graphs indicate mean ± SD; PBS n = 23, MI n = 19. 
 
Thus, our results indicate that the myocardium contains both pDC and cDCs and that 
after MI, only cDCs are functionally involved and play a key pathological role. By specifically 
depleting cDCs, we demonstrate that the immune response, as measured by infiltration of 
MΦs, neutrophils, and multiple T cells subsets is blunted, correlating with improved indices of 
cardiac structure and function. Indeed, we found that depletion of cDCs correlated with less 
IL-1β and IFN-γ proinflammatory cytokine mRNAs in the heart (Figure. 2.7F–H). 
Interestingly, TGF-β mRNA was increased following depletion of cDCs, suggesting that this 







Figure 2.7. Depletion of cDCs correlates with reduced numbers of heart MΦs and Tregs 
7 days after MI. (A) Hearts were isolated from myocardial infarcted-Zbtb46-DTR mice that 
received DT or control PBS for 7 days. (B) Left: selective elimination of cardiac total DCs 
(top) and DCs subsets (bottom) in Zbtb46-DTR mice injected with DT twice at a 72 h interval. 
Right: percentage (mean ± SD; n = 6 mice) of total DCs and cDC subsets. (C) Left: heart cells 
were analyzed by flow cytometry and the percentages of CD45+ cells (top) and absolute 
numbers of MΦs (down) are shown. Right: Relative numbers (mean ± SD; n = 10) of cardiac 
CD45+ cells and MΦs normalized to the control PBS group. (D and E) Representative FACS 
plots and absolute numbers of gated cells (left panels) and relative numbers (right panels; 
mean ± SD; PBS n = 4, MI n = 5) of cardiac total T cells, CD4+ T cells (D) and Tregs (E) 7 
days after MI. for mice reconstituted with Zbtb46-DTR BM and treated with PBS or DT. (F-H) 
mRNA expression levels of RGF-β (F), IL-1β (G), and INF-γ (H) from heart of myocardial 
infarcted-Zbtb46-DTR mice treated with DT or control PBS for 7 days, measured by qPCR. 





2. 4  Discussion 
Cardiovascular diseases represent major global health issues that are expected to 
worsen in the coming decades. Although our understanding of the contribution of MΦs to this 
process has yielded many important insights, the role of DC subsets has remained elusive.7 In 
a number of experimental settings, DCs were shown to have a major impact on adaptive 
immune responses but also on inflammation per se. To shed light on the role of cardiac DCs in 
the modulation of sterile inflammation, we examined the local and distal 
quantitative/qualitative changes occurring in hematopoietic cells in response to MI. These 
issues are particularly relevant given the recently demonstrated role of cDCs in priming 
autoreactive T cells following MI.46 
In this study, we identified two types of cardiac classical DCs, known as cDC1s 
(CD103+CD24+XCR1+) and cDC2s (CD11b+CD172α+), which are poorly phagocytic as 
compared with MΦs.47 Cardiac CD103+ DCs express Clec9a, DEC205, CD24, and CD283 as 
well as IRF8 and Flt3/CD135, which are critical for their development but lack monocyte-
specific markers such as CD14, CD172α, CX3CR1, F4/80, Ly6C, CD11b, and CD115/M-
CSFR. In contrast, CD11b+ DCs express CX3CR1, F4/80, Ly6C, and CD14 as well as IRF4 
and CD115/M-CSFR. However, they do not express XCR1, CD24, CD103, Clec9a, DEC205, 
CD24, CD283, and Flt3/CD135. Importantly, both types of cDCs express Zbtb46. This 
transcription factor is not found in pDCs, monocytes, or MΦs, allowing for the identification 
and deletion of cDCs in vivo.48 Moreover, we were able to detect HLA-DR+CD11c+ DCs, 
including both BDCA1+ and BDCA3+ subsets in the heart of hu-mice. Similar to mouse 
cardiac DC subsets, human BDCA3+ DCs expressed IRF8, whereas BDCA1+ DCs expressed 
IRF4. These human DCs were also dependent on Flt3/CD115, more so for the IRF8hi cells. 
The density of cDCs subsets and MΦs appears to culminate in the RA. Such specificity was 
not observed for monocytes or granulocytes. This finding is particularly interesting given the 
recently described role of MΦs in normal and aberrant atrioventricular conduction.49 If DCs 
are involved directly or indirectly in cardiac conduction remains to be addressed. Altogether, 
our findings reveal the existence of bona fide cardiac cDCs with phenotypes that comply with 




In addition to cDCs, the heart contains a population of pDCs that increased in the 
infarcted heart. However, depletion of this DC subset did not affect fractional shortening. The 
function of cardiac pDCs may lie in their capacity to produce type I IFN and protect the tissue 
against viral infections. We have recently demonstrated the role of tolerogenic CCR9+ pDCs 
in producing IDO and regulating Tregs in the aorta during atherosclerosis.15 As shown in this 
paper, however, pDC functions do not appear critical in the pathophysiology of cardiac repair 
after MI. 
As we focused on CD64− DCs, we cannot exclude the possibility that monocyte-
derived DCs (moDCs) are somehow involved in cardiac inflammation. A great deal has been 
learned of these cells over the last decade, but their precise identification will require a better 
knowledge of their origin and phenotype.50 Recent fate-mapping experiments using Zbtb46-
DTR mice showed that monocytes generate GM-CSF–dependent moDCs and that these 
monocytes precursors are distal from the DC lineage.51 Although Zbtb46 expression appears to 
be restricted to cDCs52, it was postulated that moDCs may lose Ly6c expression and start 
expressing Zbtb46 upon differentiation from monocytes, as was seen for BM-derived DCs in 
vitro.28, 53, 54 If this is the case, such cells would have been eliminated in experiments based on 
the use of the Zbtb46-DTR mice. Future studies should address the importance of the CD11b+ 
population heterogeneity. 
Besides the DC subsets described above, there was a prominent CD103− CD11b− DN 
DC population in the heart at steady state. Just like precursor DCs, these cardiac cells are 
Zbtb46+, and their number, principally the IRF8hi subset, dramatically increased in response to 
Flt3L. So far, such DN DCs have been described in mouse dermis and intestinal lymph, but 
they remain poorly characterized.20, 55, 56 Our data suggest that the heart harbors pre-cDCs 
showing lineage-imprinted programs based on their mutually exclusive IRF4 and IRF8 
expression.17, 57 
After MI, we found that the myocardium recruits large numbers of leukocytes, 
including MΦs and granulocytes, most likely with the objective of protecting the injured or 
infected tissue and initiating wound healing.38, 58 Notably, CD11b+ cDCs were massively 
increased in heart and mediastinal LN of infarcted mice, whereas the number of these cells 
decreased in spleen and skin-draining LNs. We speculate that the cardiac insult resulted in the 
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local production of GM-CSF by endothelial cells and MΦs, allowing the differentiation of 
cardiac precursors into cDC2s. Indeed, it was shown in rats that administration of GM-CSF 
following MI increased DC infiltration and exacerbated LV remodeling.6 Such cDC2s may 
secrete IL-23 to the detriment of IL-10 and lead to the polarization of T cells toward Th17.59 
Of note, 3 days after MI, some DCs could be found in the ventricle and septum, whereas after 
7 days, DCs also appeared in the left atrium (Supplemental figure. 2.5). 
Recently, the role of DCs in various pathologies, including postinfarction healing, was 
studied using genetic models such as CD11c-DTR, CD11b-DTR, and LysM–Cre x iDTR.60 
Although these mice allow the depletion of cells expressing these markers, the specificity 
toward cDCs has been questioned.25 To overcome these limitations, we used chimeric Zbtb46-
DTR mice in which the DTR is only expressed in mouse DCs.28 We confirmed that DT 
treatment successfully and selectively eliminated cardiac, LN, and splenic CD11c+MHC II+ 
DCs in chimeric mice reconstituted with BM from Zbtb46-DTR mice. Importantly, these DT-
treated Zbtb46-DTR mice showed a dramatic reduction in postischemic injury size by 
preventing ventricular remodeling and improving cardiac function compared with the PBS-
treated control group. We next checked that any cell populations in the heart of WT/Zbtb46-
DTR mice with MI-treated DT were changed. Surprisingly, the selective depletion of heart 
DCs in Zbtb46-DTR mice caused a significant decrease of MΦs as well as CD45+ cells at 7 
days but not at 3 days after MI. This suggested that inflammatory responses after MI, which 
trigger accumulation of DCs in injured tissue, are involved in wound healing but can lead to 
detrimental effects, such as expansion of infarct size and interstitial fibrosis, wall thinning, and 
lower cardiac function. The exact mechanisms by which cDCs maintain inflammation and 
negatively impact cardiac function will require further investigation. In addition to their T cell 
stimulatory role in draining LNs, cDCs could act locally in the cardiac tissue. For example, 
cDCs could sustain the immune reaction by secreting some proinflammatory cytokines and 
chemokines in response to damage-associated molecular patterns.61 These reactions, 
potentially of autoimmune nature, would contribute to cardiomyocyte death.62 Also, as seen in 
the allergic eye, cDC2s with increased aldehyde dehydrogenase activity could directly activate 
fibroblasts through the retinoic acid receptor and increase fibrosis.63 Secretion of IL-12 by 
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myeloid DCs has also been shown to inhibit angiogenesis.64 This could be due, in part, to 
polarization of MΦs toward a less angiogenic M1 phenotype.65, 66 
The role of CD4+CD25+Foxp3+ Tregs in the initial development and progression of 
many cardiovascular diseases is pivotal.39 It has previously been reported that the depletion of 
Treg cells before MI induction resulted in aggravated cardiac inflammation.67 Although our 
data showed that Tregs in the heart and spleen of mice with MI were significantly increased, 
the depletion of cDCs correlated with a significant decrease in cardiac Treg numbers. These 
results demonstrate the importance of cDCs in shaping the immune landscape of the heart 
following MI. The fact that depletion of cDCs reduces infiltration of both proinflammatory 
cells and Tregs demonstrates that protection of the infarcted heart from further injury results 
from a delicate balance between various cell populations under the control of cDCs. This 
implies that interventions aimed at controlling cDCs numbers or functions have therapeutic 
potential.68 Indeed, modulating proinflammatory signals transduction pathways or generating 
tolerogenic DCs in various mixtures, including cytokines such as IL-37 and TNF-α, were 
shown to have a beneficial role in post-MI remodeling.69, 70, 71 Future experiments should 
address more in depth the spatio-temporal relationship between DCs and other immune cells 





2. 5  Methods 
 
2. 5. 1  Mice 
C57BL/6, Ldlr−/−72, CX3CR1-GFP, Zbtb46-GFP, Zbtb46-DTR, NSG (NOD/SCID/γc-
null) mice were purchased from The Jackson Laboratory (Bar Harbor, Me). Flt3−/− mice73 (I. 
Lemischka, Mount Sinai School of medicine) were a generous gift of M. Nussenzweig. 
BDCA2-DTR mice26 were from M. Colonna (Washington University, St. Louis, MO). For 
humanized mice, NSG mice reconstituted with human CD34+ cells (hu-mice) were used. To 
expand the number of DCs, mice were injected i.p. with 2µg of human FMS-Like tyrosine 
kinase 3 ligand (Flt3L) per day for 9 consecutive days.15 All mice were bred under specific 
pathogen-free conditions. All mouse experiments were performed according to guidelines of 
the Canadian Council on Animal Care. 
 
2. 5. 2  Heart Single-Cell Isolation and Flow Cytometry 
Cardiac single cells were isolated according to a previously described method25 with 
minor modifications. Mouse hearts were incubated for 40 min at 37 °C with gentle shaking in 
Hank’s balanced salt solution containing 675 U/ml collagenase I, 18.75 U/mL collagenase XI, 
and 9U/mL hyaluronidase (Sigma-Aldrich). Cells were centrifuged on a discontinuous Percoll 
(Sigma-Aldrich) gradient (40% and 80%) and leukocytes were collected. Mouse spleen and 
LNs were digested in 400U/mL of collagenase D XI in RPMI-1640 for 30 min at 37 °C. 
Foxp3+ T cells were stained using a Foxp3 staining buffer set (eBioscience), according to a 
previously described method74; all other intracellular stainings were performed using a 
fixation/permeabilization solution kit (BD Biosciences). Stained cells were acquired or sorted 
using a LSRFortessa flow cytometer or FACSAriaIII (BD Biociences), respectively, and 
analyzed with FlowJo (Tree Star). Sorted cells were cytospined at 500 rpm for 5 min using 
Cytospin4 (Thermo Scientific) for phagocytosis analysis.  
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2. 5. 3  Immunohistochemistry and Confocal Microscopy 
CD11c-YFP mice hearts were perfused with cold PBS and fixed in 4% formaldehyde 
for 1 hour. After careful removal of the pericardial fat and blood vessels, heart were processed 
using standard procedures, embedded in OCT and frozen, and sectioned (12-µm thick). 
Cryosections were singly immunostained with the indicated antibodies. Immunoreactive 
proteins were visualized using an ImmPRESS-AP anti-rabbit Ig polymer detection kit, an 
ImmPRESS HRP anti-mouse Ig polymer detection kit. All experiments were performed 
according to the manufacturer’s instructions. Confocal images were acquired along the z axis 
using an LSM 710 laser-scanning confocal microscope (Carl Zeiss), and Z-stacked images 
were analyzed with Imaris software (Bitplane). 
 
2. 5. 4  Antibodies and Reagents 
Antibodies to mouse Foxp3 for FACS analysis was from eBioscience. All other 
antibodies were from BioLegend. Cells were incubated in culture supernatant from the 2.4G2 
hybridoma (Fc Receptor Block, ATCC: HB-197) prior to staining with the indicated 
antibodies. Poly I:C (Sigma) was given i.v., at a dose of 25 μg to induce DC maturation. 
 
2. 5. 5  BM Chimeras and Depletion of DCs 
Although in the mouse hematopoietic cell compartment the expression of genes under 
the control of Zbtb46 and the human BDCA2 promoters is restricted to cDCs and pDCs, 
respectively, DT-driven depletion experiments were performed in BM chimeras in order to 
rule out any interference from the possible depletion of non-immune cells.26, 28, 52 C57BL6/J 
male mice (8 weeks old) were lethally γ-irradiated (2 × 5 Gy, 4hr apart) and reconstituted for 5 
weeks with BM of BDCA2-DTR or Zbtb46-DTR mice. For systemic DC depletion, mice were 




2. 5. 6  Cell Culture 
For phagocytosis assay, cardiac cells from Flt3L-injected C57BL/6 mice were 
incubated with Fluoresbrite YG Carboxylate Microspheres 1.0 µm (Polysciences) at 37°C for 
1 hr. Then, cells were incubated in Fc Receptor Block and stained with antibodies at 4°C for 
cell sorting. All mouse cells were incubated in RPMI 1640 containing 5% FBS, 1x antibiotic-
antimycotic, GlutaMAX, MEM nonessential amino acids and 2-mercaptoethanol (Gibco). 
 
2. 5. 7  Myocardial Infarction Surgery 
Cardiac surgery was performed by the Surgery Core of the Lady Davis Institute.75 
C57bl/6J reconstituted with Zbtb46-DTR or BDCA2-DTR mouse BM for 5 weeks were 
anesthetized with isoflurane and intubated. Analgesia for the next 3 days was provided by an 
injection of slow release buprenorphine. A permanent occlusion in blood flow downstream of 
the left anterior descending coronary artery approximately 2mm distal to the left atrial 
appendage was created using a 7-0 silk suture ligature. Using a similar surgery, it was 
estimated that this ligation places approximately 38% of the left ventricle at risk for 
infarction.76 
 
2. 5. 8  Tissue Harvesting, Histology, and Morphometric Analyses 
Mice were deeply euthanized, and the hearts were perfused with saline followed by 
catheter (Anatech Ltd, Battle Creek, M.I). To measure myocardial infarct size, hearts were 
sectioned transversely into 3 mm thick slices and incubated in 2% triphenyltetrazolium 
chloride (TTC) at 37°C for 30 min to identify the non-infarcted and infarcted areas. The 
infarcted area appeared as a yellow-white area that was unstained by TTC. The true infarct 
size on the TTC-stained slices was measured directly and was calculated as the ratio (%) of 





2. 5. 9  Masson’s Trichrome Staining 
To measure myocardial fibrosis, Masson’s trichrome stain was used for each paraffin-
embedded trans-axial LV section. We stained two slides of each heart (PBS, n = 10 and DT, n 
= 8) with the Masson trichrome staining and quantified fibrous infarct regions (blue color in 
RGB mode, white color in black/white mode). The total levels of fibrosis in the areas of the 
fibrous infarct regions were measured with ImageJ software and expressed as percentages of 
the total LV surface. An independent investigator, who was blinded to the experimental 
groups, quantified all experiments. 
 
2. 5. 10  Wheat Germ Agglutinin Staining 
To quantify individual myocyte size, some sections were stained with fluorescein 
FITC-conjugated wheat germ agglutinin (5µg/ml, Invitrogen, Grand Island, NY). Myocyte 
area was assessed with ImageJ program (National Institutes of Health). The mean 
cardiomyocyte area was evaluated by measurement of 500 cells per heart (6–9 hearts per 
genotype). 
 
2. 5. 11  Quantitative RT-PCR analysis 
Total heart RNA was extracted from a single cell suspension using TRIzol Lysis 
Reagent (5 PRIME GmbH Hamburg, Germany), cDNA was prepared using the Revert Aid 
First Strand cDNA Synthesis Kit (Fermentas). Quantitative Real-time PCR was performed 
using StepOnePlusTM Real-Time PCR systems (Applied Biosystems) instrument and SYBR 
green PCR Master Mix (KAPA bio systems) and was quantified on StepOne Software v2.3 





2. 5. 12  Echocardiography 
Echocardiography was performed under anesthesia by inhalation of 1.5–2% isoflurane 
(Forene isoflurane, Abbott Scandinavia AB, Sweden). Images were acquired using the Vevo 
2100 system (Visual Sonics) with a 30-MHz linear array transducer. The left ventricle was 
investigated in both long-axis and short-axis views during 3 weeks after MI. We selected the 
two-dimensional image slice, in which infarction-related regional wall motion abnormality 
was most significant then used the M-mode scan, which crossing site of the most significant 
regional wall motion abnormalities. To reduce measurement variability by observer, after 
image acquisition, automatic border detection software was used to measure left ventricular 
systolic and diastolic dimensions, and then fractional area change was calculated using those 
values. All the measurement variables such as left ventricular end-diastolic and systolic 
dimensions, stroke volume and cardiac output are in the supplementary table 2.1 and TTC-
stained data in the supplementary figure 2.4F. 
 
2. 5. 13  Statistics 
All statistical significance between two groups was tested using a Mann-Whitney test 
with two-tailed P-values unless indicated otherwise. R-value was obtained from linear 
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2. 11  Supplementary Information 
 




Supplemental figure 2.1. Characterization of heart DCs of mice and hu-mice. related to 
Figure 2.1 and Figure 2.2. (A-B) Cardiac CD103+ DCs (red lines) and CD11b+ DCs (blue 
lines) gated as in figure 2.1A were further characterized phenotypically using a series of 
mAbs and their specific isotype controls (gray filled lines). Expression of specific markers for 
B cells, T cells, NK cells, granulocytes and pDCs is shown. (C-D) WT and Flt3/Flk2/CD135-
deficient mice were injected intraperitoneally with PBS (−) or with 2 µg of Flt3L (+) each day 
for nine consecutive days. (C) Percentages of total DCs in spleen of C57BL/6 mice. (D) 
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Representative FACS plots showing absolute numbers of total DCs (top), CD8α+ DCs, 
CD11b+ DCs and double negative cells (bottom) from spleen of WT mice. (E) Selective 
depletion of DCs from the spleen and lymph nodes of WT and Zbtb46-DTR mice treated with 
DT in Figure 2.2A. (F) Gating strategy for total heart DCs in hu-mice. Cells were gated from 
the hCD45+, CD64−, MerTK−, Lineage− (CD14, CD19, CD56), HLA-DR+ and CD11c+ 
population. (G) Hu-mice were injected intraperitoneally with PBS (−) or with 2 µg of Flt3L (+) 
each day for nine consecutive days. Representative FACS plots showing percentages of hu-
cardiac total DCs (upper panels), including BDCA1+ DCs and BDCA3+ DCs gated from 
HLA-DR+ CD11c+ cells (lower panels). (H) Representative FACS plots of hu-mice cardiac 
showing expression of IRF4 and IRF8 in BDCA1+ DCs (blue), BDCA3+ DCs (red). Isotype 
control antibody staining is shown in grey. (I) Hu-mice were injected intraperitoneally with 
PBS (−) or with 2 µg of Flt3L (+) each day for nine consecutive days and HLA-DRhi CD11chi 







Supplemental figure 2.2. Anatomical location of MΦs under steady state conditions in 
the mouse heart. related to Figure 2.3. (A) Heart from a WT mouse (left panel) separated 
into Segment1 (Seg1) with Atrium, Segment2 (Seg2), and Segment3 (Seg3) (middle panels). 
On the right panel, Segment1 with atria was again separated into Segment1, Right Atrium (R-
Atrium) and Left Atrium (L-Atrium). (B) The weight of each cardiac segment (mice age: 220 
days) was plotted (n = 4). (C) Absolute numbers of cardiac CD45+ cells and MΦs in different 
parts of the heart were quantified by flow cytometry. (D) Percentages (mean ± SD; n = 7 mice) 
were normalized by weight. (E) Tricuspid and mitral valves were surgically separated from 
Seg1. (F) Absolute numbers for Seg1 with valves, Seg1 only and combined valves only (left 
panels) and percentages (right panels; mean ± SD; n = 7 mice) of CD45+ (top panels) and 
MΦs (lower panels) were determined by flow cytometry. (G) Representative immune-
fluorescence sections (left, tile scan confocal image) of tricuspid valve in CD11c-YFP+/+ mice 
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under steady state condition stained with anti-GFP antibody (green) and DAPI (blue). All 






Supplemental figure 2.3. Aging and M.I affect the number of immune cell subsets. 
related to Figure 2.4 and Figure 2.5. (A) Relative numbers of cardiac total DCs and DC 
subsets in WT C57BL/6 mice at different time points were determined by flow cytometry (n = 
38). (B) Absolute numbers and relative numbers of cardiac total DCs including CD103+ DCs, 
CD11b- DCs and double negative cells from WT mice fed a normal diet (CHOW) and Ldlr-/- 
mice fed WD (HFD) for 10 wk. Left: representative FACS plots of cardiac total DCs (up), 
CD103+ DCs, CD11b+ DCs and double negative cells (down). Right: relative absolute 
numbers of cardiac total DCs, DC103+ DCs, CD11b+ DCs and double negative cells per heart 
(n = 6). (C-D) Cells from control mice or mice 3 days after M.I were analyzed by flow 
cytometry. Representative FACS plots and absolute numbers of gated cells (left panels) and 
relative numbers (right panels; mean ± SD; n = 8 mice) of splenic total T cells, CD4+ T cells 
(C) and Tregs (D). (E) Representative FACS plots (left panels) and percentage (right panels; 
graph indicates mean ± SD; n = 4) of pDCs in spleen of BDCA2-DTR mice injected with PBS 






Supplemental figure 2.4. Selective depletion of zDCs for 3 days following M.I. does not 
affect the number of heart MΦs, granulocytes and monocytes. related to Figure 2.6 and 
2.7. (A) Hearts were isolated from myocardial-infarcted Zbtb46-DTR mice injected with PBS 
or DT for 3 days. (B) Selective elimination of cardiac total DCs in Zbtb46-DTR mice injected 
with DT. Left: representative FACS plots of total DCs (top) and DC subsets (bottom). Right: 
percentages of total DCs and DC subsets. (C-E) Representative FACS plots (left panels) and 
relative numbers (right panels) of (C) CD45+ cells (up) and MΦs (down), (D) granulocytes 
and (E) monocyte subsets in M.I-induced Zbtb46-DTR mice injected with PBS or DT. All 
graphs indicate mean ± SD; n ≥ 4. (F) Evans blue and TTC staining of heart from myocardial-







Supplemental figure 2.5. The location of cardiac DCs after M.I. related to Figure 2.4. 
Immunofluorescence sections from hearts of CD11c-YFP+/+ mice 3 or 7 days after M.I stained 
with anti-GFP antibody (GFP) and DAPI (blue). All experiments were performed on 12µm 
frozen sections. Right and Left atrium (top, tile scan confocal images) 3 days (A) and 7 days 
(B) after M.I. Septum and Left ventricle (top, tile scan confocal images) 3 days (C) and 7 days 







Supplemental figure 2.6. The phenotypes of cardiac DC subpopulations under 
myocardial infarcted mice heat. (A and B) Cardiac CD103+ DCs (red line) and CD11b+ 
DCs (blue line) were further characterized phenotypically using a series of mAbs and their 
specific isotype controls (gray filled lines). All markers were surface stained except Clec9a, 
which was stained following permeabilization. Cardiac macrophages were included as positive 




Supplemental figure 2.7. Increased monocyte-subpopulations in heart with MI. The 
proportions of monocytes were compared between control WT mice and mice 3 days after 
myocardial infarction (MI). Relative numbers cells were normalized to the group without MI. 
Graph indicates mean ± SD; n ≥ 8 mice. Representative FACS plots (left panels) and relative 




2. 11. 2  Supplementary Tables 
 




























3  Transcriptome Analysis Reveals Non-foamy Rather  
    Than Foamy Plaque Macrophages Are Proinflammatory  
    in Atherosclerotic Murine Models 
 
Kyeongdae Kim1, Dahee Shim1, Jun Seong Lee2,3, Konstantin Zaitsev4,5, Jesse W. Williams4, 
Ki-Wook Kim4, Man-Young Jang1, Hyung Seok Jang1, Tae Jin Yun3,6, Seung Hyun Lee1, 
Won Kee Yoon7, Annik Prat8, Nabil G. Seidah8, Jungsoon Choi9, Seung-Pyo Lee10, Sang-Ho 
Yoon1, Jin Wu Nam1, Je Kyung Seong11, Goo Taeg Oh12, Gwendalyn J. Randolph4, Maxim N. 
Artyomov4, Cheolho Cheong2,3,6,8, Jae-Hoon Choi1  
 
1Department of Life Sciences, College of Natural Sciences, Research Institute for Natural 
Sciences, Hanyang University, Seoul, Republic of Korea 
2Département de microbiologie, infectiologie et immunologie, Université de Montréal, 
Montreal, Quebec H3T 1J4, Canada  
3Institut de Recherches Cliniques de Montréal (IRCM), Montréal, Quebec H2W 1R7, Canada  
4Pathology and Immunology, Washington University School of Medicine, St. Louis, MO, 
USA 
5Computer Technologies Department, ITMO University, St. Petersburg, Russia 
6Division of Experimental Medicine, Medicine, McGill University, Montreal, Canada  
7Biomedical Mouse Resource Center, KRIBB, Chungbuk 
8Laboratory of Biochemical Neuroendocrinology, Institut de Recherches Cliniques de 
Montréal, Montréal, Canada 
9Department of Mathematics, College of Natural Sciences, Research Institute for Natural 
Sciences, Hanyang University, Seoul, Republic of Korea 
10Cardiovascular Center, and Internal Medicine, Seoul National University Hospital, Seoul  
11the Laboratory of Developmental Biology and Genomics, Research Institute for Veterinary 
Science, College of Veterinary Medicine and Korea Mouse Phenotyping Center, Seoul 
National University, Seoul 
 
 90 
12Immune and Vascular Cell Network Research Center, National Creative Initiatives, 
Department of Life Sciences, Ewha Womans University, Seoul, 
 
Kyeongdae Kim, Dahee Shim, Jun Seong Lee, and Konstantin Zaitsev contributed equally 
to this article. 
 
 
# corresponding authors  
 
Dr. Jae-Hoon Choi 
Life Science College of natural Sciences 
Hanyang University, 222 Wangsimniro, Seongdong Gu, Seoul, 04763, Korea 
E-mail: jchoi75@hanyang.ac.kr  
 
Dr. Gwendalyn J. Randolph 
Department of Pathology and Immunology 
Washington University School of Medicine, 425 S Euclid Ave, Box 8118 
St. Louis, MO 63110  
E-mail: gjrandolph@wustl.edu  
 
Dr. Maxim N. Aryomov 
Pathology and Immunology  
Department of Pathology and Immunology 
Washington University School of Medicine, 425 S Euclid Ave, Box 8118 
St. Louis, MO 63110  








3. 1  Novelty and Significance 
 
3. 1. 1  What is Known? 
• Macrophages process excessive cholesterol and induce inflammatory responses via 
TLRs (Toll-like receptors) and inflammasome activation during atherogenesis.   
• Macrophages are the major contributors of foam cells in atherosclerotic lesions.   
• Generation of foamy macrophages suppresses the inflammatory status of cells via 
activation of the LXR (liver X receptor).   
 
3. 1. 2  What New Information Dose This Article Contribute? 
• We developed a straightforward method to readily differentiate foam cells in plaques 
from other macrophages in the aortic wall.   
• The foamy macrophages in atherosclerotic lesions do not express RNAs that are 
primarily associated with inflammation; instead, they express genes related to lipid 
processing.   
• Intimal non-foamy macrophages form the major population expressing IL (inter-
leukin)-1β and other inflammatory transcripts in atherosclerotic aorta.   
 
Macrophages in atherosclerotic plaques internalize excessive lipids, become foamy 
macrophages, and produce proinflammatory molecules. However, excessive uptake of 
exogenous lipids has been shown to suppress inflammatory responses in macrophages. 
Therefore, understanding the characteristics of foamy plaque macrophages is important for 
understanding their roles in atherosclerosis. In this study, we used single-cell RNA sequencing 
to unbiasedly classify aortic macrophages in atherosclerosis. We first developed a 
fluorescence-activated cell sorting–based method to distinguish foamy macrophages from 
other macrophages in atherosclerotic aorta. Then, using this newly developed method, we 
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sorted out the intimal non-foamy and foamy macrophages and performed transcriptomic 
analysis using RNA sequencing. These 2 RNA sequencing approaches revealed that whereas 
non-foamy macrophages predominantly expressed genes related to immune response, the 
foamy macrophages mainly expressed genes related to lipid processing instead of 
inflammation. Similarly, the foamy macrophages in human atheroma showed scant expression 
of IL-1β—an inflammatory cytokine. These results suggest that intimal non-foamy macro-
phages, rather than foamy plaque macrophages, perform proinflammatory roles in the 





3. 2  Abstract 
Monocyte infiltration into the subintimal space and its intracellular lipid accumulation 
are the most prominent features of atherosclerosis. To understand the pathophysiology of 
atherosclerotic disease, we need to understand the characteristics of lipid-laden foamy 
macrophages in the subintimal space during atherosclerosis. We sought to examine the 
transcriptomic profiles of foamy and non-foamy macrophages isolated from atherosclerotic 
intima. Single-cell RNA sequencing analysis of CD45+ leukocytes from murine atherosclerotic 
aorta revealed that there are macrophage subpopulations with distinct differentially expressed 
genes involved in various functional pathways. To specifically characterize the intimal foamy 
macrophages of plaque, we developed a lipid staining–based flow cytometric method for 
analyzing the lipid-laden foam cells of atherosclerotic aortas. We used the fluorescent lipid 
probe BODIPY493/503 and assessed side-scattered light as an indication of cellular 
granularity. BODIPYhiSSChi foamy macrophages were found residing in intima and 
expressing CD11c. Foamy macrophage accumulation determined by flow cytometry was 
positively correlated with the severity of atherosclerosis. Bulk RNA sequencing analysis 
showed that compared with non-foamy macrophages, foamy macrophages expressed few 
inflammatory genes but many lipid-processing genes. Intimal non-foamy macrophages formed 
the major population expressing IL (interleukin)-1β and many other inflammatory transcripts 
in atherosclerotic aorta. RNA sequencing analysis of intimal macrophages from 
atherosclerotic aorta revealed that lipid-loaded plaque macrophages are not likely the plaque 





3. 3  Introduction 
Atherosclerosis is a chronic inflammatory disease and the leading cause of 
cardiovascular disease, which is a major contributor to mortality in Western countries.1 
Atherosclerosis can lead to myocardial infarction, ischemic stroke, renal impairment, and 
aneurysms with hypertension.2 An especially prominent feature of atherosclerotic lesions is 
the accumulation of lipids within cells in the aortic wall. As atherosclerosis progresses, 
macrophages are recruited to the intima and take up modified LDL (low-density lipoprotein) 
particles via their scavenger receptors, leading to the progression of atherosclerotic lesions.3, 4 
Intracellular accumulation of lipid molecules results in the formation of lipid-laden cells called 
foam cells, which comprise the major cellular component of atherosclerotic lesions.1 
The number of foam cells in a lesion increases as atherosclerosis develops and 
decreases as regression occurs.5, 6, 7 Foam cells, especially macrophage foam cells, participate 
in all developmental phases of a lesion (ie, formation, maintenance, and rupture) and affect the 
status of a lesion through cellular responses, such as cytokine secretion, apoptosis, and 
necrosis.8, 9 Therefore, an important part of atherosclerosis research is examining the 
quantitative and qualitative changes in foam cells. Macrophage foam cell formation has been 
shown to be initiated by bone marrow-derived macrophage infiltration that follows 
monocytosis or extramedullary hematopoiesis.10 In steady-state mouse blood vessels, a small 
number of macrophages reside in the intimal area, whereas the majority of such cells reside in 
the adventitia.11 Aortic macrophages arise from CX3CR1+ (CX3C chemokine receptor 1) 
embryonic precursors (yolk sac macrophages) and bone marrow-derived monocytes that were 
briefly introduced in the postnatal period.12 Under steady state, there is no significant influx of 
macrophages from blood monocytes.11 During lesion formation, however, the intima 
experiences infiltration/fixation of incoming monocytes and activation of monocyte 
proliferation13 caused by hypercholesterolemia and its inflammatory response.11, 14, 15, 16 
Infiltration depends on the expression of CCR2 (C-C chemokine receptor type 2), CCR5, and 
CX3CR1 on monocytes14, 15 and various adhesion molecules on endothelial cells.17 
macrophages take up excess cholesterol, which is converted to cholesteryl ester that gathers 
into cytosolic lipid droplets to form foamy macrophages.18 Cholesterol accumulation induces 
macrophages to undergo inflammatory responses.19 Furthermore, decreased cellular 
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cholesterol efflux also causes inflammatory responses and inflammasome activation.20 
However, lipid accumulation in macrophages was associated with suppression, rather than 
activation, of inflammatory gene expression.21 Therefore, considering the phenotypic plasticity 
of macrophages, further characterization of plaque macrophages according to their lipid 
content is required.  
To investigate lipid-enriched atherosclerotic lesions, researchers have used various 
staining methods. For example, the combination of Oil Red O staining and 
immunofluorescence-based analysis is commonly used to examine aortic sections and entire 
aortas22 and has come to be regarded as the standard approach for evaluating atherogenicity 
and characterizing foam cells in atherosclerotic lesions under different experimental 
conditions. However, it is difficult to define the cellular components of a lesion, as such 
characterization would require the analysis of numerous cellular biomarkers. For example, 
some markers (eg, CD11c, MHCII [major histocompatibility complex II], and CD11b) are 
shared by dendritic cells (DCs) and macrophages, making it difficult to distinguish these cell 
groups. Thus, technically advanced, simpler, and more sensitive methods that combine 
objective measurements of lipid-rich atherosclerotic lesions with multiple cellular analyses are 
required. To overcome the limitations inherent to immunohistochemistry, multiparametric 
flow cytometry has been used to analyze aortic immune cells from atherosclerotic mice.23, 24, 25 
Previously, BODIPY493/503 [4,4-difluoro-1,3,5,7,8-pen- tamethyl-4-bora-3a,4a-diaza-
s-indacene]—a fluorescent lipid probe—was shown to stain cytosolic neutral lipids of cultured 
foamy macrophages.26 We used BODIPY493/503 and assessed side-scattered light (SSC) as 
an indication of cellular granularity to detect atherosclerotic foamy macrophages in flow 
cytometric analysis. Before analyzing the characteristics of foamy macrophages from 
atherosclerotic aortas, we first used single-cell RNA sequencing (scRNA-seq) to identify cell 
subtypes by their transcriptomic signatures and confirmed the heterogeneity of macrophages 
in atherosclerotic aorta. We then characterized and sorted intimal foamy and non-foamy 
macrophages from atherosclerotic aorta, using a newly established lipid staining–based flow 
cytometric protocol. Finally, we used bulk RNA sequencing (RNA-seq) to compare the 




3. 4  Results 
 
3. 4. 1  scRNA-seq Reveals Macrophage Subpopulations in Murine Athero- 
            sclerotic Aorta 
To investigate the heterogeneity of leukocytes in whole atherosclerotic aorta, we first 
performed unbiased classification of leukocytes present in whole atherosclerotic aorta by 
scRNA-seq analysis. We extracted live propidium iodide− CD45+ leukocytes from mouse 
(LDLR KO [LDL receptor knockout]) atherosclerotic vessels and used scRNA-seq to 
determine the leukocyte subpopulations according to gene expression patterns (GSE116240, 
Ldlr−/− aorta dataset). Unsupervised graph-based clustering algorithm was used to define 12 
clusters according to their gene expression profiles (Figure 3.1A). Expression of some genes 
was common among the clusters, but heterogeneity was evident from differentially expressed 
genes (DEGs) of which separated the clusters on the t-distributed stochastic neighbor 
embedding plots (Figure 3.1B; Supplemental figure 3.1; Supplemental table 3.1; Online 
data set 3.1). Cluster 11 was excluded from further analysis because it was a nonleukocyte 








Figure 3.1. Single-cell RNA sequencing (scRNA-seq) reveals macrophage subpopulations 
in murine atherosclerotic aorta. (A) Left: scRNA-seq of CD45+ cells isolated from pooled 
whole aortas of LDLR KO mice (n=6) fed a WD for 12 wk. Dimensionality reduction and 
identification of clusters of transcriptionally similar cells were performed in an unsupervised 
manner using Seurat package. Right: Heatmap showing the top 30 differentially expressed 
genes for each leukocyte cluster. Normalized gene expression is shown. (B) Expression of 
principal hematopoietic markers in the 11 identified cell clusters shown as a t-distributed 
stochastic neighbor embedding (t-SNE) plot with colors corresponding to expression levels or 
shown as a distribution of gene expression levels in clusters. UMIs indicate unique molecular 
identifiers.  
 
To identify cells in the 11 leukocyte clusters, we examined well-known immune cell 
markers. First, macrophages showed the largest cell numbers and had the most diverse 
subpopulations (Figure 3.1B) among CD45+ aortic leukocytes. Clusters 0 to 5, 7, and 8 
exhibited high-level expression of macrophage marker genes, such as those encoding Cd64 
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(Fcgr1) and Mafb (Figure 3.1B). Four macrophage clusters (0, 3, 5, and 7) expressed high 
levels of Cd206 (Mrc1), whereas Lyve1 was highly expressed in clusters 0, 3, and 5 suggesting 
that these populations may be resident adventitial macrophages (Figure 3.1B). Itgax was 
highly expressed in cluster 4 (Figure 3.1B). Next, we performed gene set enrichment analysis 
to observe functional enrichment of DEGs (all enriched genes and pathways are listed in 
Online data set 3.1 and 2, Supplemental figure 3.1, and Supplemental table 3.1). Clusters 
0 and 3 showed upregulated expression of genes related to endocytosis pathways. Cluster 1 
showed increased expression of inflammatory genes related to NF-κB (nuclear factor κB), 
TNF (tumor necrosis factor), IL (interleukin)-17, cytokine, and TLR (Toll-like receptor) 
signaling pathways. Cluster 2 genes were involved in DNA replication and ribosome 
pathways. Cluster 4 contained highly expressed genes associated with metabolic pathways, 
including cholesterol metabolism, oxidative phosphorylation, and PPAR (peroxisome 
proliferator-activated receptor) signaling pathway. Cluster 5 contained inflammatory genes 
involved in cytokine/chemokine pathways similar to the gene expression pattern of cluster 1. 
Cluster 7 showed upregulated expression patterns in interferon-stimulated genes, including 
Mx1, Oasl1, and Stat1/2, suggesting interferon-responsive macrophages (Supplemental table 
I). Cells in cluster 8 showed highly enriched cell cycle-related genes, such as Ccna2, Cdk1, 
and Cdk4, suggesting proliferating macrophages.  
Cluster 9 was enriched for T-cell receptors (CD3e/d/g) and T-cell subset markers 
(CD8a and Foxp3), indicating that this cluster represents T cells (Figure 3.1B; Supplemental 
figure 3.1; and Supplemental table 3.1). Clusters 6 and 10 showed high-level expression of 
genes required for DC differentiation, such as Flt3 and Zbtb46 (Figure 3.1B; Supplemental 
table 3.1). CD11c (Itgax) and some MHCII molecule (H2-DM/-O)-encoding genes (Figure 
3.1B) were also expressed those clusters, and cluster 10 was the only group in which the gene 
for CD103 (Itgae) was expressed (Supplemental figure 3.1; and Supplemental table 3.1), 





3. 4. 2  Lipid Staining-Based Flow Cytometric Method Identifies Lipid- 
  Laden Foam Cells of Atherosclerosis 
To confirm and characterize the cells of the scRNA-seq identified cluster that appeared 
to represent intimal foamy macrophages, we set out to develop a new flow cytometric method 
for detecting lipid-laden cells in aortic single-cell suspensions. To first examine the use of the 
neutral lipid stain BODIPY493/503 in atherosclerotic aortas, we performed en face costaining 
using Oil Red O and BODIPY493/503 (Figure 3.2A) and found that the atherosclerotic 
lesions formed at aortic intimal surfaces were specifically stained by both Oil Red O and 
BODIPY493/503.  
To examine whether BODIPY493/503 can be used in flow cytometry to detect lipid-
laden foam cells, we stained single-cell suspensions of mouse atherosclerotic aortas with 
BODIPY493/503 and Zombie Aqua viability dye (Figure 3.2B and 3.2C). After gating out 
the autofluorescent dead cells and debris, we found that aortic cells have higher granularity 
(SSChi) and positivity for BODIPY493/503 staining (BODIPYhi; Figure 3.2B). These 
SSChiBODIPYhi cells were only found in atherosclerotic aortas from Western diet (WD)-fed 
LDLR KO and ApoE KO (apolipoprotein E knockout) mice (Figure 3.2D). To define the 
location of SSChiBODIPYhi cells in the atherosclerotic aorta, aortic adventitia was separated 
by partial enzyme digestion and peeling (Supplemental figure 3.2). SSChiBODIPYhi cells 
were not found in the adventitia of atherosclerotic aorta and normal aorta (Figure 3.2E). The 
number of SSChiBODIPYhi cells was positively correlated with the anatomic distribution of 






Figure 3.2. BODIPY493/503-based lipid staining and flow cytometry define lipid-laden 
cells from atherosclerotic aortas. (A) Lipid staining of atherosclerotic lesions. The lesions 
were first stained with BODIPY493/503 (green) and imaged and then subsequently stained 
with Oil Red O and imaged (red). (B) Gating strategy of lipid probe–based flow cytometry for 
detecting aortic foam cells. (C) Live/dead staining using Zombie Aqua showed that most 
autofluorescent cells were dead. (D) Cells with high granularity (SSChi) were strongly stained 
with BODIPY493/503. Aortic cells from B6, normal diet (ND)-fed LDLR KO, Western diet 
(WD)-fed LDLR KO, and ApoE KO mice were analyzed. This result is representative of at 
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least 3 independent experiments. (E) Aortic SSChiBODIPYhi cells were found in athero-
sclerotic intimal tissue but not in adventitia or normal aorta. The separation of adventitia from 
aorta was performed by partial enzyme digestion. SSChiBODIPYhi foam cells were counted by 
flow cytometry (n=9 per group). DAPI indicates 4',6-diamidino-2-phenylindole; FSC, forward 
side cytometer; SSC, side-scattered light; and WT, wild type.  
 
3. 4. 3  Assessment of Atherosclerosis in Mouse Models, Using Lipid Probe- 
   Based Flow Cytometry 
We next examined whether atherosclerosis can be quantitatively assessed by our flow 
cytometric approach in LDLR KO and ApoE KO mice fed a WD for 4, 8, or 12 weeks. In 
WD-fed ApoE KO and LDLR KO mice, total cholesterol and LDL levels were dramatically 
increased (Supplemental figure 3.4A). As shown in Supplemental figure 3.3B, 
atherosclerotic lesions in the aorta were marginal at 4 weeks but markedly increased after 8 
and 12 weeks. In flow cytometric analysis, the number of SSChiBODIPYhi foam cells in these 
mice gradually increased (Figure 3.3A and 3.3B). We compared atherosclerosis assessment 
using our flow cytometric method with the classic measurement of atherosclerotic lesions by 
Oil Red O staining and found that the 2 methods were comparable in assessing the severity of 
atherosclerosis (Figure 3.3A and 3.3B). The aortic foam cells were divided into CD45+ and 
CD45– populations (Supplemental figure 3.5A). Of the total foam cells in ApoE KO and 
LDLR KO mice fed a WD for 12 weeks, 90.5±1.6% and 80.8±5.5% were CD45+, 
respectively. A prolonged WD decreased CD45+ cells to 67.2±6.2% of the total foam cells. In 
CD45+ foam cells, 98.7±0.5% (ApoE KO; 12-week WD), 96.9±2.5% (LDLR KO; 12-week 
WD), and 93.9±2.5% of cells (LDLR KO; 33-week WD) were CD11b+CD64+ (Supplemental 
figure 3.5B). We then compared the time-dependent changes in abundance of 
CD11b+CD64+SSChiBODIPYhi foamy macro- phages and total aortic macrophages (Figure 
3.3C through 3.3E). Whereas the number of foamy macrophages was markedly increased in 
WD-fed mice (≤100–1000-fold), the total number of aortic macrophages only showed a slight 
change (Figure 3.3D and 3.3E, left). We further assessed atherosclerotic lesions in a 
transgenic mouse model expressing a gain-of-function D374Y- hPCSK9 (D374Y mutant form 
of human proprotein convertase subtilisin/kexin type 9) with elevated plasma total cholesterol, 
triglyceride levels, and atherosclerotic lesions (Supplemental figure 3.4A and 3.4C).27, 28, 29, 
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30 The number of SSChiBODIPYhi foam cells was significantly increased in D374Y-hPCSK9 
transgenic mice (10574±3738 cells per aorta) compared with that in WT (wild type) controls 
(343±136 cells per aorta; Supplemental figure 3.4C). During foam cell formation, cellular 
granularity and size can increase through the accumulation of lipid droplets. Because flow 
cytometric analysis can be used to monitor the relative granularity and size of cells through 
analysis of forward side cytometer and SSC parameters, respectively, we compared the 
granularity and size of foam cells in mice fed a WD for 4, 8, and 12 weeks and divided the 
foam cells into 4 groups (Supplemental figure 3.6A and 3.6B). In ApoE KO mice, small 
foam cells with high granularity (P4) were markedly increased between 4 and 8 weeks 
(Supplemental figure 3.6A). Similarly, LDLR KO mice fed a WD showed increased levels of 
small foam cells with high granularity (Supplemental figure 3.6B). These results indicate that 
aortic phagocytic cells take up and accumulate more lipids in their cytosols during 









Figure 3.3. The frequency of SSChiBODIPYhi cells is positively correlated with the 
severity of atherosclerosis. (A and B) Comparison of atherosclerosis assessment by en face 
Oil Red O staining and lipid probe–assisted flow cytometry in ApoE KO (n=6) and LDLR KO 
(n=7) mice. Left: Increase in SSChiBODIPYhi foam cells (red, percentage of foam cells; blue, 
number of foam cells) during a Western diet (WD) for 4, 8, or 12 wk. Right: Similarity 
between atherosclerosis assessment by flow cytometry and en face Oil Red O staining. The 
size of the Oil Red O-stained area (red) and number of foam cells (blue) were normalized to 
between 0 and 1. *P<0.01, **P<0.001. (C) Gating strategy to identify foamy macrophages 
(MØs) from whole atherosclerotic aorta. (D and E) Comparison of abundance changes in 
aortic foamy MØs and total aortic MØs in ApoE KO (n=6) and LDLR KO (n=7) mice. Left 
(dot graph): Fold changes compared with cells at the 0 time point (t0=0 wk; base=1). The 
number of foamy MØs (red) dramatically increased during WD. Right (bar graph): 
Percentages of foamy (red) and non-foamy (blue) MØs in total aortic singlets at each time 
point (4, 8, and 12 wk). FSC indicates forward side cytometer; and SSC, side-scattered light. 





3. 4. 4  Evaluating The Therapeutic Potential of Anti-atherosclerotic Treat- 
   ments Using Lipid Probe-Based Flow Cytometry 
We examined whether our method can be used to evaluate the therapeutic potential of 
antiatherogenic drugs. We treated LDLR KO mice for 10 weeks with atorvastatin or 
rosuvastatin, which are 2 representative HMG-CoA reductase inhibitors used to treat 
atherosclerosis.31 The administration of statins effectively attenuated atherosclerosis 
(Supplemental figure 3.7), and the number of foam cells significantly decreased by 
atorvastatin (2454±1109 cells per aorta) and rosuvastatin (2172±704 cells per aorta) treatment 
compared with that of control PBS-injected mice (6356±1032 cells per aorta; Supplemental 
figure 3.8A). Foamy macrophage numbers also significantly decreased by atorvastatin 
(1908±982 cells per aorta) and rosuvastatin (1693±621 cells per aorta) treatment compared 
with that of PBS controls (4828±802 cells per aorta; Supplemental figure 3.8A). We next 
analyzed the foam cells of a plaque regression model by injecting ApoE KO mice with adeno-
associated viral vectors encoding apoE6 (Supplemental figure 3.8B and 3.8C). The number 
of foam cells and foamy macrophages were markedly decreased in the adeno-associated viral 
vectors encoding apoE group compared with that in the control group (Supplemental figure 
3.8B). 2-hydroxypropyl-β-cyclodextrin (CD) has been reported to induce the plaque regression 
by removing cholesterol crystals32, 33, 34, lowering intracellular cholesterol levels in vivo35 and 
inducing macrophage reprogramming and LXR (liver X receptor)-dependent 
atheroprotection.36 LDLR KO mice with advanced atherosclerosis (WD for 25 weeks) were 
injected with CD (2 g/kg body weight) or PBS (vehicle control) for 8 weeks on a WD. CD 
treatment did not alter body weight (data not shown) but significantly decreased the number of 
aortic foam cells (1766±529 cells per aorta) compared with that in PBS controls (3138±1114 
cells per aorta; Supplemental figure 3.8D). These results indicate that our flow cytometric 





3. 4. 5  CD45+SSChiBODIPYhi Foam Cells Mostly Originate From Macro- 
  phages 
Although most CD45+ foam cells were CD11b+CD64+ macrophages, we examined 
whether other immune cells can participate in foam cell formation. As we reported 
previously37, aortic CD45+ immune cells included macrophages (CD11b+CD64+), 
plasmacytoid DCs (PDCA1+B220intLy6c+CD11b−CD64−), DCs (CD64−CD11c+MHCII+), 
monocytes (CD64−CD11c−CD11b+Ly6clo-hi), neutrophils (CD11b+CD64−Ly6G+), T cells 
(CD11b−CD64−CD3+), and B cells (CD11b−CD64−MHCII+B220+; Figure 3.4A). Unlike 
macrophages, other immune cells were SSClo and BODIPYlo except very few DCs and 
monocytes (Figure 3.4B). In the t-distributed stochastic neighbor embedding plot produced by 
fluorescence-activated cell sorting data, most CD45+ foam cells were found in the 
CD11b+CD64+ macrophage population (Figure 3.4C; Supplemental figure 3.5B). 
Collectively, these results support the notion that most atherosclerotic foamy leukocytes 
originate from macrophages. Furthermore, SSChiBODIPYhi foamy macrophages showed 
relatively higher levels of CD11c than did non-foamy macrophages (Figure 3.5A). T-
distributed stochastic neighbor embedding analysis confirmed that foamy macrophages are 
CD11c+ macrophages (Figure 3.5B). Importantly, the cytosol of aortic SSChiBODIPYhi 
macrophages sorted out from atherosclerotic aorta contained abundant lipid droplets, whereas 
cytosol lipid droplets in SSCloBODIPYlo macrophages were scant (Figure 3.5C). CD11c+ 
foamy macrophages were in the atherosclerotic lesion area (Figure 3.5D), and 
immunostaining CD206 and CD11c showed that most CD11c+ cells were found in the intimal 
lesion area, whereas CD206+ cells were located in the adventitia (Figure 3.5E and 3.5F; 
Online movie 3.1; Supplemental figure 3.2C). When we analyzed macrophage populations 
in CD-treated mice, we found that CD treatment effectively decreased both foamy 
macrophages and non-foamy macrophage levels. CD11c+ non-foamy macrophages were more 
susceptible than CD206+ non-foamy macrophages to CD treatment (Supplemental figure 
3.8E). We then separated aortic intimal tissue and adventitia and analyzed their macrophage 
populations using flow cytometry (Figure 3.5G). The adventitia of atherosclerotic aortas 
contained CD206+ macrophages (Figure 3.5E and 3.5G), whereas CD11c+ macrophages were 





Figure 3.4. CD45+SSChiBODIPYhi leukocytes originate from macrophages (MØs). (A) 
Gating strategy to identify immune cell populations, including MØs, dendritic cells (DCs), 
plasmacytoid DCs (pDCs) monocytes, T cells, regulatory T cells (Tregs), B cells, and 
neutrophils from whole atherosclerotic aorta. (B) Representative plots of side-scattered light 
(SSC) and BODIPY levels from aortic immune cells in atherosclerosis. (C) t-distributed 
stochastic neighbor embedding (t-SNE) analysis of fluorescence-activated cell sorting (FACS) 
data. The colored clusters correspond to each leukocyte population. CD45+SSChiBODIPYhi 
foam cells (red) mostly overlapped with the MØ population. The results are representative of 
at least 3 independent experiments. FSC indicates forward side cytometer; Ly6C, lymphocyte 
antigen 6; MHC II, major histocompatibility complex II; and PDCA-1, plasmacytoid dendritic 





Figure 3.5. SSChiBODIPYhiCD11c+ macrophages (MØs) contain cytosolic lipid droplets 
and reside in the atherosclerotic intima. (A) Flow cytometric detection of foamy MØs from 
LDLR KO mice fed a Western diet for 12 wk. Foamy MØ (red box) CD11c levels were higher 
than in non-foamy MØs (blue box). These plots represent of data from 6 atherosclerotic aortas. 
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(B) t-distributed stochastic neighbor embedding (t-SNE) analysis of fluorescence-activated 
cell sorting (FACS) data. The majority of foamy MØs (red) overlapped with CD11c+ MØs 
(blue). These figures are representative of 3 experiments. (C) Morphology of aortic 
SSChiBODIPYhi and SSCloBODIPYlo MØs. SSChiBODIPYhi and SSCloBODIPYlo cells were 
sorted from atherosclerotic aortas (n=3), stained with Hema 3 (left) or Oil Red O (middle), 
and analyzed by optical or transmission electron microscopy (EM). (D) Immunofluorescence 
staining of CD11c and MOMA-2 (antimacrophage/monocyte antibody). Lesional CD11c+ and 
MOMA-2+ cells (red) were costained with BODIPY493/503 (green). (E) Immunofluorescence 
staining of CD11c (red) and CD206 (blue) in an atherosclerotic aortic arch. CD11c (red) 
staining was mostly detected in the aortic lesion and some adventitial areas. The green signal 
is autofluorescence. (F) Whole-mount immunostaining of CD11c in intimal lesions. (G) 
Comparison of CD206 and CD11c expression in adventitial MØ (blue) and intimal foamy 
MØs (red). FSC indicates forward side cytometer; and SSC, side-scattered light.  
 
We next examined the proportional changes of intimal foamy (CD64+ CD11b+ SSChi 
BODIPYhi) and non-foamy (CD64+ CD11b+ SSClo BODIPYlo) macrophages during 
atherosclerosis progression (Supplemental figure 3.9A). Intimal macrophages were gradually 
increased in aortic intima of LDLR KO mice fed WD for 12 and 24 weeks (2001±936 versus 
4817±550 cells per aorta, respectively; P=0.017; Supplemental figure 3.9B). The percentage 
of foamy macrophages in total intimal macrophages was not markedly increased at 24 weeks 
compared with 12 weeks (12 weeks, 18.5±11%; 24 weeks, 23.8±4.9%; P=0.26; Supplemental 
figure 3.9B). 
 
3. 4. 6  RNA-seq Uncovers Distinct Gene Expression Between Intima Foamy 
   and Non-foamy Macrophages in Atherosclerosis 
To analyze the transcriptomic profile of intimal foamy and non-foamy macrophages, 
live (propidium iodide−) SSChi BODIPYhi foamy macrophages and SSClo BODIPYlo non-
foamy macrophages were simultaneously isolated from adventitia-removed atherosclerotic 
aortas (Figure 3.6A). We performed RNA-seq on the 2 populations (GSE116239) and found 
that non-foamy and foamy macrophages had different degrees of variation in their expressed 
genes (Figure 3.6B and 3.6C; and Online data set 3.3). Non-foamy and foamy macrophages 
had different numbers of DEGs, with 580 genes for foamy macrophages and 748 genes for the 




Figure 3.6. Transcriptome profiling reveals distinct gene expression between intimal 
foamy (F) and non-foamy (NF) macrophages (MØs) in atherosclerosis. (A) Fluorescence-
activated cell sorting (FACS) of live (propidium iodide [PI-]) SSCloBODIPYlo and 
SSChiBODIPYhi MØs from the aortic tissues without adventitia of ApoE KO mice (n=6) fed a 
Western diet for 28 wk. (B) Principal component analysis (PCA) of variances in the bulk 
RNA-seq dataset of intima F and NF MØs. PCA plot was generated using the 500 most 
variable genes. (C) Differential expression between F and NF MØs represented as a heatmap 
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(genes are sorted by T statistic). Gene Set Enrichment Analysis (GSEA) plots for 2 
representative Kyoto encyclopedia of genes and genomes (KEGG) pathways (cytokine-
cytokine receptor interaction for NF MØs and lysosome for F MØs) are shown next to the 
heatmap. (D) Volcano plot of genes enriched in each cell group. Genes with adjusted P values 
<0.05 (red) are arranged by their P values and fold changes (log2). (E) Heatmap of 
representative genes involved in foam cell formation during atherosclerosis, as assessed by a 
comparison between intimal NF and F MØs. Genes were enriched in each NF or F MØ group 
with an adjusted P <0.05. The fold change of each gene (log2FC) and adjusted P value (P adj) 
were shown with the heatmap. PC1 and PC2 indicate principal component 1 and 2; and SSC, 
side-scattered light.  
 
We then analyzed the expression of genes related to cholesterol and fatty acid 
transport, cholesterol uptake, and proinflammatory and anti-inflammatory responses and found 
that the 2 populations showed markedly different gene expression profiles (Figure 3.6E; 
Online data set 3.3; Supplemental figure 3.10).38 Furthermore, the expression of some genes 
related to efferocytosis, such as Cd36, Mertk, and Nr1h3, was found elevated in foamy 
macrophages, whereas genes like Ccl2, Ccr2, and Abca7 were downregulated. The 
inflammatory genes, such as I1b, Nfkbia, Tlr2, and Tnf, were mostly upregulated in non-foamy 
macrophages. In contrast, resolving/regression-related genes were upregulated in foamy 
macrophages compared with that in non-foamy macrophages (Supplemental figure 3.10). 
Next, we compared the gene expression signatures of foamy and non-foamy intimal 
macrophages with those of each scRNA-seq cluster. The top 100 DEGs enriched in foamy 
macrophages were mostly found in cluster 4, whereas many of those from non-foamy 
macrophages were specifically expressed in cluster 1 (Figure 3.7A; Online data set 3.3). This 
suggests that scRNA-seq cluster 4 represents the intima foamy macrophages, and cluster 1 






Figure 3.7. Intimal non-foamy (NF) macrophages (MØs), rather than foamy (F) MØs, 
are proinflammatory. (A) Top 100 (left) and bottom 100 (right) genes sorted by T statistics 
from bulk RNA-seq were used to identify clusters corresponding to F and NF MØs in the 
single-cell RNA sequencing (scRNA-seq) dataset. Averaged normalized expression of these 
gene is shown as a t-distributed stochastic neighbor embedding plot with colors corresponding 
to averaged normalized expression. (B) Enriched KEGG pathways comparing cluster 1 with 
cluster 4 in the scRNA-seq dataset (left) or comparing F MØs with NF MØs (right). All 
pathways listed are statistically significant in both comparisons (adjusted P, 0.01). (C and D) 
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Analysis of IL-1β signaling pathway genes in bulk RNA-seq (C; heatmap) and scRNA-seq (D; 
plots). The genes were enriched in each NF or F MØ groups (adjusted P, <0.05) or each 
cluster (adjusted P, <0.01; logFC, >0). DE indicates different expression of genes; IL, 
interleukin; MAPK, mitogen-activated protein kinase; NES, normalized enrichment score; NF 
kappa B, nuclear factor κB; NOD, nucleotide-binding oligomerization domain; PPAR, 
peroxisome proliferator-activated receptor; RNA-seq, RNA sequencing; STAT, signal 
transducer and activator of transcription proteins; Th, type of helper T cell; and TNF, tumor 
necrosis factor.  
 
3. 4. 7  Intimal Non-foamy Macrophages and Not Foamy Macrophages Are 
   Proinflammatory 
In gene set enrichment analysis of DEGs, foamy macrophages expressed fewer 
inflammation-related genes than intimal non-foamy macrophages, whereas genes related to 
lipid metabolism and transport pathways, including cholesterol metabolism (P adj, 9.7e-05), 
and PPAR signaling pathways (P adj, 5.3e-05), such as Abca1, Fabp4, Lipa, and Mertk, were 
highly expressed (Figures 3.6E and 3.7B). Moreover, foamy macrophages showed increased 
expression of genes related to oxidative phosphorylation (P adj, 3.7e-05), lysosome (P adj, 
3.7e-05), and proteasome (P adj, 7.8e-04; Figure 3.7B). In contrast, intimal non-foamy mac- 
rophages were enriched in genes involved in inflammatory processes, including cytokine-
cytokine receptor interaction (P adj, 2.6e-05), NF-κB signaling (P adj, 3.7e-05), IL-17 
signaling (P adj, 2.6e-05), TLR signaling (P adj, 2.2e-04), and TNF signaling pathways (P adj, 
2.6e-05; Figures 3.6E and 3.7B, and Supplemental figure 3.11A).  
Recent successful clinical trials on IL-1β targeted therapy prompted us to compare the 
expression of inflammasome-related genes in foamy and non-foamy macrophages.(39) In bulk 
RNA-seq analysis, inflammasome-related genes were upregulated in non-foamy macrophages 
rather than in foamy macrophages (Figure 3.7C). Likewise, the expression of IL1β and Nlrp3 
was mostly enriched in scRNA-seq cluster 1 (Figure 3.7D; Supplemental figure 3.11B). 
Thus, we attempted to analyze IL-1β mRNA expression in human and mouse atherosclerotic 
lesions by in situ hybridization. We found that IL-1β mRNA expression was downregulated in 
foamy CD68+ macrophages compared with that of non-foamy macrophages in human 
atheroma (Figure 3.8A and 3.8B). Likewise, foam cells poorly expressed IL-1β mRNA in 
mouse atherosclerotic plaque (Figure 3.8C). Moreover, quantitative polymerase chain 
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reaction analysis on sorted foamy and intimal non-foamy macrophages demonstrated that non-
foamy macrophages expressed IL1β, whereas foamy macrophages did not (Figure 3.8D). 
These results suggest that intimal non-foamy macrophages, rather than foamy macrophages, 
are inflammatory in atherosclerotic lesions.  
 
 
Figure 3.8. IL-1β mRNA expression in human and mouse atheroma. (A) Localization of 
IL-1β mRNA in human atheroma (n=4). CD68 (DAB staining) and H&E staining was 
performed to identify foamy macrophage (MØ)-rich and fibrous cap regions with MØs. In situ 
hybridization for DapB and human PPIB was performed as negative and positive controls, 
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respectively. Stars indicate foam cells, and arrow heads mark IL1β-stained cells. (B) The 
percentage of IL-1β mRNA-positive cells in CD68-positive areas of fibrous cap or foam cell-
rich areas (5 different areas, 8.4×104 µm2 each) in human atheroma (n=4). (C) IL-1β mRNA 
expression in mouse atheroma. The stars indicate foam cells, and the arrowhead indicates 
IL1b-stained cells. These figures are representative of 3 experiments. (D) Single-cell 
quantitative polymerase chain reaction (qPCR) analysis of IL-1β mRNA expression in foamy 
or intimal non-foamy MØs sorted from mouse atherosclerotic aorta. Left: mRNA expression 
was normalized to Gapdh mRNA levels (cells from 4 mice). Right: Gel analysis of qPCR end 
products; IL1b and Gapdh. DAB indicates 3,3'-diaminobenzidine; H&E, hematoxylin and 





3. 5  Discussion 
The formation of foam cells and their role in atherosclerosis are important topics of 
discussion when we seek to understand atherosclerosis pathogenesis and in exploring new 
therapeutic targets. Immune cells that are recruited to the subintimal space appear to create an 
inflammatory environment that affects lesion formation and deterioration.5, 8, 9 Therefore, the 
targeting of inflammatory cells is potentially an effective therapeutic regimen for attenuating 
atherosclerosis. Although statins are currently used to control blood lipid levels as a major 
treatment for atherosclerosis, a recent clinical trial of IL-1β–targeting antibody showed 
promising results in attenuating atherosclerosis.39 This indicates that atherosclerosis can be 
treated by an inflammation-regulating drug without controlling blood lipid levels. Clearly, we 
need to better understand the role of inflammatory cells in atherosclerosis.  
Recently, 2 intriguing studies using scRNA-seq demonstrated the heterogeneity of 
leukocyte populations in atherosclerotic aorta containing macrophages, DCs, T cells, B cells, 
NK cells, and granulocytes.40, 41 However, in our scRNA-seq data, macrophages were found to 
compose the largest immune cell population in atherosclerotic aorta, whereas the identification 
of B cells, NK cells, and neutrophils was failed. In our fluorescence-activated cell sorting 
analysis, macrophage was also the largest cell population in aortic CD45+ immune cells 
(Figure 3.4A; Supplemental figure 3.12). Actually, the composition of CD45+ leukocyte 
populations sorted from tissue can vary depending on how the cells are isolated from the 
tissue, that is, type and concentration of digestive enzymes, digestion time, and pore size of 
strainer. Because the aim of this study was to examine the transcriptome of macrophage 
populations in aortic tissue, we used a higher concentration of the enzyme mixture and longer 
digestion time than previous studies (Supplemental table 3.2). This means that our cell 
extraction method is more optimized for isolating macrophages that are more firmly attached 
to the aortic tissue than other immune cells. Because relatively small population may not be 
recovered in scRNA-seq analysis owing to technical limitation, our isolation method seems to 
be responsible for the difference in immune cell composition between our scRNA data and 2 
previous data.  
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Various cellular markers for macrophages overlap with those of DCs, even though the 
2 cell types are completely different in their functions. For example, CD11c (Itgax)-positive 
DCs are involved in the formation of early atherosclerotic lesions42, whereas proinflammatory 
macrophages and foamy macrophages also express Itgax on the protein and mRNA level. In 
the absence of a clear method for separating foamy and non-foamy macrophages from 
atherosclerotic aorta, most previous studies used in vitro cultures of macrophage cell lines. 
Although such cultures reasonably mimic the foam cells of atherosclerosis, they do not 
recapitulate various in vivo microenvironmental factors that affect the formation or 
pathophysiology of foam cells in atherosclerotic lesions, as cell phenotypes can vary 
depending on the culture conditions. Indeed, in vivo studies have shown the changes in gene 
and protein expressions of foam cells directly extracted from the peritoneum of atherosclerotic 
mice.21 Laser capture microdissection was found to recapitulate the specific propensity of in 
situ foam cells in lesions.43 However, because many marker genes overlap between cell types, 
this method did not enable researchers to distinguish among the myeloid cells. Moreover, 
recent reports have indicated that smooth muscle cells (SMCs) can generate lesional foam 
cells that express some macrophage markers.44 Foamy peritoneal macrophages were 
previously shown to be enriched for molecules involved in physical interaction and vesicular 
transport rather than lipid metabolism or proinflammatory responses.45 Lipid-laden peritoneal 
macrophages exhibited upregulation of genes related to angiogenesis, lipid metabolism, and 
extracellular matrix organization, as well as downregulation of genes involved in 
inflammatory sterol metabolism, genes through desmosterol-induced activation of the LXR 
pathway.21 In animal experiments, foamy macrophages recruited to subcutaneously inserted 
sponges showed upregulation of genes related to connective tissue development and function, 
cell growth, cell proliferation, and cholesterol metabolism (eg, Abca1, Pparγ, Rxra, Rxrb, and 
Srebp1).46 Laser capture microdissection followed by transcriptome analysis showed that 
lesional foam cells were enriched for CD68 and CD14, negative for the SMC markers, α-actin 
and MYH11, and exhibited increased expressions of TNF, IL-1β, SR-A, ABCA1, and 
ADFP.47 In a laser capture microdissection experiment comparing mice fed a high-cholesterol 
diet for 2 or 14 weeks, lesional foam cells showed upregulation of CXCL13 (CXC motif 
ligand 13) in the 2-week group and upregulation of GBPs (guanylate-binding proteins) in the 
14-week group with no overall change in inflammatory genes expression.43 Notably, however, 
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these laser capture microdissection experiments failed to clearly separate lesional foamy 
macrophages from other cell types.  
In this study, foamy macrophages showed a strikingly reduced expression of 
inflammatory genes and increased expression of genes related to cholesterol uptake, 
processing, and efflux, whereas intimal non-foamy macrophages expressed elevated levels of 
genes encoding cytokines that are related to the recruitment of leukocytes to lesions and 
exacerbation of inflammation (eg, IL1β and Nlrp3), indicating that the inflammasome is 
activated. These results suggest that newly recruited macrophages promote lesion 
development by producing proinflammatory molecules. Considering the success of a recent 
clinical trial of an anti–IL-1β antibody canakinumab39, it appears that highly proinflammatory 
intimal non-foamy macrophages may critically contribute to the development and progression 
of plaque, whereas foamy macrophages may try to defuse plaque progression by exhibiting 
enhanced lipid uptake and efflux until they undergo apoptotic cell death. To confirm the 
transcriptomic profiles of lesional macrophages and further characterize total foam cell 
populations containing CD45+ and CD45− foam cells, we performed another scRNA-seq 
analysis (GSE116240, ApoE−/− aorta dataset) on isolated live total foam cells from 
atherosclerotic aorta. The gene expression profiles of SSChiBODIPYhi foam cells (n=809) 
sorted from pooled atherosclerotic aortas of ApoE KO mice (n=6) were successfully analyzed, 
and the cells were divided into 2 large groups containing 8 clusters (Supplemental figure 
3.13A).  
Clusters 2, 3, 4, 5, and 6 expressed Ptprc (CD45) and Mafb, indicating these clusters 
are foamy macrophages (Supplemental figure 3.13B). In agreement with our previous data, 
the clusters of foamy macrophages (clusters 2–6) expressed low levels of inflammatory genes 
like IL1b, Nlrp3, Tnfsf9, and Nfkb1 (Supplemental figure 3.13C) but showed increased 
expression levels of Lgals3, Ctsb, Itgax, and Trem2 (Supplemental figure 3.13D). 
Furthermore, we confirmed the expressions of the top 100 enriched genes of non-foamy or 
foamy macrophages in scRNA-seq data of total foam cells (Supplemental figure 3.14A). 
Whereas foamy macrophage genes were enriched in clusters 2 to 6, non-foamy macrophage 
genes were poorly expressed in these clusters. In accordance with our previous data, the 
functional enrichment analysis on scRNA data of total foam cells demonstrated that foamy 
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macrophages had increased expression of genes related to oxidative phosphorylation, 
cholesterol metabolism, lysosome, and proteasome (Supplemental figure 3.14B). Previously, 
macrophages contributing to lesion formation have been known to be mostly derived from 
circulating precursors and increase during disease progression.48 But recently, local 
proliferation of macrophages importantly contributes to lesion formation during the 
atherogenesis.49, 50 Interestingly, there was a macrophage subpopulation having increased 
expression of gene-related cell cycle and proliferation in our scRNA-seq data of CD45+ aortic 
cells (Figure 3.1A, cluster 8; Supplemental table 3.1). In addition, a small foam cell 
subpopulation expressing high level of cell cycle/proliferation-related genes was also 
identified in scRNA-seq analysis on total mouse foam cells (Supplemental figure 3.15A and 
3.15B, cluster 6). 5.8±2.8% of total foamy macrophages expressed KI-67 in foam cell-rich 
area of human atheroma. In fibrous cap area, 9.54±0.54% non-foamy macrophages were Ki-67 
positive, which was slightly higher than the percentage of foamy macrophages. 
(Supplemental figure 3.15C). Thus, although macrophages seem to proliferate constantly 
irrespective of lipid accumulation, proliferation was more during the non-foamy stage. Thus, 
the proliferation of macrophages seems to happen constantly, regardless of their lipid 
accumulation, but it seems to occur more during non-foamy stage. However, further studies 
are required to understand the exact origin and characteristics of plaque macrophages. For 
instance, additional scRNA-seq analysis on lesional macrophages isolated from early or 
advanced plaques would be useful to dissect macrophage subsets in lesions and understand the 
phenotypic changes of macrophages during disease progression. Furthermore, fate-mapping 
experiments may be useful for tracing lesional macrophages and examining the origin of 
foamy and non-foamy macrophages, that is, whether foamy macrophages are generated mostly 
from non-foamy macrophages or a specific subset of macrophages.  
In our scRNA-seq data of total foam cells, clusters 0 and 1 expressed Tagln and Acta2, 
whereas cluster 7 had high expression levels of Pecam1 (Supplemental figure 3.13B). This 
result suggests that CD45− foam cells would be derived from SMCs and endothelial cells. 
Because previous reports suggested that vascular SMCs can also generate foam cells in 
atherosclerotic plaque51, 52, we stained foam cells with SMC markers to define SMC derived-
foam cells. In flow cytometric analysis, we found that foam cells included CD45− cells 
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expressing αSMA (α-smooth muscle; Supplemental figure 3.16A). In atherosclerotic plaque, 
some BODIPY+ cells also expressed SM22α (smooth muscle protein 22 alpha)—another SMC 
marker (Supplemental figure 3.16B and 3.16C). These results indicate that although a large 
proportion of foam cells is derived from macrophages, SMCs also contribute to foam cell 
formation.  
Collectively, we first established a lipid probe–based flow cytometric method for 
analyzing foamy macrophages of the atherosclerotic intima to further enable transcriptomic 
profiling of intimal foamy and non-foamy macrophages. Our RNA-seq analysis revealed for 
the first time that macrophage subtypes of atherosclerotic aorta exhibit distinct transcriptomic 
profiles according to their lipid content. Although we showed attenuated IL1β expression in 
foamy macrophages in human atherosclerotic lesions, the transcriptomic profile of human 
lesional macrophages remains to be elucidated. Actually, the preparation of foamy and non-
foamy macrophages for scRNA-seq or bulk RNA-seq analyses from human atherosclerotic 
aorta is still highly challenging. But it is very important to demonstrate whether the 
transcriptomic profiles of human foamy and non-foamy macrophages are comparable with 
those of murine counterparts, which will provide new immunologic insights on the innate 





3. 6  Methods 
 
3. 6. 1  Mice 
ApoE−/−, Ldl−/−, CX3CR1-GFP, LysM-Cre and ROSA26tdTomato mice (C57BL6/J 
background) were obtained from Jackson Laboratory (Bar Harbor, ME). D374Y-hPCSK9 
transgenic mice (C57BL6/J background) were obtained from Dr. Anne K. Soutar.29 All mice 
were maintained under specific pathogen-free conditions. Mice were randomly assigned to 
either experimental or control group, using a single sequence of simple randomization 
assignments. Western diet (WD) (49.9% carbohydrates, 17.4% protein, 20% fat, and 0.15% 
cholesterol) was obtained from Test Diet (cat. AIN-76A; St. Louis, MO). D374-hPCSK9 mice 
were fed a WD for 19 weeks, whereas ApoE−/− and Ldlr−/− mice were fed a WD as indicated 
for each experiment. To assess the effects of drugs on atherosclerosis, Ldlr−/− mice were fed a 
WD for 10 or 12 weeks and intraperitoneally injected with atorvastatin or rosuvastatin (10 
g/kg body weight) twice a week during WD feeding. The control mice were injected with 
phosphate-buffered saline (PBS; 200 µL). Ldlr−/− mice fed a WD for 25 weeks were injected 
subcutaneously with 2-hydroxypropyl-ß-cyclodextrin (CD; 2g/kg body weight, H-107; Sigma-
Aldrich, St. Louis, MO) or PBS (200 µL) twice a week for an additional 8 weeks on a WD.36 
For the plaque-regression model, ApoE−/− mice were fed a WD for 22 weeks, intravenously 
injected with adeno-associated virus 8 (AAV8; 1×1012 genome copies) and sacrificed 3 weeks 
later. Male mice were used to minimize hormonal effects (e.g., of estrogen). All animal 
protocols were approved by the Institutional Animal Care and Use Committee of Hanyang 
University, Seoul, Korea; the Institut de Recherches Cliniques de Montréal, Montreal, Canada; 
the Washington University School of Medicine, St. Louis, MO.  
 
3. 6. 2  Human Samples 
Atherosclerotic aortic tissues were obtained from patients after receipt of written 
informed consent in accordance with the Declaration of Helsinki. The study protocol was 
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approved by the Institutional Review Board of Seoul National University hospital, Seoul, 
Korea.  
 
3. 6. 3  Antibodies and Reagents 
The biotinylated anti-CD11c antibody (clone HL3; cat. 553800) was obtained from BD 
Biosciences (Franklin Lakes, NJ). Antibodies against CD16/32 (clone 93; cat. 101320), CD45 
(clone 30-F11; cat. 103113), CD11b (clone M1/70; cat. 101241), CD11c (clone N418; cat. 
117335), CD64 (clone X54- 5/7.1; cat. 139307), MHCII (clone M5/114.15.2; cat. 107621), 
CD206 (clone C068C2; cat. 141712), CD3 (clone 17A2; cat. 100245), CD4 (clone GK1.5; cat. 
100426), PDCA-1 (clone 927; cat. 127019), B220 (clone RA3-6B2; cat. 103244), Ly6G 
(clone 1A8; cat. 127612) and Ly6C (clone HK1.4; cat. 128031) were obtained from 
BioLegend (San Diego, CA). The anti-FoxP3 antibody (clone FJK-16s; cat. 17-5773-82) and 
FoxP3 transcription factor-staining buffer set (cat. 00-5523-00) were obtained from 
eBioscience (San Diego, CA). The anti-macrophage/monocyte antibody (clone MOMA-2; cat. 
MCA519GT) was obtained from Bio-Rad Laboratories (Hercules, CA). Alexa 780-conjugated 
streptavidin (cat. 47-4317-82) and Alexa 647-conjugated streptavidin (cat. S21374) were 
obtained from eBioscience and Invitrogen (Waltham, MA), respectively. Anti-SM22α (cat. 
ab10135) and anti-goat IgG(H+L) A594-conjugated antibody (ab150132) was obtained from 
Abcam (Boston, MA). Anti-KI- 67 (clone MIB-1; cat. M7240) was obtained from DAKO 
(Santa Clara, CA) and anti-human CD68 antibody (clone 514H12 cat. PA0273) was purchased 
from Leica. The Zombie Aqua fixable viability kit (cat. 423101), used to stain dead cells was 
purchased from BioLegend. Propidium iodide solution (cat. 130-093-233) was used to detect 
dead cells, purchased from Miltenyi Biotec (Bergisch Gladbach, Germany). BODIPY493/503 
was obtained from Invitrogen (cat. D3922), and stock solutions were prepared by dissolving it 
in DMSO to a final concentration of 10 mmol/L. Before use, 10 mmol/L BODIPY493/503 
was diluted with PBS to the appropriate concentration. DNase I (cat. DN25), collagenase I 
(cat. C0130), collagenase XI (cat. C7657) and hyaluronidase (cat. H1115000) were obtained 




3. 6. 4  Aortic Singlet Preparation for Lipid Probe-Based Flow Cytometry 
Single-cell suspensions of the aorta were prepared as previously reported24 with minor 
modifications. In brief, mice were perfused with at least 10 mL of fresh cold PBS to eliminate 
blood contamination before isolating the aorta. The isolated aortas were further perfused with 
PBS and opened longitudinally and washed again with PBS. The whole aorta (including the 
aortic sinus, arch, thoracic aorta and abdominal aorta) was carefully dissected and the 
perivascular fat and cardiac muscle were removed. The aortic tissue was cut into 2–5 mm 
pieces and incubated at 37 °C for 70 min with gentle shaking in a PBS solution with calcium 
and magnesium containing DNase I (90 U/mL), collagenase I (675 U/mL), collagenase XI 
(187.5 U/mL), hyaluronidase (90 U/mL). To separate the intima-media tissue from the 
adventitia, the whole aorta was incubated in collagenase II (400 U/mL; cat. C6885; Sigma 
Aldrich) with hyaluronidase (90 U/mL) for 8 min and then the intima and adventitia were 
physically separated. For discriminating dead cells, the cells were pre-stained with Zombie 
Aqua, or stained with PI solution just before cell loading of the flow cytometer as 
recommended by the manufacturers. Non-specific binding to the Fc receptor was blocked, and 
the cells were incubated with the indicated antibodies at 4 °C for 30 min. The cells were 
permeabilized with the Foxp3 transcription factor-staining buffer set and then incubated with a 
biotinylated anti-α-SMA antibody and fluorochrome-conjugated streptavidin at 4 °C for 30 
min and 20 min, respectively. The cells were gently washed with 2% fetal bovine serum (FBS) 
in PBS and incubated with 40 nmol/L BODIPY493/503 in PBS at 4 °C for 30 min. Flow 
cytometric analyses, including t-distributed stochastic neighbor Embedding (t-SNE), were 
performed using a fluorescence-associated cell sorter (FACS) Fortessa or LSRII (BD 
Biosciences) instrument and FlowJo software (version 10.3; Tree Star Inc, Ashland, OR).  
 
3. 6. 5  RNA-seq 
For single cellRNA sequencing (scRNA-seq) analysis of aortic CD45+ cells, aortas 
from Ldlr−/− mice (n = 6) fed a high-fat diet for 12 weeks were pooled and digested with an 
enzyme mixture. Aortic single cells were stained with anti-CD45 antibody and PI. PI−CD45+ 
cells were sorted out using FACSAriaIII (BD Bioscicences). For scRNA-seq analysis of total 
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aortic foam cells including both CD45+ and CD45− foam cells, the aortas from ApoE−/− mice 
(n=6) fed a high-fat diet for 27 weeks were used and the cells were stained with PI and 
BODIPY493/503. PI−SSChiBODIPYhi cells were sorted out for scRNA-seq analysis. The cells 
are prepared and resuspended in a final concentration of 103 cells/µL in 1X PBS containing 
0.04% bovine serum albumin (BSA) to minimize cell loss and aggregation. Approximately 
~17,400 cells were partitioned into nanoliter-scale Gel Bead-In-EMulsions (GEMs) to achieve 
single-cell resolution for a maximum recovery of 10,000 individual cells per sample. Utilizing 
the v2 ChromiumTM Single Cell 3ʹ Library Kit and Chromium instrument (10x Genomics, 
Pleasanton, CA), poly-adenylated mRNA from an individual cell was tagged with a unique 
16-bp 10x barcode and a 10-bp Unique Molecular Identifier (UMI). Full-length cDNA was 
then amplified to generate sufficient mass for library construction. Enzymatic fragmentation 
and size selection were used to optimize cDNA amplicon size (~400 bp) for library 
construction. The final library is sequence ready and contains four unique sample indices. The 
concentration of the 10x single-cell library was accurately determined through qPCR (Kapa 
Biosystems, Wilmington, MA) to produce cluster counts appropriate for the HiSeq4000 
platform (Illumina). Read lengths (26 x 98 nt) were generated targeting 50,000 reads per cell.  
For bulk RNA-seq, the aortic intimal cells were prepared from ApoE−/− mice fed a 
high-fat diet for 28 weeks. Intimal foamy and non-foamy MØs were then sorted out. The 
libraries were prepared from cell lysates in 10X Single-Cell Lysis Buffer (Takara-Clontech, 
Kusatsu, Japan) containing 5% RNase inhibitor. Double stranded (ds)-cDNA was prepared 
using the SMARTer Ultra Low RNA Kit for Illumina Sequencing (Takara-Clontech) 
according to manufacturer’s instructions. cDNA was fragmented using a Covaris E220 
sonicator with the following parameter, duty cycle, 10; intensity, 5; cycles/burst, 200; time, 
180 seconds. The cDNAs were blunt ended, supplemented with an A base at the 3ʹ end, and 
then ligated with Illumina sequencing adapters. The ligated fragments were amplified for 12 
cycles using primers that incorporated unique index tags. The amplified fragments were 





3. 6. 6  Alignment, Barcode Assignment and UMI Counting 
The Cell Ranger Single-Cell Software Suite (version 2.0.2; https://support.10xgeno-
mics.com/single-cell-gene-expression/software/pipelines/latest/what-is-cell-ranger) was used 
to perform sample demultiplexing, barcode processing, and single-cell 3ʹ counting. 
“Cellranger mkfastq” was used to demultiplex raw base call files from the HiSeq4000 
sequencer into sample-specific FASTQ files. Files were demultiplexed with 98%+ perfect 
barcode match, and 73%+ q30 reads. Subsequently, FASTQ files for each sample were 
processed with “cellranger count” to align reads to the mm10 mouse genome. The default 
estimated cell count value of 10,000 was used. For CD45+ cells from Ldlr−/− mice fed a WD 
for 12 weeks barcodes with less than 2,341 UMIs were considered as background noise and 
low-quality cells and filtered out. After filtering we identified 3,781 cells with a mean of 
201,659 reads per cell, a median of 8,687 UMIs per cell, and a median 2,365 genes detected 
within a cell. For total foam cells from ApoE−/− fed a WD for 27 weeks barcodes with less 
than 3,673 UMIs were considered as background noise and low-quality cells and filtered out. 
After filtering we identified 809 cells with a mean of 908,007 reads per cell, a median of 
20,130 UMIs per cell, and a median of 4,151 genes detected within a cell.  
 
3. 6. 7  Preprocessing Analysis with Seurat Package 
For analysis, Seurat package (version 2.1) was used.53 Cell Ranger filtered genes by 
barcode expression matrices were used as analysis inputs. The fraction of mitochondrial genes 
was calculated for every cell, and cells with a mitochondrial fraction > 5% were filtered out. 
UMI counts and fraction of mitochondrial reads were two sources of unwanted variation and 
were removed with the “RegressOut” function. Expression measurements for each cell were 






3. 6. 8  Dimensionality Reduction and Clustering 
The most variable genes were detected using the “FindVariableGenes” function and a 
principal component analysis (PCA) was run with these genes only. Cells were then 
represented with t-SNE plots. We applied the “RunTSNE” function to normalized data using 
the first 10 PCA components. A threshold of 10 principal components (PCs) was identified 
using the elbow method applied to explained variance by each component (Supplemental 
figure 3.17). For clustering, we used “FindClusters”, which implements shared nearest 
neighbor (SNN) modularity optimization-based clustering algorithm on 10 PCA components 
with a resolution of 0.6 (Supplemental figure 3.17).  
For the total foam cell scRNA-seq dataset, dimensionality reduction and clustering 
were performed in the same manner but only first 8 PCs were used (different elbow threshold).  
 
3. 6. 9  Identification of Cluster-Specific Genes and Marker-Based Classifi- 
  cation 
To identify marker genes, the “FindAllMarkers” function was used with a likelihood-
ratio test for single-cell gene expression. For each cluster, genes that were expressed in more 
than 25% of cells with at least 0.25-fold difference were considered.  
 
3. 6. 10  Bulk RNA-seq Data Acquisition, Quality Control, and Processing 
RNA-seq reads were aligned to the Ensembl 76 top-level assembly with STAR 
(version 2.0.4b). Gene counts were derived from the number of uniquely aligned unambiguous 
reads by Subread:featureCount (version 1.4.5). Transcript counts were produced by Sailfish 
(version 0.6.3). Sequencing performance was assessed for total number of aligned reads, total 
number of uniquely aligned reads, genes and transcripts detected, ribosomal fraction, known 





3. 6. 11  scRNA-seq Differential Expression 
To obtain differentially expressed genes between cluster 1 and cluster 4, a MAST test 
was performed, and all P values were corrected for testing multiple genes (Bonferroni 
correction).  
 
3. 6. 12  Bulk RNA-seq Differential Expression 
We used Deseq2 R/Bioconductor package to perform PCA and to obtain differential 
expression between foamy and non-foamy intimal MØs.54 PCA was performed in the space of 
the 500 most variable genes; variance stabilizing transformation was performed and then PCA 
was calculated. Differential expression for comparisons between foamy and non-foamy 
intimal MØs was obtained by Deseq2 guidelines; all P values were corrected for testing 
multiple genes (Bonferroni correction). Genes with adjusted P value < 0.05 were considered 
significantly differentially expressed.  
 
3. 6. 13  Pathway Enrichment Analysis 
For pathway enrichment, we used pathways from the KEGG database. We used fgsea 
R/Bioconductor package55 to perform pre-ranked gene set enrichment analysis. For bulk RNA-
seq we used t-statistic provided by Deseq2 as the gene score to rank the genes. For scRNA-seq 
we used the average log fold change detected between clusters 1 and 4 as the gene score to the 
rank the genes. Enrichment plots for specific pathways were obtained by the “plotEnrichment” 
function of fgsea package. All P values were corrected for testing multiple pathways 
(Benjamini–Hochberg correction).  
 
3. 6. 14  Assessment of Atherosclerosis by Oil Red O Staining 
Blood samples were taken from the retro-orbital plexus, and then mice were euthanized 
by CO2 inhalation and perfused with cold PBS. Plasma samples were prepared from the 
collected blood by centrifugation at 14,500 rcf (Eppendorf) for 10 min at 4 °C. An automated 
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blood chemical analyzer (Hitachi) was used to analyze the levels of plasma total cholesterol, 
triglycerides, high-density lipoprotein (HDL), and low-density lipoprotein (LDL). For en face 
analyses, the aorta was opened longitudinally and pinned onto a silicone plate in a “Y” shape. 
The aorta was then fixed with 4% paraformaldehyde for 60 min, washed with PBS for 60 min, 
and stained overnight with 0.5% oil red O (Sigma-Aldrich) in propylene glycol. De-staining 
was performed with 85% propylene glycol in distilled water to reduce background staining. 
For analysis of lesions in the aortic sinus, 5-µm-thick cryosections were prepared as 
previously described25, hydrated with distilled water, stained with oil red O and counterstained 
with hematoxylin. Lesion sizes in the sinus and the extent of atherosclerotic lesions throughout 
the aorta were measured using TSViewer (ver.7.1.1.5) or Photoshop CS6 software (Adobe, 
San Jose, CA). The quantification of atherosclerotic lesion was done by independent 
researcher blinded to sample identity.  
 
3. 6. 15  Immunostaining 
For fluorescence microscopy-based detection of atherosclerotic lesions, hydrated 5-
µm-thick cryosections or whole-mount aortic preparations were stained at room temperature 
with 1 µM BODIPY493/503 for 60 min. Slide-mounted atherosclerotic sinus sections were 
immunostained with MOMA-2 or antibodies against SM22α and CD11c using an Alexa 594 
TSA Kit (Invitrogen) according to the manufacturer’s instructions. Stained sections and whole 
mounts were observed under a confocal laser-scanning microscope (LSM780; Carl Zeiss, 
Oberkochen, Germany or TCS SP8; Leica, Wetzlar, Germany) and an Axio Zoom V16 stereo 
microscope (Carl Zeiss). Three-dimensional (3D) reconstructions were created using the 
IMARIS software (Bitplane, Zurich, Switzerland).  
For immunohistochemistry or in situ hybridization, 4% paraformaldehyde overnight-
fixed, paraffin-embedded human or mouse samples were processed using standard procedures. 
Paraffin-embedded samples were serially sectioned into 4-µm-thick slices. After antigen 
retrieval by boiling with citric acid solution (autoclave), sections were immunostained with 
anti-SM22α or KI-67 antibody, then visualized by 3,’3-Diaminobenzidine (DAB) staining kit 
(cat. RE7230-K; Leica). For staining human MØs, anti-CD68 antibody was stained and 
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visualized with DAB (Leica) or ultraView Universal Alkaline Phosphatase (AP) Red 
Detection kit (cat. 760-501; Ventana Medical System, Tucson, AZ). Nuclei were 
counterstained with hematoxylin solution.  
For hematoxylin and eosin (H&E) staining, deparaffinized slides were gradually 
hydrated in ethanol solution (100% to 80%), placed in hematoxylin (ClearViewTM; BBC 
biochemical, Mount Vernon, WA) for 5 minutes, and then rinsed in tap water and dipped in 
80% ethanol for 30 seconds. The samples were stained with eosin solution for 6 minutes, 
dehydrated in graded ethanol (80% to 100%), and then incubated with xylene before mounting 
with Permount solution (SP15-500; Fisher Chemicals, Pittsburgh, PA). The measurement of 
KI-67 positive foamy MØs in atherosclerotic lesion was done by independent researcher 
blinded to sample identity. The average percentage of KI-67 positive foamy or non-foamy 
MØs was calculated at five different foamy MØ-rich or fibrous cap areas (8.4×104 µm2 each) 
of human atherosclerotic lesion (n = 3).  
 
3. 6. 16  In Situ Hybridization 
To detect human/mouse IL-1β transcripts in atherosclerotic plaques, we used 
RNAscope® 2.5 HD Detection Kit (RED; cat.322370, Advanced Cell Diagnostics [ACD], 
Newark, CA) according to manufacturer’s instructions. After deparaffinization and tissue 
pretreatment (antigen retrieval and proteinase treatment) of Formalin-fixed paraffin-embedded 
sections, the slides were incubated with hybridized probes in 40 °C oven. Human IL1β 
(RNAscope® Probe-Hs-IL1B; cat. 310361, ACD) or mouse Il1b target probes (RNAscope® 
Probe-Mm-Il1b; cat. 316891, ACD) were used for detection while human PPIB or mouse Ppib 
probes and the bacterial dapB probe were for positive and negative controls, respectively. The 
signal was then amplified and visualized for detection and was considered positive by 
observing red dots around the nucleus. The slides were counter-stained with hematoxylin for 5 
minutes after in situ hybridization. The measurement of IL1β-expressing cells in 





3. 6. 17  t-SNE Plot for FACS Data 
t-SNE plots representing flow cytometry data in figure 3.4C and 3.5B were produced 
by FlowJo software as described in the software manual. From CD45+ singlet leukocytes, all 
stained leukocyte parameters were selected and then analyzed for separating populations. 
Analyzing options were iterations 1000, perplexity 20, eta (learning rate) 200, and theta 0.5.  
 
3. 6. 18  Electron Microscopy and Cytological Analyses 
Aortic single cells were stained as described above and sorted by flow cytometry using 
the FACS AriaIII system. For electron microscopic analyses, aortic SSCloBODIPY493/503lo 
cells and SSChiBODIPY493/503hi cells were sorted and subjected to cytospinning at 300 rcf 
for 4 min. The specimens were immersed in 2.5% glutaraldehyde (Ted pella, Redding, CA) in 
PBS for 2 h, fixed in 1% osmium tetroxide (Ted Pella) for 90 min, dehydrated in graded 
ethanol and propylene oxide (Acros Organics, Geel, Belgium), and then embedded in 
Embed812 epoxy resin containing DMP-30 (Electron Microscopy Sciences, Hatfield, PA). 
Serial ultrasections (70-nm thick) were cut using an Ultracut S 51 microtome (Leica) and 
double stained with uranyl acetate and lead citrate. Samples were imaged and photographed 
using an H-7600 transmission electron microscope (Hitachi, Tokyo, Japan). For cytological 
analyses, FACS-sorted cells were plated on slide and co-stained with Hema 3 (Thermo Fisher 
Scientific) and oil red O. Next, the cells were imaged using an Eclipse 50i (Nikon) 
microscope.  
 
3. 6. 19  Single Cell Quantitative Real-Time PCR 
ScRNA was extracted from sorted aortic foamy or non-foamy MØs (10 cells per each 
reaction), reverse transcribed and then amplified using Single Cell-to-CT qRT-PCR kit 
(PN4458237; Ambion) according to manufacturer’s instructions. qPCR was performed using a 
thermal cycler (Applied Biosystems) using Taqman gene expression assay FAM-labeled IL1b 
(Mm00434228_m1) and Gapdh (Mm99999915_g1) probes. mRNA expression level of each 
gene was normalized to Gapdh expression.   
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3. 6. 20  Statistical Analysis 
We conducted a Shapiro-Wilk normality test for the samples. The two-group 
independent t-test, one-way analysis of variance (ANOVA), and two-way ANOVA were used 
if the variables satisfied the normality assumption. Otherwise, the Mann-Whitney U test, 
Kruskal-Wallis one-way ANOVA test, and Friedman two-way ANOVA test were used. 
Bonferroni correction was used for post-hoc multiple comparison in ANOVA. Statistical 
analyses were performed with SAS (version 9.4, SAS Institute, Inc., Cary, NC), Prism 6 
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Online video 3.1. 3D reconstruction from confocal microscopic images of CD11c and 
CD206 double-immunofluorescence staining. Whole-mount atherosclerotic aorta from an 
ApoE−/− mouse fed a WD for 12 weeks was permeabilized with 1% Triton X-100 and 
immunostained with antibodies against CD11c (red; Cy3) and CD206 (blue; Alexa 647). The 
stained aorta was cleared with methyl salicylate (Sigma-Aldrich), images were acquired, and 
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3. 12  Supplementary Information 
 
3. 12. 1  Supplementary Figures 
 
 
Supplemental figure 3.1. Representative enriched genes in each scRNA-seq cluster. t-
SNE plots of the genes expressed in each cluster. Representative enriched genes in each 






Supplemental figure 3.2. Separation of adventitia from aorta. (A) Resident MØs were 
mostly located at the aortic adventitia of LysM-Cre and ROSA26tdTomato mice (upper; red) 
as well as CX3CR1-GFP (lower; green) mice, but yet poorly detected in the intima-media 
portion. (B) H&E-stained cross-sections of aortas with or without adventitia from chow- or 
WD-fed Ldlr−/− mice. (C) Immunofluorescence staining of CD206 (red) on cross-sections of 
aortas with or without adventitia from chow- or WD-fed Ldlr−/− mice. DAPI (blue) staining 








Supplemental figure 3.3. Flow cytometric detection of SSChiBODIPYhi cells in different 
parts of the aorta. (A) Aortic arch, thoracic area, and abdominal area of the aorta. (B) en face 
oil red O staining of atherosclerotic lesions. (C) Comparison of the lesion area (left) and with 






Supplemental figure 3.4. The change in lipid profiles and lesion size during 
atherosclerosis. (A) Plasma levels of total cholesterol, triglycerides, HDL, and LDL in 
ApoE−/− mice (top; n=6 for control and n=12 for experimental group), Ldlr−/− mice (middle; 
n=11 for control, n=15 for the 4-week group, and n=14 for the 8-week group, and n=21 for the 
12-week group), and D374Y-hPCSK9 transgenic (Tg) mice (bottom; n=7 for control and n=8 
for the Tg group). (B) Aortic lesion area in ApoE−/− (top; n=6) and Ldlr−/− mice (bottom; n=7) 
fed a WD for 4, 8, or 12 weeks. (C) Aortic lesion area and foam cell number of D374Y-





Supplemental figure 3.5. SSChi BODIPYhi CD45+ foam cells are CD11b+CD64+. (A) 
Percentage of CD45+ foam cells in total foam cells from ApoE−/− mice fed a WD for 12 weeks 
(top; n=6), Ldlr−/− mice fed aWD for 12 weeks (middle; n=5), and Ldlr−/− mice fed a WD for 







Supplemental figure 3.6. Changes in granularity and size of foam cells during 
atherosclerosis progression. (A, B) Aortic SSChiBODIPYhi foam cells were subdivided based 
on their size (FSC) and granularity (SSC). The size and granularity of mouse aortic cells 
changed during the progression of atherosclerosis in (A) ApoE−/− (4weeks, n=5; 8 or 12 weeks, 







Supplemental figure 3.7. The effect of statins on plasma lipid profiles and atherosclerotic 
lesion formation. (A) Plasma levels of total cholesterol, triglycerides, HDL, and LDL in 
ApoE−/− mice fed a WD for 6 weeks with atorvastatin, rosuvastatin, or PBS treatment (n = 6 
per group). (B, C) Measurement of lesions in (B) aortic sinus (µm2) and (C) arch (%) of PBS- 






Supplemental figure 3.8. BODIPY493/503-based flow cytometry can be used to evaluate 
anti- atherogenic treatments. (A) Abundance changes in total foam cells and MØ foam cells 
after anti-atherosclerotic drug treatment (n=6 per group). (B) Abundance changes in foam 
cells during plaque regression in ApoE−/− mice induced by AAV8-mediated ApoE gene 
transfer. (n=7 for control and n=9 for the AAV8-injected group). (C) Plasma cholesterol levels 
of control (n=7) and AAV-ApoE-injected ApoE−/− mice (n=9). (D) The effect of CD treatment 
on the number of total aortic foam cells and foamy MØs in Ldlr−/− mice (n=5 for control and 
n=6 for the CD-treated group). (E) The number of foamy and non-foamy MØs decreased by 






Supplemental figure 3.9. Increase of intimal foamy and non-foamy MØs and their 
relative abundance during atherosclerosis progression. (A) Representative FACS plots 
showing intimal foamy and non-foamy MØs from Ldlr−/− mice fed WD for 12 weeks (n=7) or 
24 weeks (n=3). (B) Intimal MØ cell number (bar graph) and the percentage of foamy and 







Supplemental figure 3.10. Comparison of atherosclerosis-related gene expression in 
intimal foamy and non-foamy MØs. (A-C) Representative expression of genes related to (A) 
efferocytosis, (B) inflammation, and (C) resolving/regression in non-foamy and foamy MØ in 






Supplemental figure 3.11. Expression of inflammatory genes in intimal non-foamy 
MØs. (A) Gene pathways related inflammation are enriched in non-foamy MØs (bulk RNA-







Supplemental figure 3.12. The composition of immune cells in atherosclerotic aorta. 
Gating strategy was shown in Figure 3.4A. In FACS analysis on aortic immune cells isolated 
by our method, MØ was a biggest aortic immune cell population in Ldlr−/− mice fed a WD for 






Supplemental figure 3.13. Clustering of total SSChiBODIPYhi foam cells according to 
their gene expression profiles in scRNA-seq analysis. (A) Clusters of total aortic foam cells 
containing CD45+ and CD45− cells. SSChiBODIPYhi foam cells were isolated from the pooled 
aortas of ApoE−/− mice (n=6) fed a WD for 27 weeks. The cells (n=809) were grouped 
according to their mRNA expression patterns, analyzed similarly to the 10X single-cell 
sequencing results in Figure 3.1. (B) t-SNE and violin plots of Ptprc, Mafb, Acta2, Tagln, and 
Pecam1 expression in each cluster. Gene expression is presented as log2 (UMIs+1). Clusters 
(2-6) are foamy MØs, while cluster 1 and 0 are smooth muscle foam cells. (C and D) 
Expression of previously defined representative enriched genes of foamy and non-foamy 
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MØs in the clusters of newly performed total foam cell scRNA-seq analysis. Representative 
genes of (C) non-foamy MØs and (D) foamy MØs are shown in t-SNE and violin plots of total 






Supplemental figure 3.14. Enrichment of foamy MØ-related genes in cd45+ foam cell 
cluster of scRNA-seq data. (A) The expressions of the top 100 enriched genes of non-foamy 
(left) or foamy (right) MØs in scRNA-seq data of total foam cells. Averaged normalized 
expression of these genes is shown as a t-SNE plot with colors corresponding to averaged 
normalized expression. (B) Average Z-score of genes in foamy MØ-related pathways. Gene 







Supplemental figure 3.15. Identification of proliferative foamy MØs in atherosclerotic 
lesion. (A) Average gene enrichment score related to cell cycle and DNA replication pathways 
in scRNA-seq data of total foam cells. The average Z-score of genes are presented as t-SNE 
plots. (B) Representative gene expression related to cell proliferation. The expressions of 
Ccna2, Cdk1, Ki67, and Stmn1 are presented as log2 (UMIs+1) in t-SNE and violin plots. (C) 
Double immunostaining with anti-KI-67 & CD68 antibodies on human atherosclerotic section. 
KI-67 (dark brown) and CD68 (red) were stained to identify proliferating foamy or non-foamy 
MØs in foamy MØ-rich or fibrous cap areas. Left, asterisks indicate foamy MØs, and arrow 
heads indicate KI-67 positive foamy MØs. Right, blue stars indicate non-foamy MØs, and 
arrow heads indicate KI-67 positive non-foamy MØs. This figure shows a representative 







Supplemental figure 3.16. Identification of foam cells derived from SMC using flow 
cytometry and immunostaining. (A) Representative FACS gating strategy for detecting 
SMC-derived foam cells. Aortic CD45− foam cells (red) expressed mid to high level of 
Smooth muscle alpha actin (SMA) compared with CD45− non-foamy cells (blue). (B and C) 
Immunostaining of SM22α in mouse atherosclerotic lesions. SM22α-stained tissues (B, red; C, 
DAB) were (B) co-stained with BODIPY493/503 or (C) serially stained with H&E. Dotted line 






Supplemental figure 3.17. Standard deviation and explained variance for each principal 
component of scRNA-seq for CD45+ cells from whole aorta of Ldlr−/− mice. (A and B) 
Distribution of the (A) standard deviation and (B) variance of the first 50 PCs in CD45+ 
scRNA-seq. (C) t-SNE plot of the first 10, 20, and 30 PCs. The plots indicate that general 
leukocyte structure after dimensionality reduction remains the same. (D) PCA of the variances 
of the first 10 PCs (PC1 - PC10) of CD45+ scRNA-seq clusters. The clusters are not defined in 
t-SNE space and while the t-SNE algorithm does an excellent job of turning high-dimensional 





3. 12. 2  Supplementary Tables 
 
Supplemental table 3.1. Representative DEGs and pathways enriched in each cluster of 
CD45+ scRNA-seq from whole atherosclerotic aortas.  
 
 
Representative DEGs (left) and pathways (right) in each cluster. Left, adjusted P value <0.01 
and logFC > 0. Right, adjusted P value < 0.01 and NES > 0. Full data are available in Online 


































4  Discussion 
Cardiovascular diseases, including myocardial infarction (MI) and atherosclerosis, are 
a major global health problem that is expected to worsen in future. Many studies have 
previously confirmed that DCs and macrophages play an important role in lesion formation 
and its exacerbation by creating an inflammatory environment. Targeting these inflammatory 
cells could be an effective therapeutic approach to cure cardiovascular disease. Therefore, the 
purpose of this thesis is to clarify the functions of dendritic cells and macrophages in 
cardiovascular diseases, thereby contributing to the development of new conceptual therapies. 
 
4. 1  cDCs Impair Recovery after MI 
To better understand the functional properties of DCs and macrophages in 
cardiovascular diseases, such as atherosclerosis and MI, it would be desirable to analyze these 
cells in healthy and diseased organs. For example, immuno-histochemistry provides important 
information on their anatomic location and distribution in normal or inflammatory reactions, 
and multi-parameter flow cytometry strategies simultaneously allow analyses of various 
immune cell types. Recent advances in various methods have enabled immune cell analysis in 
the blood vessels (chapter 2) and the heart241.  
 
4. 1. 1  Cardiac DC Sub-Populations Similar to Non-Lymphoid Tissue DC 
   Sub-Populations 
In our study, aiming at the characterization of DCs, the cardiac macrophages that could 
affect flow cytometry analyses were first separated by the use of macrophage-specific markers, 
such as CD11b, F4/80, CD64 and MertK (Figure 3.1). MHCII+CD11c+ cardiac DCs 
expressed Zinc finger transcription factor Zbtb46 (Zbtb46), which was not found in other 
immune cells.152, 153 These DCs had very low phagocytosis capacity compared to cardiac 
macrophages.135 Interestingly, these cardiac DCs accumulate in the right atrium and valves, 
including tricuspid and mitral valves at steady state. The difference of CD103 expression in 
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cardiac DCs allowed us to clearly distinguish two DC subpopulations in healthy heart of 
mice.155, 156 This feature is very similar to what is seen for non-lymphoid tissue DCs. Cardiac 
CD103+ DCs (cDC1, conventional DC1) strongly expressed Clec9A, DEC205, CD24, XCR1, 
CD283 and CD180/RP105, whereas other markers, such as macrophages, T cells, B cells, NK 
cells, granulocytes and pDCs, were deficient (Figure 3.1 and supplemental figure 3.1). In 
particular, the growth of cDC1 was highly dependent on Flt3/Flt3L signaling145, 146 and 
IRF8160, but in Flt3 deficient mice their number was dramatically decreased. The expression 
pattern of these markers was very similar to that of the CD8+ DCs in spleen.157, 158 In contrast, 
cardiac CD11b+ DCs (cDC2) strongly expressed some macrophage markers, such as CX3CR1, 
CD172α, CD115 and F4/80. The development of cDC2 was dependent on IRF4.174 cDC2 are 
similar to those CD8− DCs found in lymphoid tissue. These results suggest that the origin and 
function of cardiac DC sub-populations are closely related to non-lymphoid tissue DCs.148, 149, 
150, 151 
Furthermore, we were able to detect HLA-DR+CD11c+ DCs containing two DC sub-
populations in hu-mice, whose bone marrow was reconstituted from human stem cells. Similar 
to mouse cardiac DC subsets, human BDCA3+ DCs expressed IRF8167, whereas BDCA1+ DCs 
were dependent on IRF4.168, 169 In addition, BDCA1+ DCs exhibited a slight proliferation 
following signaling through Flt3/Flt3L. Still, the response was low compared to CD103+ 
DC.145, 164 These observations in humanized mice can help us understand the features of DC 
sub-populations in normal human heart. 
 
4. 1. 2  Are Cardiac DN cells Progenitors? 
MHCII+CD11c+ DCs in normal mouse heart included cDC1 and cDC2 but also double 
negative cells (DNs) that did not express CD103 or CD11b. Similar to other DC subsets, these 
DN cells were found mostly in the right atrium and valves. Upon Flt3L treatment, these DN 
cells not only increased in numbers, but also increased DN cells by Flt3/Flt3L signaling were 
very positive for IRF8. Notably, they also expressed Zbtb46. Cells of similar phenotypes, such 
as cardiac DN cells, have previously been found in other tissues, such as mouse dermis and 
gut, but their characteristics are poorly understood.150, 242, 243 DCs are derived from pre-cDCs 
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that circulate blood away from the bone marrow and consistently require the inflow of Pre-
cDCs in order to maintain their numbers in tissues (Figure 1.8).150, 151 The expression of 
Zbtb46 begins in Pre-cDCs.153 Therefore, our observations suggest that Pre-cDCs may be 
present in the heart. Furthermore, to understand the precise properties and the origin of these 
cells in heart, the analyses of sc-RNA-seq and fate mapping will be required.  
 
4. 1. 3  Cardiac pDCs under Normal and Inflammatory Conditions 
pDCs are known to play an important role in the differentiation of Tregs.244 Previously, 
we provided support for this statement.193 Mouse aortic pDCs are distributed in specific blood 
vessel areas that develop atherosclerosis and they regulate the generation of Tregs in blood 
vessels by expressing indoleamine 2,3-dioxygenase 1 (IDO-1). In normal mouse heart, we 
found cardiac pDCs with a phenotype similar to aortic pDCs. These cardiac pDCs are 
predominantly distributed in the right and left atrium of the mouse heart and show high 
expression of Ly6C, Clec9A, PDCA-1, Flt3/CD135 and IRF8. Surprisingly, cardiac pDCs 
showed a 4-fold increase in the infarcted heart in mice. Nevertheless, our results demonstrated 
that their selective elimination using BDCA2-DTR mice did not improve left ventricle 
function of myocardial-infarcted heart (Figure 3.5). These results suggest that viral infections 
may induce the activity of cardiac pDCs through TLR7 and TLR9, and activated cardiac pDCs 
may secrete large amounts of type 1 IFN in order to protect the cardiac tissue.245 
 
4. 1. 4  Cardiac DCs in The Infarcted Heart 
The occurrence of MI leads to myocardial cell death, which accompanies local 
inflammation and activation of cardiac endothelial cells. Neutrophils recruited to the infarcted 
site initiate the elimination of damaged or dead cells and the secretion of IL-6 that attracts 
macrophages and neutrophils.127, 128 We observed a significantly increased recruitment of 
leukocytes including macrophages (≤ 9 fold) and neutrophils (≤ 15 fold) in the hearts of mice 
3 days after MI (Figure 3.4). In addition, DC numbers in the myocardial infarcted heart 
showed a four-fold increase compared to the non-infarcted heart. This result is similar to those 
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described from human patients.237, 238 The phenotype of DC subpopulations recruited at the 
infarcted site was consistent with the one of cardiac DC subpopulations in non-infarcted mice 
(Figure 3.1 and Supplemental figure 3.6). These cells were found in ventricle and septum 3 
days after MI and in the right atrium 7 days later (Supplemental figure 3.5). 
In particular, DCs recruited at wound sites in patients with MI expressed high levels of 
CD209239 and CD86240, indicating their maturation status. Compared to other DC 
subpopulations, a massive recruitment of CD11b+ DCs (≥ 9 folds) was observed in the 
infarcted heart, all of which expressed the co-stimulatory molecule CD40. These results 
indicate that cytokines, such as GM-CSF secreted by macrophages and activated myocardial 
endothelial cells after MI, may accelerate the differentiation of DC precursors into CD11b+ 
DCs. In these cells, IRF4 enhances the expression of TGF-β and IL-6, which induce 
polarization to Th17 cells. This promotes tissue inflammatory responses and increases 
neutrophils recruitment at wound sites.216, 246 Indeed, the administration of GM-CSF to 
myocardial infarcted mice increases DC infiltration and accelerates of LV remodeling.124 
 
4. 1. 5  Heterogeneity of Cardiac CD11b+ DCs 
DCs derived from Ly6Chigh monocytes circulating in the blood are increased in the 
infarcted area and they can promote the inflammatory response.185, 186 Their levels of Ly6C are 
reduced after migration to infarcted heart and they begin to express Zbtb46153 together with 
macrophage markers, including CD209/DC-SIGN.182, 247 One remarkable feature is that they 
are very similar phenotypically to CD103−CD11b+ DCs that differentiated from Pre-DCs. We 
observed the increased recruitment of monocyte subpopulations in the myocardial infarcted 
heart 3 days after MI (Supplemental figure 3.7). In addition, a significant increase of CD11b+ 
DC numbers in the heart under representative inflammatory conditions, including aging and 
atherosclerosis, supports the association of monocyte-derived DCs (Supplemental figure 3.3) 
These results strongly suggest that monocyte-derived DCs could be associated with cardiac 
inflammation, such as MI. 
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4. 1. 6  The Selective Depletion of Cardiac DCs 
Various genetic models, such as CD11c-DTR, CD11b-DTR, and LysM-Cre x iDTR, 
have been used to investigate the role of DCs in various pathologies.248 However, these mouse 
models also affect other cell populations, including monocytes and macrophages.229 Because 
the expression of Zbtb46 is restricted to both Pre-cDCs and cDCs, the use of Zbtb46-DTR 
mice has made it possible to overcome these limitations.153 DT administration in chimeric 
mice reconstituted with BM from Zbtb46-DTR mice led to the selective depletion of 
CD11c+MHCII+ DCs in the lymph node, spleen, and heart. The selective depletion of Zbtb46-
expressing DCs in myocardial infarcted mice resulted in a dramatic reduction in heart 
infarcted-size preventing ventricular remodeling, improved cardiac function. It also caused a 
significant decrease of macrophages and CD45+ cells at 7 days but not at 3 days after MI 
(Figure 3.6 and 3.7, supplemental figure 3.4, and supplemental movie 1-4). The 
accumulation of DCs in injured tissue may be necessary to heal wounds and protect 
myocardial tissue. Nevertheless, activated DCs not only prime naïve T cells in the nearby 
secondary lymphoid tissues, but also can participate directly in immune responses in the 
cardiac tissue. For example, DAMPs signals released from dead cardiomyocytes can activate 
cDCs249 and the production of pro-inflammatory cytokines, such as TGF-β, IL-6 and IL-23, 
can sustain inflammatory responses.133, 247 In particular, IL-12 secreted by DCs appears to 
inhibit angiogenesis.250 Eventually, these reactions can be detrimental and lead to interstitial 
fibrosis, wall thinning, and lower cardiac function. 
 
4. 1. 7  Immune Responses Modulated by Cardiac DCs 
Treg cells expressing the Foxp3 transcription factor secrete IL-10 and TGF-β and play 
important roles in suppressing autoimmune disease and maintaining immune homeostasis.251 It 
was previously reported that the depletion of Treg cells prior to MI induction accelerated 
cardiac inflammation.252 Our results showed that Tregs were reduced about 2 fold in infarcted 
hearts. Their numbers were significantly increased upon infiltration of DCs. However, the 
selective depletion of DCs led to a significant decrease in Treg and IL-1β. Previous studies 
have shown that the down-regulation of the pro-inflammatory signaling pathway, such as IL-
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1β, protects the infarcted heart by reducing the mobilization of white blood cells in the wound 
area.253 Interestingly, the heart of myocardial infarcted mice with the selective depletion of 
cDCs showed reduced mobilization of CD45+ cells, including macrophages, CD3+ T cells and 
CD4+ T cells. This suggests that cardiac DCs are closely involved in the formation of an 




Figure 4.1. The role of dendritic cells in myocardial infarction. Myocardial infarction 
results in the death of cardiomyocytes, releasing intracellular contents that act as DAMP. To 
remove damaged or dead cells and protect myocardial tissue, innate immune cells, such as 
neutrophils, monocytes, and DCs are recruited at the damaged area by DAMP. Monocytes 
differentiate into macrophages and Mo-DCs, while pre-cDCs differentiate into cDCs. 
Neutrophils and macrophages phagocytize and cleanse dead cells and tissue debris. cDCs are 
also activated by DAMPs, and migrated to the draining lymph node where DCs activate naïve 
T cells. The differentiation of Th1 cells is induced by IL-12 and IL-18 secreted by cDCs and 
Th17 cells can be promoted by TGF-β and IL-6. These inflammatory cytokines, which are 
secreted by cDCs, have a detrimental effect on the heart  and lead to persistent inflammatory 
response. On the other hand, Tregs play an important role in maintaining the homeostasis of 
cardiac immune by releasing TGF-β and IL-10. MΦ: macrophages, Mo-DCs: monocyte-
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derived dendritic cells, Pre-cDC: Pre-classical dendritic cells, cDC: conventional DCs, Th1: 
Type 1 T helper cells, Th17 cells: Type 17 T helper cells. 
 
Acute inflammatory responses, such as MI, specifically up-regulate IL-6 expression, 
which may induce the polarization into Th17 cells. Therefore, the cardiac immune response 
following MI may be regulated by the minute differences in cytokines, such as TGF-β and IL-
6, secreted by cardiac DCs. Indeed, the generation of tolerogenic DCs using cytokines, 
including IL-37 and TNF-α, can improve ventricular remodeling and cardiac function.254, 255 
After myocardial infarction, the injection of HMGB1 (high-mobility group box 1) improved 
heart function via reducing the recruitment of dendritic cells.256 HMGB1 acts as a cytokine to 
regulate inflammation its high affinity receptors on the surface of target cells, such as dendritic 
cells.257 In addition, DT treatment to CCR2-DTR mice effectively depleted monocytes, 
macrophages and dendritic cells with the exception of neutrophils or lymphocytes.258 After 
myocardial infarction, DT treated-CCR2-mice also did not show a significant impairment of 
heart function compared to control.259 Combining our data with these results, it shows that 
interventions to control the number or function of cDCs have therapeutic potential. 
Furthermore, in the future, experiments should deal more deeply with the relationship between 
DCs and other immune cells in health and disease. 
 
4. 2  Foamy Plaque Macrophage are Pro-inflammatory 
Atherosclerosis is the result of complex inflammatory reactions implicating several 
immune cell populations, including vascular endothelial cells.11 To better understand 
atherosclerosis as a whole, the definition of the central cellular components in the lesion is 
essential. However, the disadvantages of classical methods, such as Oil Red O and 
immunofluorescence, in studying atherosclerotic lesions did not make this possible.85 Our new 
flow cytometry-based approach using BODIPY493/503 showed several advantages compared 
to pre-existing histological methods. First, the assessment of atherosclerosis using flow 
cytometry showed high accuracy and sensitivity. Second, this method enabled us to perform 
multiple simultaneous analyses for cellular proteins expression. Third, while pre-existing 
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measurements require several weeks to assess atherosclerosis gravity, this method can deliver 
successful assessment of atherosclerosis status within a day.  
 
4. 2. 1  Advantages and Disadvantages of Our Cell Isolation method 
Atherosclerotic aorta contains leukocytes, including macrophages, dendritic cells, T 
cells, B cells, NK cells and granulocytes, and each of these subsets is highly heterogeneous.260, 
261 Our RNA-seq data of leukocytes from atherosclerotic aorta (Ldlr−/− mice) revealed the 
composition of various immune cell populations, including T cells, DCs and macrophages. 
Among the CD45+ leukocytes of atherosclerotic aorta, macrophages were the largest cell 
population. However, the use of our method failed to identify aortic B cells, NK cells and 
neutrophils. The efficient separation of cells from tissues depends on the digestion time, pore 
size of strainer, and type and concentration of digestive enzymes. We used longer digestion 
times to isolate macrophages that are more tightly bound to aortic tissue than other immune 
cells. This indicates that our cell extraction method, slightly modified from chapter 2, is more 
optimized for isolation of macrophages and should be optimized for the characterization of 
each and every cellular subset. 
 
4. 2. 2  Establishment of Multi-Parametric Flow Cytometry using 
  BODIPY493/503 
An exact measurement of lipid-rich lesions size is important to assess the severity of 
atherosclerosis in any mouse model. In this study, we assessed atherosclerosis via enumeration 
of foam cells using multi-parametric flow cytometry combined with BODIPY493/503 
staining. We used two mouse knockout models: ApoE−/− and Ldlr−/− mice. Although these 
strains are widely utilized to study atherosclerosis, there are some differences in lipid profiles 
and in progression of lesions between these two models.262, 263, 264 While Oil red O-stained 
atherosclerotic lesions increased rapidly after feeding WD for up to 8 weeks in ApoE−/− mice, 
the lesions were exacerbated gradually in Ldlr−/− mice and these results correlated with the 
data from our flow cytometry analyses. By performing flow cytometry on aortic tissue devoid 
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of the adventitia, we confirmed that a lipid probe-based flow cytometry approach was the 
method of choice for detecting intimal atherosclerotic foam cells. 
Atherosclerotic lesions show site-specific features in their initiation and progression.265 
While aortic sinus and arch are the most susceptible areas, thoracic aorta is most resistant to 
atherosclerosis. The site-specific atherosclerosis comes from different oscillation, blood 
turbulence, and shear stress.266, 267, 268 In our study, we divided aorta into 3 segments, including 
aortic sinus with arch, thoracic aorta, and abdominal aorta, and analyzed site susceptibility for 
atherosclerosis (Supplemental figure 4.3). Our flow cytometry analysis could efficiently 
assess the atherosclerosis and corroborated with the results from Oil red O staining 
(Supplemental figure 4.4). As previously reported, many treatments for atherosclerosis 
showed site-specific effects.265 We suggest that our lipid-probe based flow cytometry for 
analysis site-specificity of atheroscelrosis lesions. In addition, this method could be adapted to 
design a diagnostic approach to assess the location, size and progression of atherosclerotic 
lesions using echography imaging. 
 
4. 2. 3  Evaluation of The Therapeutic Potential of Anti-Atherosclerotic  
   Drugs using Lipid Probe-Based Flow Cytometry 
Atorvastatin is a member of statins, HMG-CoA reductase inhibitors, which are 
currently used to ameliorate hyperlipidemia, coronary artery disease, and atherosclerosis.269 In 
our experiments, we examined whether our flow cytometry analysis could highlight the effect 
of atorvastatin on atherosclerotic lesion formation (Supplemental figure 4.7). Anti-
atherogenic activity of atorvastatin was well-monitored by our assay. 
In addition to the LDLR and ApoB loci, mutations on the PCSK9 gene have been 
linked to autosomal hypercholesterolemia.270 Overexpression of PCSK9 results in degradation 
of the LDL receptor.271 In mice, PCSK9 overexpression induces atherosclerosis and its 
knockout has protective effects.272, 273, 274 The treatment with monoclonal antibodies targeting 
PCSK9 can lower LDL cholesterol275 and attenuate atherosclerosis.276 In human patients, 
monoclonal antibodies targeting PCSK9 could decrease atherosclerotic lesions, and ongoing 
phase III trials could provide evidence of safety and efficacy of these antibodies.277, 278, 279, 280 
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Thus, novel PCSK9 inhibitors have been developed and tested for their therapeutic efficacy on 
atherosclerosis. In this study, we successfully assessed atherosclerosis in D347Y-PCSK9 
transgenic mice and the therapeutic potential of the PCSK9 blocking antibody, AMG 145, 
using our lipid probe-based flow cytometry (Supplemental figure 4.4). These results indicate 
that our method can be utilized for the screening of new drug candidates. 
 
4. 2. 4  Characterization of Lipid-Laden Cells 
Lesional accumulation of lipid-laden foam cells carrying many lipid droplets is a key 
feature of atherosclerosis and the death of some of these cells is a pivotal step to the formation 
of a necrotic core.281, 282, 283 To understand the mechanism of foam cell formation, mostly in 
vitro studies have been performed using MΦ cell lines284, peritoneal macrophages283, 285, and 
bone marrow derived macrophages286, 287. However, these experiments cannot take into 
account various in vivo mircoenvironmental factors in atherosclerotic lesions, which may 
affect foam cell formation. In our study, we have compared the expression levels of CD11b, 
CD11c, CD64, MHCII, and Ly6C among three groups of macrophages including aortic 
macrophages of normal aorta, non-foamy and foamy macrophages of atherosclerotic aorta. In 
previous studies, macrophages treated with LDL particles increased their expression of CD11c 
and MHC II, adopting a DC like phenotype.288 Consistently, foamy macrophages had higher 
CD11c and MHCII expression than normal macrophages. Still, the foamy macrophages 
showed comparable expression of CD64, a Fc receptor and a specific marker for 
macrophages.289 In addition to lipid metabolism, cholesterol uptake and efflux are critical 
steps in the regulation of foam cells formation.290 Recently, several scavenger receptors and 
cholesterol efflux regulatory proteins have been shown to play pivotal roles in formation of 
foam cells.291 Here, we analyzed four different groups of SSChiBODIPYhi foam cells based on 
their size and granularity (Supplemental figure 4.6). Interestingly, the size and granularity 
increased as atherosclerosis progressed during WD. This increase was attenuated by anti-
atherosclerotic drugs, including atorvastatin and rosuvastatin. Therefore, our method would 
apply to the investigation of the effects of activators or inhibitors of foam cell formation. 
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4. 2. 5  What is Different between SSChiBODIPYhi foamy macrophages and  
   SSCloBODIPYlo non-foamy macrophages 
RNA-seq data from SSChiBODIPYhi foamy macrophages and SSCloBODIPYlo non-
foamy macrophages isolated from atherosclerotic aorta of Ldlr−/− mice showed different 
patterns of gene expression. Foamy macrophages increased expression of genes related to 
cholesterol transport, fatty acid transport, and cholesterol uptake, whereas non-foamy 
macrophages exhibited up-regulation of inflammatory cytokines, such as IL-1β, in 
atherosclerotic lesions. Inflammatory cytokines secreted by non-foamy macrophages promote 
the recruitment of white blood cells and the activation of vascular endothelial cells.93 These 
results demonstrate that non-foamy cells promote lesions development and atherosclerosis, 
while foamy macrophages increase lipid uptake and outflow through their scavenger receptors, 
such as SR-A1 and SCARB3, which persist until apoptosis occurs. 
Previous studies have shown that DCs81 and SMC82, 292 are also involved in foam cell 
formation. Therefore, we investigated the characteristics of total foamy macrophages, 
including CD45+ and CD45−. Gene expression patterns of SSChiBODIPYhi foamy 
macrophages (n=809) pooled from atherosclerotic aortas of ApoE−/− mice (n=6) were analyzed. 
A total of 8 clusters were identified, and these clusters were again divided into two large 
groups. Compared to clusters 2 to 6, clusters 0 and 1 expressed high levels of Tagln and Acta2, 
while cluster 7 exhibited the increased expression of Pecam1 (Supplemental figure 4.13). 
Surprisingly, we also identified foamy macrophages expressing smooth muscle cell alpha actin 
in atherosclerotic plaques using flow cytometry and immunostaining (Supplemental figure 
4.16). These results demonstrated that foamy macrophages could be derived from SMC and 
endothelial cells, as well as macrophages.  
Another group of cells, included in clusters 2 to 6, exhibited low levels of inflamma-
tory genes expression, such as IL-1b, Nlrp3, Tnfsf9 and Nfkb1, while high levels of mRNAs 
for genes, such as Mafb and Ptprc (CD45), which represent foamy macrophages. This also 
indicates that cells forming clusters 2 to 6 are foamy macrophages. In animal experiments, the 
genes related to connective tissue development and function, cell growth, cell proliferation, 
and cholesterol metabolism (eg, Abca1, Pparγ, Rxra, Rxrb, and Srebp1) were all up-regulated 
in foamy macrophages.293 Most of the human lesional foam cells are positive for CD68 and 
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CD14, but the genes associated with smooth muscle cells (αSMA and MYH11) were not 
expressed. In particular, lesional foamy macrophages expressing CD68 showed significantly 
lower expression of IL-1β than non-foamy macrophages (Figure 4.8). We could confirm by 
scRNA-seq that a small population of non-foamy macrophages or foamy macrophages 
exhibited high expression of genes related to cell cycle and proliferation. In the fibrous cap 
area, 9.54±0.54% of the non-foamy macrophages expressed KI-67 and 5.8±2.8% of total 
foamy macrophages in foam cell-rich area of human atheroma were KI-67 positive. Thus, it 
appears that macrophages are consistently proliferating regardless of lipid accumulation. 
Nonetheless, additional scRNA-seq analyses will be required to understand the full 
characteristics and origin of foamy and non-foamy macrophages in atherosclerotic lesions. For 
example, analysis of foamy or non-foamy macrophages separated from early or advanced 
lesions could help to understand the physiology of macrophage subpopulations and their 
phenotypic changes. Additionally, to understand whether foamy macrophages are generated 
mostly from non-foamy macrophages or a specific subset of macrophages, we could combine 
our scRNA-seq with genetic fate mapping of macrophage precursors, such as CX3CR1+ 





4. 3  Conclusion 
In this thesis, we showed that DCs and macrophages in cardiovascular diseases, such 
as atherosclerosis and MI, have strong influence on lesion formation and exacerbation by 
creating a pro-inflammatory environment. 
Mouse cardiac MHCII+CD11c+ DCs include CD103+ DCs and CD11b+ DCs as well as 
double negative cells (DNs) that do not express either CD103 or CD11b. cDC1 are dependent 
on Flt3/Flt3L signaling and IRF8, whereas cDC2 are dependent on IRF4. MI significantly 
recruited leukocytes, including macrophages, neutrophils and DCs at the wound site. cDC2 
was the most significant increase among DC subpopulations. The selective depletion of 
Zbtb46-expressing DCs following MI resulted in a dramatic reduction in the heart infarct size 
and improved cardiac function. Moreover, cDC depletion showed a significant decrease of IL-
1β and the recruitment of CD45+ leukocytes, including macarophages, CD3+ T cells, and 
CD4+ T cells. These results demonstrate that cardiac DCs play an important role in immune 
cells infiltration after MI. Future studies should address the accurate and origins of DC sub-
populations in healthy and infarcted heart. 
We established for the first time a lipid probe-based flow cytometric method to 
investigate foam cells in atherosclerosis. The number of SSChiBODIPYhi foam cells detected 
by this method correlated with lesion size. Therefore, our flow cytometry analysis not only 
enables trancriptome analysis of foamy macrophages and non-foamy macrophages, it can also 
be used to assess the severity of atherosclerosis and the characteristics of foam cells. The lipid-
laden macrophages, which accumulate lipids in their cytoplasm in atherosclerotic lesions, 
exhibited clearly different gene expressions compared to non-foamy macrophages. Notably, 
IL-1β expression in lesional foamy macrophages in mouse and human was significantly 
reduced. Furthermore, scRNA-seq or bulk RNA-seq analysis of foamy and non-foamy 
macrophages in the human atherosclerotic aorta is very important for our understanding of 
foam cell formation in atherosclerosis. 
The purpose of this thesis was to contribute to the prospective development of 
therapeutic agents by clarifying the functions of dendritic cells and macrophages in the 
pathogenesis and the formation of cardiovascular diseases. Targeting of cells responsible for 
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5. 1  Abstract 
Dendritic cells (DCs) are central to initiate antigen-specific immunity and tolerance. 
The in vivo development and distribution of DCs are now better understood even in 
nonlymphoid tissues.1 Atherosclerosis is a chronic inflammatory disease of blood vessels and 
DCs are highly enriched in the intimal area of the aorta, which is predisposed to develop 
atherosclerosis. Previously, we were the first to show antigen presenting DCs and their subsets 
in the aorta.2, 3 Here, we discuss several useful methods to characterize not only DCs but also 
other immune cells in steady state and atherosclerotic aorta. These comprise multiparameter 
flow cytometry strategies including intracellular staining and cell sorting, en face 
immunohistochemistry of DCs and regulatory T cells (Tregs), and Oil Red O staining of 





5. 2  Introduction 
In addition to their role in lipid uptake and systemic lipid metabolism4, 5, DCs have 
been shown to be important in modulating immune responses in atherosclerosis in mouse 
models. For example, these studies have demonstrated an atherosclerosis-promoting role of T 
cell costimulatory and antigen-presenting molecules expressed on the surface of DCs (e.g., 
CD80, CD86, MHCI/II)6, 7, an atheroprotective role of the DC maturation-signaling pathway 
through DC-specific elimination of Myd888, and regulation of regulatory T cell (Treg) 
homeostasis by subsets of DCs, such as CCL17+ DCs and Flt3-dependent DCs.3, 9 These 
observations suggest a critical role for DCs in the regulation of T cells and possibly 
atheroprotective Tregs.10 
However, it is very demanding to obtain enough aortic DCs to functionally address 
their characteristics. In this regard, many studies in the field of atherosclerosis have used 
preferentially bone marrow-derived or lymphoid DCs to uncover the mechanism behind 
observed atherosclerotic phenotypes. Of note, it is prudent to analyze the interplay of immune 
cells in healthy and diseased aorta to understand the initiation and progression of 
atherosclerosis. Here we summarize useful methods to analyze DCs and immune cells in 
healthy and diseased aorta. 
The advent of genetically modified mouse models such as low-density lipoprotein 
receptor (Ldlr) or Apolipoprotein E (ApoE)-deficient mice has facilitated atherosclerosis 
studies in mice that closely recapitulate human disease.11, 12 While cell type analysis in 
atherosclerotic lesions by immunohistochemistry has been informative, recent advances in 
flow cytometric analysis of aortic cell suspensions allowed monitoring various immune cell 
types simultaneously in the aorta.13 However, autofluorescent macrophages affect flow 
cytometric analysis of aortic cell suspensions especially in multiparameter flow cytometry. 
Therefore, it is critical to remove macrophages from the beginning to faithfully analyze other 
immune cells such as DCs and Tregs. To this end, the use of macrophage specific markers 
such as CD64 and MerTK in combination with CD11b or F4/80 is very helpful.14, 15 In our 
protocol, FACS staining is optimized for 96 well formats to save antibody-related reagents and 
minimize cell loss. Of note, several cell surface markers are easily degraded via collagenase 
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treatment. To overcome this issue, intracellular staining of CD4 is employed in our protocol.16 
To measure regulatory T cells in the aorta, CD4 and Foxp3 are simultaneously stained. 
Notably, the Foxp3 staining method (eBioscience) has been modified and optimized for aortic 
Treg measurement. 
Traditionally, staining aortic immune cells en face has provided valuable information 
on their anatomical location and distribution. We previously reported that DCs are enriched in 
the intimal space of aortas while macrophages are enriched in adventitia.2, 3 En face staining 
allows one to image both the intimal and adventitia sides of the aorta. Here, we describe a 
method to stain whole mount en face of aortic DCs and macrophages. To this aim, the basic 
protocol (TSA Protocol, Life Technologies) has been modified and optimized for the aorta. In 
atherosclerotic lesions, Oil Red O staining is a classical method to measure lesions and assess 
the severity of atherosclerosis in mouse models.17 For a sound assessment of atherosclerotic 
lesions, it is critical to embed the aorta in the correct orientation for frozen section preparation. 
We illustrate this procedure in detail and show representative stainings of Oil Red O and 
CD11c+ cells in the aorta. Finally, we also provide one example of functional analysis to 
differentiate DCs from macrophages. The classical feature of DCs is their lower phagocytic 
activity compared with macrophages.3 In this protocol, aortic cell suspensions are incubated 
with fluorescent beads to assess phagocytic activity and then purified by fluorescence-




5. 3  Materials 
 
5. 3. 1  Mouse Aorta Isolation 
 
  5. 3. 1. 1  Mouse Handling 
 1. C57BL/6 mouse. 
 2. 70% ethanol. 
 3. Surgical scissors (Figure. 5.1a). 
 4. Surgical forceps. 
 5. 10ml syringe. 
 6. 24-gauge needle. 
 7. 1x PBS. 
 8. Surgical tray. 
 
  5. 3. 1. 2  Aorta Isolation 
 1. Dissecting microscope. 
 2. Dissecting dish: heat-resistant glass dishes, black wax(Nasco, SA04451MH),  
     hotplate stirrer (Figure. 5.1b and c, see Note 1). 
 3. Micro-dissection scissors. 
 4. Micro-dissection forceps. 
 5. Pin. 
 
5. 3. 2  Flow Cytometry Analysis 
 
  5. 3. 2. 1  Preparation of Single Cell Suspension 
 1. 1ml collagenase cocktail: 880µl 1x HBSS, 100µl collagenase type I (Sigma-Aldrich, 
     C0130, 10x stock: 675 U/ml), 10µl collagenase type XI (Sigma-Aldrich, C7657, 10x 
     stock: 187.5U/ml), 10µl hyaluronidase type I-s (Sigma-Aldrich, H1115000, 10x 
     stock: 9 U/ml) (see Note 2). 
 2. Rotator. 
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 3. Collagenase digestion tube with cap (Falcon, 352063) (see Note 3). 
 4. Parafilm M. 
 5. 70-µm strainers. 
 6. 15ml tube. 
 7. 500ml wash media: 25ml heat-inactivated FBS, 475ml 1x RPMI-1640,  
     5ml 100x antibiotic–antimycotic. 




Figure 5.1. Materials for mouse aorta isolation. (A) From left to right; angled surgical 
forceps with serrated tips, sharp-nose surgical forceps, microdissection forceps, surgical 
scissors, and microdissection scissors. (B,C) Dissecting dish preparation. Heat-resistant glass 





  5. 3. 2. 2  Surface Staining 
 1. Fluorochrome-conjugated monoclonal antibodies (all from BioLegend):  
     PE-CD45 (clone 30-F11), PerCP/Cy5.5-CD64 (clone X54-5/7.1), BV711-CD11b 
     (clone M1/70), PeCy7-CD11c (clone N418) and A700-MHCII (clone M5/114.15.2).  
 2. FcBlock: culture supernatant from 2.4G2 hybridoma (ATCC, HB-197). 
 3. 500ml FACS buffer: 10ml heat-inactivated FBS, 490ml 1x PBS withcalcium/ 
     magnesium, 5ml 100x antibiotic–antimycotic. 
 4. 96-well v-bottom plates. 
 5. Microtiter tubes. 
 6. 5ml tubes. 
 7. Flow cytometry analyzer. 
 
  5. 3. 2. 3  Intracellular Foxp3 Staining 
 1. Fluorochrome-conjugated monoclonal antibodies (all from BioLegend, unless noted  
     otherwise): APC-CD45 (BD Biosciences, clone 30-F11), PerCP/Cy5.5-CD64 (clone  
     X54-5/7.1), BV711-CD11b (clone M1/70), APC-e780-CD3 (eBioscience, clone 
     17A2), BV785-CD4 (clone RM4-5), and PE-Foxp3 (eBioscience, clone FJK-16s). 
 2. Foxp3/Transcription Factor Staining Buffer Set (eBioscience, 00-5523-00). 
 3. Materials as described in Subheading 5.3.2.2, from item 2 to 7. 
 
5. 3. 3  Visualization in Aorta 
 
  5. 3. 3. 1  Dendritic Cell Staining 
 1. 6-well plate. 
 2. 0.25% Triton X-100: 125µl Triton X-100, 50ml 1x PBS (see Note 4). 
 3. 1.5ml tube. 
 4. 0.3% H2O2: 100µl 30% H2O2, 10ml 1x PBS (see Note 5). 
 5. Monoclonal antibody: Biotin-CD11c mAb (BioLegend, clone N418). 
 6. TSA kit, HRP-Streptavidin with Alexa Flour 555 (Invitrogen, T-30955). 
 7. Shaker. 
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 8. DAPI. 
 9. Glass slides for cryosection. 
 10. 4% formaldehyde: 4ml 10% formaldehyde, 6ml 1x PBS. 
 11. 1x PBS. 
 12. Mounting solution. 
 13. Coverslip. 
 14. Transparent nail polish. 
 15. Scotch tape. 
 
  5. 3. 3. 2  Oil Red O Staining (en face) 
 1. Ldlr−/− mouse or ApoE−/− mouse. 
 2. CHOW diet (TestDiet, 5015) or Western diet (TestDiet, AIN-76A). 
 3. Dissecting dish. 
 4. Distilled water. 
 5. Glass slides. 
 6. Pin. 
 7. 0.5% Oil Red O solution I: 0.5g Oil Red O, 100ml 100% propylene glycol  
     (see Note 6). 
 8. 85% propylene glycol: 85ml 100% propylene glycol, 15ml distilled water. 
 9. Materials from Subheading 5.3.3.1, items 10-15. 
 
  5. 3. 3. 3  Oil Red O Staining (Cryosection) 
 1. Razor blade. 
 2. Embedding mold. 
 3. OCT compound. 
 4. Cryostats. 
 5. Glass slides for cryosection. 
 6. Harris’ hematoxylin (National Diagnostics, HS-400). 
 7. 0.5% Oil Red O solution II: 1g Oil Red O, 100ml 70% ethanol, 100ml acetone  
     (see Note 7). 
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 8. 70% ethanol. 
 9. Materials from the Subheading 5.3.3.1, from items 10 to 15. 
 10. Mice and materials from Subheading 5.3.3.2, items 1-4. 
 
  5. 3. 3. 4  Immunostaining (Cryosection) 
 1. TSA kit, HRP-Streptavidin with Alexa Flour 594 (Invitrogen, T-20935). 
 2. 0.3% H2O2: 100µl 30% H2O2, 10ml 1x PBS (see Note 5). 
 3. Monoclonal antibody: Biotin-CD11c mAb (BD Pharmigen, clone HL3). 
 4. DAPI. 
 5. Materials from the Subheading 5.3.3.1, from items 10 to 15. 
 6. Mouse and materials from the Subheading 5.3.3.2, from items1 to 4. 
 7. Materials from the Subheading 5.3.3.3, from items 2 to 5. 
 
5. 3. 4  Bead Phagocytosis Assay 
 
  5. 3. 4. 1  Bead Phagocytosis and Sorting 
 1. Fluoresbrite 1µm bead (Polysciences, 15702). 
 2. Collagenase digestion tube with cap (Falcon, 352063). 
 3. 500ml culture media: 25ml sterile heat-inactivated FBS, 475ml sterile 1x RPMI- 
     1640, 5ml sterile 100x antibiotic-antimycotic, 5ml sterile 100x GlutaMAX, 5ml 
      sterile 100x MEM nonessential amino acids.  
     Add sterile 0.5ml 1000x 2 mercaptoethanol right before using culture media. 
 4. Fluorochrome-conjugated monoclonal antibodies (all from BioLegend, unless noted 
     otherwise): APC-CD45 (BD Biosciences, clone 30-F11), PerCP/Cy5.5-CD64 (clone 
      X54-5/7.1), BV711-CD11b (clone M1/70), PeCy7-CD11c (clone N418), and A700- 
     MHCII (clone M5/114.15.2). 
 5. 15ml tube. 
 6. Cell sorter. 
 7. 500ml FACS buffer: 10ml heat-inactivated FBS, 490ml 1x PBS with calcium/ 
     magnesium, 5ml 100x antibiotic–antimycotic. 
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  5. 3. 4. 2  Cytospin and Fixation 
 1. Glass slides for cryosection. 
 2. Shanon filter card. 
 3. Cytospin cytocentrifuge. 
 4. 4% formaldehyde: 4ml 10% formaldehyde, 6ml 1x PBS. 
 5. 1x PBS. 
 6. DAPI. 
 7. Mounting solution. 
 8. Coverslip. 





5. 4  Methods 
 
5. 4. 1  Mouse Aorta Isolation 
 
  5. 4. 1. 1  Mouse Handling 
 1. Prepare a 10ml syringe filled with 10ml of ice cold 1x PBS (per mouse).  
     Attach a 24-gauge needle to the syringe. 
 2. Euthanize mouse with CO2. As soon as the mouse stops breathing, bring it out of  
     the CO2 chamber. 
 3. Spray 70% ethanol onto the mouse and place it on a surgical tray under a light 
      source. 
 4. Place mouse abdomen up and stretched with 24-gauge needles onto its four paws. 
 5. Locate and lift abdominal skin, insert scissors and make incisions from thoracic 
     cavity to peritoneum. Avoid cutting blood vessels, which can cause bleeding. 
 6. Open the abdominal wall below the ribcage. 
 7. Lift the sternum with forceps and cut the diaphragm. The heart should be visible. 
 8. Locate right and left iliac blood vessels between peritoneum and hind legs and  
     make incisions for blood drainage. 
 9. Insert the 10 ml syringe needle into the apex of the right ventricle and flush  
     the blood out of the mouse for 2 min. 
 10. Cut away the entire ribcage to expose the heart and lungs. 
 11. Remove lungs, esophagus, and intestine with scissors. 
 
  5. 4. 1. 2  Aorta Isolation 
 1. You should be able to see connective tissues along the spine. 
     The aorta is located along the spine and surrounded by connective tissues. 
 2. Lift the heart and detach connective tissues all the way down to the bladder. 
 3. Flush the heart again through the right and left ventricles using a 10ml syringe 
     containing10ml of cold 1x PBS to clean out residual blood. 
 4. Place the aorta on the dissecting dish (see Figure. 5.1 for the preparation of  
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     dissection dish) with 1x cold PBS under a dissecting microscope. 
 5. Using microdissection scissors cut the heart horizontally and pin the heart with  
     a needle (Figure. 5.2a). 
 6. Remove the fat and connective tissues surrounding aorta carefully, leaving intact  
     the sinus, aortic arch and three arteries (Brachiocephalic, Left common carotid and 
     Left subclavian artery) on aortic arch (Figure. 5.2b, c). 
 7. Cut along the lesser curvature side of aorta from aortic sinus to the end of  
     descending aorta (Figure. 5.2d, e). 
 8. Cut distal ascending side of aorta where three arteries are located, from aortic sinus  




Figure 5.2. Mouse aorta isolation under dissecting microscope. (A) Isolated tissues 
containing aorta and heart on dissecting dish with cold 1x PBS. Heart was cut in half 
horizontally and pinned on the dissection dish to facilitate locating aortic arch and three 
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arteries. (B, C) Aorta was trimmed but aortic sinus is still inside the heart (B) and aortic sinus 
was separated intact from the heart (C). (D-G) Trimmed aorta was opened in Y shape. Distal 
ascending side of aorta where three arteries are located was cut (D and E) and lesser curvature 
side of aorta from aortic sinus to the end of descending aorta was cut (F and G). (H) Isolated 
aorta in a collagenase digestion tube was cut into small pieces with surgical scissors and filled 
with 1 ml of collagenase cocktail. The tube was closed with cap and tightly sealed with 
Parafilm. 
 
5. 4. 2  Facs Analysis 
 
  5. 4. 2. 1  Preparation of Single Cell Suspension 
 1. Prepare 1ml collagenase cocktail. 
 2. Add 100µl of collagenase cocktail into a collagenase digestion tube per one isolated  
     aorta (Figure. 5.2h). 
 3. Cut the aorta into small pieces with surgical scissors to facilitate collagenase  
     digestion and add additional 900µl of collagenase cocktail to make 1ml in total  
     (Figure. 5.2h). 
 4. Close the tube with a cap and seal the cap tightly with Parafilm. 
     Then, incubate at 37 °C for 40 min with rotation (Figure. 5.2h). 
 5. Remove the tube from incubator after 40 min and centrifuge the tubes briefly  
     at 800xg. 
 6. Pipette the digested aorta up and down about 100 times and pass through  
     70-µm strainers into a 15ml tube. 
 7. Wash the collagenase digestion tube with 1 ml of wash media to minimize cell loss  
     and transfer the 1 ml into the 15 ml tube. 
 8. Centrifuge the 15ml tube at 800xg for 5 min at 4 °C and aspirate supernatant  
     (Use swinging rotor to maximize cell pellet). 
 9. Repeat steps 7 and 8. 
 
  5. 4. 2. 2  Surface Staining 
 1. Resuspend and incubate cells in 150µl FcBlock at 4 °C for at least 20 min. 
 2. Prepare antibody cocktail in FACS buffer (anti-CD45, anti-CD64, anti-CD11b, anti- 
     CD11c, and anti-MHCII mAb). 
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 3. Transfer cells into one well of a 96-well v-bottom plate. 
 4. Centrifuge the plate at 800xg, 4 °C for 2 min and flick the plate in a quick single  
     motion with sufficient force to discard supernatant (Do not aspirate). 
 5. Wash the cells in 100µl of FACS buffer and repeat step 4. 
 6. Resuspend the cells in 30µl of antibody cocktail at 4 °C in the dark for 30 min. 
 7. Add 100µl of FACS buffer, resuspend the stained cells and repeat step 4. 
 8. Repeat step 7, twice. 
 9. Suspend the stained cells in 100µl of FACS buffer and pass through 70-µm strainers  
     into a microliter tube. 
 10. Place the microliter tube into a 5 ml tube used for flow cytometry analysis and read  




Figure 5.3. Aortic lymphocytes gating strategy. (A) Aortic cells from C57BL/6 mouse were 
stained for CD45, CD64, CD11b, CD11c, and MHCII. Entire cells from one aorta were 
acquired. First CD45+ lymphocytes were gated and plotted onto forward scatter (FSC) and 
side scatter (SSC). Cell doublets were excluded using FCS-A and FSC-W, and CD64+ 
macrophage and CD64− non-macrophage cells were separated. Finally, CD64− non-
macrophage cells were plotted onto CD11c and MHCII and CD11c+ MHCII+ aortic dendritic 
cells can be identified. (B) Aortic cells from Ldlr−/− mouse fed with western diet for 8 weeks 
were stained for CD45, CD64, CD11b, CD3, CD4, and Foxp3. Entire cells from one aorta 
were acquired. First, CD45+ lymphocytes were gated and plotted onto forward scatter (FSC, 
not shown) and side scatter (SSC, not shown). Cell duplets were excluded using FCS-A and 
FSC-W (not shown). Second, CD64− CD11b− cells were gated. Third, CD3+ CD4+ cells were 
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isolated and, finally, CD4+ Foxp3+ cells can be identified. Data was analyzed using FlowJo 
software (TriStar). 
 
  5. 4. 2. 3  Intracellular Foxp3 Staining 
 1. Resuspend and incubate cells in FcBlock at 4 °C for at least 20 min. 
 2. Prepare antibody cocktail in FACS buffer (anti-CD45, anti-CD64, anti-CD11b,  
     and anti-CD3 mAb). 
 3. Transfer cells into one well of a 96-well v-bottom plate. 
 4. Centrifuge the plate at 800xg, 4 °C for 2 min and flick the plate in a quick single  
     motion with sufficient force to discard supernatant (Do not aspirate). 
 5. Wash the cells in 100µl of FACS buffer and repeat step 4. 
 6. Resuspend the cells in 30µl of antibody cocktail for surface markers at 4 °C  
     in the dark for 30 min. 
 7. Add 100µl of FACS buffer, resuspend the stained cells, and repeat step 4. 
 8. Repeat step 7, twice. 
 9. Prepare fresh 1x Fixation/Permeabilization buffer (50µl per sample/well, see Note 8). 
 10. Resuspend and fix the surface stained cells in 50µl of 1x Fixation/Permeabilization  
       buffer at 4 °C at least 7 h or overnight (Cover the plate if fixed overnight). 
 11. Centrifuge the plate at 800xg for 3 min and flick the plate in a quick single motion  
       with sufficient force to discard buffer (Do not aspirate, see Note 9). 
 12. Prepare fresh 1x Permeabilization buffer (Total 340µl per sample/well). 
 13. Prepare antibody cocktail in 1x Permeabilization buffer (anti-CD4 and anti-Foxp3  
       mAb). 
 14. Resuspend and wash the fixed cells in 100µl of 1x Permeabilization buffer. 
 15. Centrifuge the plate at 800xg for 3 min and flick the plate in a quick single motion  
       with sufficient force to discard buffer (Do not aspirate). 
 16. Repeat steps 14 and 15. 
 17. Resuspend and incubate the fixed cells in 40µl of antibody cocktail for intracellular  
       staining at 4 °C for 7 h. 
 18. Resuspend the stained cells in 100µl of 1x Permeabilization buffer and repeat  
       step 15. 
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 19. Resuspend the stained cells in 100µl of FACS buffer and repeat step 15. 
 20. Repeat step 19. 
 21. Resuspend the surface and intracellular stained cells in 100µl of FACS buffer and  
       pass through 70-µm strainers into a microliter tube. 
 22. Place the microliter tube into a 5ml tube used for flow cytometry and  
       analyze the cells on a flow cytometer (Figure. 5.3b). 
 
5. 4. 3  Visualization in Aorta 
 
  5. 4. 3. 1  Dendritic Cell Staining (en face) 
 1. Fix the isolated aorta (prepared from Subheading 5.4.1.2) in 4 % formaldehyde 
     in a 6-well plate at 4 °C, 40 min. 
 2. Wash the fixed aorta in 1x PBS in a 6-well plate on shaker for 10 min, three times. 
 3. Permeabilize the aorta in 0.25% Triton X-100 in 1.5ml tube for 20 min with rotation 
     at room temperature. 
 4. Repeat step 2. 
 5. Inactivate endogenous peroxidase by incubating the permeabilized aorta in 0.3%  
     H2O2 in a 6-well plate at room temperature for 1 h. 
 6. Repeat step 2. 
 7. Block the aorta with 2% TSA blocking solution for 1 h with rotation  
     at room temperature (see Note 10). 
 8. Repeat step 2. 
 9. Incubate the aorta with biotin-CD11c mAb (0.75µg in 300µl of 1% TSA blocking  
     solution) in a 48-well plate at room temperature for 2 h on shaker. 
 10. Repeat step 2. 
 11. Incubate the aorta with streptavidin-HRP Ab (0.325µg in 300µl of 1% TSA  
       blocking solution) at room temperature for 1 h on shaker. 
 12. Repeat step 2. 
 13. Label the aorta in 300µl of TSA reaction mix (1µl Alexa fluorochrome in 300µl  
       reaction buffer) in 48 well plates on shaker for 20 min. 
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 14. Wash the fixed aorta in 1x PBS in a 6-well plate on shaker for 10 min. 
 15. Incubate the stained aorta with DAPI (1µl in 5ml 1x PBS) for 1 min. 
 16. Repeat step 2 (see Note 11). 
 17. Place the aorta in a Y shape onto a coverslip under a dissecting microscope and  
       close the coverslip with mounting solution and another coverslip. (CAUTION: DO  
       NOT fold aorta, this will result in autofluorescence, poor images, and difficulty in  
       Distinguishing intima and adventitia). 
 18. Dry the slide in the dark and seal the coverslip with nail polish.  
       Tape the sample onto a glass slide. 
 19. Examine intima and adventitia by fluorescence microscope (Figure. 5.4a–c). 
 
  5. 4. 3. 2  Oil Red O Staining (en face) 
 1. Prepare Ldlr−/− mouse or ApoE−/− mouse fed with western diet for at least 6 weeks,  
     or at least 200 days old ApoE−/− mouse fed with CHOW diet. 
 2. Place the aorta (prepared from Subheading 5.4.1.2) on the dissecting dish  
     with ice cold 1x PBS under a dissecting microscope. 
 3. Pin the aorta in a Y shape so that the atherosclerosis lesions of intima are exposed. 
 4. Replace PBS with 4% formaldehyde and incubate at room temperature for 1 h. 
 5. Replace 4% formaldehyde with 1x PBS and wash for 1 h. 
 6. Replace PBS with 100% propylene glycol and incubate for 5 min. 
 7. Replace 100 % propylene glycol with 0.5% Oil Red O solution I and incubate  
     the aorta for 9 h at room temperature. 
 8. Replace 0.5% Oil Red O solution with 85% propylene glycol and wash the aorta  
     for 10 min. 
 9. Replace 85% propylene glycol with 1x PBS and wash the aorta in 1x PBS  
     at room temperature for 1 h. 
 10. Place the aorta in a Y shape onto a coverslip under a dissecting microscope and  
       close the coverslip with mounting solution and another coverslip. 
 11. Dry the slide and seal the coverslip with nail polish.  
       Tape the sample onto a glass slide. 
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Figure 5.4. Visualization of aortic CD11c+ cells and atherosclerotic lesions. (A) Fixed and 
stained aorta was mounted on coverslips. Intima can be examined by placing it on a glass slide 
with tape, and adventitia can be examined by flipping only the cotverslips. (B and C) Aorta 
from C57BL/6 mouse was isolated, fixed and stained for CD11c and labeled with TSA Alexa 
555 kit. White dotted line indicates boundary of aorta and entire aorta image was taken by tile 
scanning. Alexa 555 positive cells can be observed in lesser curvature in intima (B) and 
throughout in adventitia (C). Inset image shows dendritic cell morphology in intima and non-
dendritic cell morphology with no dendrites in adventitia. Images were examined using LSM 
710 confocal microscope (Zeiss). (D and E) Aortas from C57BL/6 mouse and ApoE−/− mouse, 
both fed with CHOW diet and 300 days old, were fixed and stained for Oil Red O. Aorta from 
ApoE−/− mouse (E) shows atherosclerotic lesions which are not observed in aorta of C57BL/6 
(D). Most of atherosclerotic lesions in ApoE−/− mouse are located in aortic sinus and aortic 




5. 4. 3. 3  Oil Red O Staining (Cryosection) 
 1. Prepare Ldlr−/− mouse or ApoE−/− mouse fed with Western diet for at least 6 weeks,  
     or at least 200-day-old ApoE−/− mouse fed with CHOW diet. 
 2. Follow the steps in Subheading 5.4.1.1 until step 5 in Subheading 5.4.1.2. 
 3. Using a sharp razor blade cut along Line-a in the middle between the bottom of the  
     heart and a plane of both bottom of right and left atria (Line-b). Line-a is also  




Figure 5.5. Oil Red O staining and CD11c+ cell staining with frozen sections from 
atherosclerotic lesions in aortic sinus. (A) Isolated heart was cut along Line-a, which is 
located halfway between the bottom of the heart and a plane of both lower right and left atria 
(Line-b). Line-a must be parallel with Line-b, which results in also being parallel with Line-c. 
The trimmed heart was fixed and washed in 4% formaldehyde and PBS, respectively. The 
fixed heart was cut along Line-d, which is parallel to both apex of right and left atria, and 
placed frozen in an embedding mold filled with OCT compound. (B) The cross section of 
aortic sinus with three sinus valves was stained with Oil Red O and Harris’ hematoxylin. 
Atherosclerotic lesions are shown in red in sinus valves [left]. Image in inset shows cells 




 4. Pin the heart with a needle and remove the fat and connective tissues surrounding  
     aorta carefully, leaving intact the aortic arch and three arteries (Brachiocephalic, 
     Left common carotid and Left subclavian artery) on aortic arch. Please do not  
     separate the heart and aorta. 
 5. Fix the heart and aorta in 4% formaldehyde at room temperature for 1 h  
     (Figure. 5.5a). 
 6. Wash the fixed heart and aorta in 1x PBS at room temperature for 1 h (Figure. 5.5a). 
 7. Cut along Line-d to remove aorta but only leaving the aortic sinus (Figure. 5.5a). 
 8. Place the heart and aortic sinus in an embedding mold and fill with OCT compound  
     at room temperature. Wait for 10 min (Figure. 5.5a). 
 9. If the sample floats to the surface, squeeze the tissue with forceps slightly to remove  
     air bubbles. 
 10. Bring the embedding cassette to −80 °C for at least 4 h. 
 11. Start cryosection in 5µm thickness. 
 12. Cut the frozen block until the heart is exposed and place it on a glass slide. 
 13. Examine the slide under the microscope if aortic sinus and valves are visible. 
 14. Prepare several slides with intact aortic sinus with all three leaflets of the valve. 
 15. Wash the slides with distilled water for 3 min. 
 16. Stain in Harris’ hematoxylin for 30s. 
 17. Aspirate hematoxylin and repeat step 15. 
 18. Apply 70% ethanol for 2s. 
 19. Aspirate 70% ethanol and add 0.5% Oil Red O solution II for 2 min. 
 20. Aspirate Oil Red O solution and wash with 70% ethanol for 30s. 
 21. Aspirate and wash with 70% ethanol for 30s again. 
 22. Aspirate 70% ethanol and stain in hematoxylin for 30s. 
 23. Wash the slides with distilled water for 3 min. 
 24. Close the slides with mounting solution and coverslips. 
 25. Dry the slide and seal the coverslip with nail polish. 





  5. 4. 3. 4  Immunostaining (Cryosection) 
 1. Prepare aortic sinus slides according to the description in Subheading 5.4.3.3  
     up to step 14. 
 2. Dry the slides at 60 °C for 1 h. 
 3. Hydrate sections with PBS at room temperature for 5 min. 
 4. Block endogenous peroxidase activity with 0.3% H2O2 for 1 h. 
 5. Wash the slides twice with PBS for 5 min. 
 6. Block sections with 1% TSA blocking solution for 1 h. 
 7. Repeat step 5. 
 8. Stain sections with biotin-CD11c mAb (0.5µg in 100µl of 1% TSA blocking  
     solution) at room temperature for 1 h. 
 9. Repeat step 5. 
 10. Incubate sections with streptavidin-HRP Ab (0.125µg in 100µl of 1% TSA  
       blocking solution) at room temperature for 1 h. 
 11. Repeat step 5. 
 12. Label sections in 100µl of TSA reaction mix (0.25µl Alexa fluorochrome in 100µl  
       reaction buffer) for 20 min at room temperature. Avoid light. 
 13. Repeat step 5. 
 14. Incubate sections with DAPI (1µl in 5ml 1x PBS) for 1 min. 
 15. Repeat step 5. 
 16. Close the slides with mounting solution and coverslips. 
 17. Dry the slides in the dark and seal the coverslip with nail polish. 
 18. Examine by fluorescence microscopy (Figure. 5.5b Right). 
 
5. 4. 4  Bead Phagocytosis Assay 
 
  5. 4. 4. 1  Bead Phagocytosis and Sorting 
 1. Perform Subheadings 5.4.1 and 5.4.2.1 under sterile conditions in a cell culture hood 
     (Centrifuge samples at 450xg in Subheading 5.4.2.1, instead of 800xg). 
 2. All procedures in this Subheading (5.4.4.1) should be carried out  
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     in sterile conditions in a culture hood. 
 3. Incubate the cells with beads (1µl of beads/ml) in 1 ml of sterile culture media  
     in a collagenase digestion tube at 37 °C in an incubator for 1 h (see Note 13). 
 4. Transfer the cells into a sterile 15 ml tube. 
 5. Add 1 ml of sterile culture media into the collagenase digestion tube to collect  
     leftover cells, and transfer into the 15 ml tube. 
 6. Wash the cells with an additional 2 ml of sterile culture media by centrifuge  
     at 450xg, 4 °C for 5 min. 
 7. Aspirate supernatant and repeat step 6. 
 8. Resuspend and incubate cells in 300µl of sterile FcBlock at 4 °C for at least 20 min. 
 9. Prepare antibody cocktail in culture media (anti-CD45, anti-CD64, anti-CD11b, anti- 
     CD11c, and anti-MHCII mAb). 
 10. Repeat step 6. 
 11. Aspirate supernatant and stain the cells with 300µl antibody cocktail at 4 °C  
       for 30 min. 
 12. Repeat step 6. 
 13. Aspirate supernatant and repeat step 6. 
 14. Resuspend the stained cells in 500µl culture media and pass through 70-µm  
       strainers into an appropriate tube used for cell sorting. 
 15. Sort the aortic cells into two groups; CD64+CD11b+ macrophages and CD11c+  
       MHCII+ dendritic cells. 
 16. Wash the sorted cells with 5 ml of sterile FACS buffer at 4 °C at 450xg for 15 min. 
 17. Aspirate supernatant and repeat step 16. 
 18. Aspirate supernatant and resuspend cells in 100µl of FACS buffer in the dark at  
       4 °C (see Note 14). 
 
  5. 4. 4. 2  Cytospin and Fixation 
 1. Assemble a pre-coated slide and a filter card into one of the slots of a cytospin  
     centrifuge. 
 2. Transfer 100µl of FACS sorted sample into the assembled slot, and spin at 32xg  
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     for 5 min. 
 3. Carefully separate the slide from the filter card not to damage the sample on  
     the slide. 
 4. Dry the slide for 10 min in the dark at room temperature. 
 5. Prepare 4% formaldehyde and apply it carefully onto the sample on the slide to fix  
     the cells in the dark at room temperature for 20 min. 
 6. Wash the slide with PBS for 5 min in the dark at room temperature. 
 7. Prepare diluted DAPI solution (1µl in 5ml of 1x PBS). 
 8. Aspirate 1x PBS from the slide and gently apply 100µl diluted DAPI solution  
     for 1 min. 




Figure 5.6. Visualization of Bead phagocytosis in sorted and cytospin centrifuged aortic 
cells. Total aortic cells from a C57BL/6 mouse were incubated with Fluoresbrite 1-µm beads 
for phagocytosis, stained with antibodies (CD45, CD64, CD11b, CD11c and MHCII) for cell 
sorting and cytospin centrifugation (32xg, 5 min). Aortic macrophages were gated from 
CD45+ CD64+ CD11b+ cells and aortic dendritic cells (DC) were gated from CD45+ CD64− 
CD11c+ MHCII+ cells. Cytospin slides were fixed and stained with DAPI. The images were 





 10. Close the slide with mounting solution and coverslip. 
 11. Dry the slide in the dark and seal the coverslip with nail polish and examine by 





5. 5  Notes 
1. Put glass dishes on a hotplate stirrer. Cut black wax into small chunks and place into 
     the glass dishes. Increase temperature of hotplate stirrer until the black wax starts 
     melting. Once the black wax melts and spreads evenly, leave the glass dishes at 
     room temperature to solidify. Be careful since the plates are very hot. Prepare   disse-
     cting dishes in fume hood as black wax produces an unpleasant odor when melted 
     (see Figure. 5.1). 
2. All 10x stock enzymes are sterilely reconstituted in 1x HBSS and aliquots are stored 
     at −20 °C. Carefully check the original units of each enzyme from the company 
     website.  
3. All plastic tubes should be made of polypropylene to prevent the scarce number of 
     aortic lymphocytes from adhering to the plasticware. 
4. Always prepare and use fresh 0.25% Triton X-100. Prepare the solution at least 1 h 
     earlier since it takes time to dissolve Triton X-100 in PBS. Triton X-100 is viscous. 
     Slowly release pipette plunger to allow the pipette tip to fill up with the correct 
     volume. Discharge Triton X-100 and the pipette tip in PBS to recover full amount of 
     Triton X-100. 
5. Always prepare and use fresh 0.3% H2O2. 
6. Gently heat Oil Red O mixed propylene glycol in boiled water. Avoid overheating 
     above 110 °C, which causes high background staining of Oil Red O. Filter the Oil 
     Red O solution with 25µm filter paper and store in the dark at room temperature. 
7. Filter the Oil Red O solution with 25µm filter paper right before use. 
8. Fixation and permeabilization buffers should be diluted according to the manufac-
     turer’s instructions. 
9. Fixed cells become slippery and pellets may seem less condensed even after centri-
     fugation. Please make sure not to flick the 96-well plate more than once after centri-
     fugation. If insufficient force was applied, please re-centrifuge the plate and flick 
     again to minimize cell loss. If cell loss is still a concern, centrifuge the plate for 4–5 
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     min at 800xg. Aspiration of supernatant on a 96-well plate has a high risk of touch-
     ing cell pellets, and is not recommended. 
10. Buffers of the TSA kit should be prepared according to the manufacturer’s instruct-
       tions. 
11. If the aorta still has high background fluorescent staining in TSA protocol, wash in 
       PBS for longer until background decreases. Thus, it is critical to examine back- 
       ground fluorescence under a fluorescent microscope or confocal microscope before 
       mounting. 
12. Line-a and Line-b should be parallel, so that the three aortic valves can be visuali-
       zeed on the same cross section as Line-c. 
13. During incubation, leave the cap loosely attached to the tube to allow gas exch-
       ange. 
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6. 1  Abstract 
Plasmacytoid dendritic cells (pDCs) are unique bone marrow-derived cells that 
produce large amounts of type I interferon in response to microbial stimulation. Furthermore, 
pDCs also promote T cell tolerance in sterile-inflammation conditions. However, the immune-
modulatory role of aortic pDCs in atherosclerosis has been poorly understood. Here, we 
identified functional mouse and human pDCs in the aortic intima and showed that selective, 
inducible pDC depletion in mice exacerbates atherosclerosis. Aortic pDCs expressed CCR9 
and indoleamine 2,3-dioxygenase 1 (IDO-1), an enzyme involved in driving the generation of 
regulatory T cells (Tregs). As a consequence, loss of pDCs resulted in decreased numbers of 
Tregs and reduced IL-10 levels in the aorta. Moreover, antigen presentation by pDCs 
expanded antigen-specific Tregs in the atherosclerotic aorta. Notably, Tregs ablation affected 
pDC homeostasis in diseased aorta. Accordingly, pDCs in human atherosclerotic aortas 
colocalized with Tregs. Collectively, we identified a mechanism of atheroprotection mediated 
by tolerogenic aortic pDCs.  
 
 
6. 1. 1  Highlights 
• Mouse and human aorta contain type I interferon-producing pDCs  
• Selective depletion of aortic pDCs with BDCA2-DTR mice aggravates atherosclerosis  
• pDCs and Tregs are concomitantly induced and colocalized in atherosclerotic intima  





6. 2  Introduction 
Dendritic cells (DCs) are the principal cell type responsible for bridging innate and 
adaptive immunity and are central for the initiation of antigen-specific immunity and 
tolerance.1 DCs have been shown to reside in both lymphoid and non-lymphoid tissues.2 
Recent studies on DC development and differentiation have defined subsets of DCs not only in 
lymphoid tissues but also in non-lymphoid tissues, including the aorta.3 The presence of DCs 
in the blood vessels of mice and humans suggests that these cells may be involved in 
atherosclerosis, a representative chronic vascular inflammatory disease.2, 4 Interestingly, in 
healthy mice, DCs are mainly found in aortic roots, the lesser curvature of the aortic arch, and 
openings of arterial branches, regions with hemodynamic disturbance that promotes 
atherosclerosis in humans and experimental animals3 and that are also involved in lipid uptake 
and systemic lipid metabolism.2 
Plasmacytoid DCs (pDCs), although a rare bone-marrow (BM)-derived DC subset, 
serve an essential function by producing copious amounts of type I interferons (IFNs) upon 
microbial stimulation.5 Consequently, the potential function of pDCs in both innate and 
adaptive immune responses to most viruses has been the subject of intensive investigation.  
pDCs are also reported to have a role in peripheral and central tolerance, e.g., tolerance 
to vascularized cardiac allografts6, tolerance against graft-versus-host disease7, and chemokine 
(C-C motif) receptor 9 (CCR9)-dependent central tolerance.8 These tolerogenic properties of 
pDCs are mostly associated with the induction of regulatory T cells (Tregs).9 Importantly, 
systemic deletion of Tregs by anti-CD25 antibody (Ab) or selective depletion of Tregs by 
transgenic mice expressing diphtheria toxin receptor (DTR) under the control of Treg-specific 
Foxp3 promoter aggravated atherosclerosis.10, 11 
Several reports have begun to provide evidence, albeit conflicting, for pDCs’ role in 
mouse models of atherosclerosis.12, 13, 14, 15 Although these previous studies are informative, 
they did not assess many classical functional features of pDCs in the aorta, including 
involvement in hematopoietic development, production of type I IFNs, localization in athero-
prone areas of healthy and diseased aorta, and expression of known cell-surface markers 
specific for pDCs. Therefore, the identification of authentic pDCs in mouse and human aortas 
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and the establishment of their contribution to the initiation, progression, or regression of 
atherosclerosis remain unmet challenges.  
Addressing these gaps in our knowledge requires new approaches for identifying pDCs 
and assessing their role in atherosclerosis. To this end, we first sought to identify cells 
expressing pDC markers in healthy and atherosclerotic aortas of mouse and human. Here, we 
show that these aortic cells are bona fide pDCs with the capacity to produce IFN-α. They also 
reside mainly in athero-prone areas of the healthy aorta but are distributed throughout lesions 
that develop in diseased aortas. Of note, aortic pDCs expressed indoleamine 2,3-dioxygenase 
(IDO-1), an enzyme critical to induce Tregs and Ido1 deficiency in athero-prone Ldlr−/− mice 
had significantly decreased aortic Tregs. In line with this, when pDCs are selectively removed, 
mice developed more severe atherosclerosis, concomitant with a decrease in aortic Tregs. 
Finally, we also identified authentic tolerogenic pDCs in human atherosclerotic aortas and 





6. 3  Results 
 
6. 3. 1  Identification of pDCs in Normal Mouse Aorta 
Despite constituting a very low proportion of splenocytes (<0.4%; Figure S1A), pDCs 
are central to mounting innate immune responses against most viruses through their 
production of type I IFNs. We had previously sought to identify pDCs as CD11c+B220+CD19− 
cells in the normal aorta but found that these cells were very scarce.4 To overcome this and 
better identify pDCs, we further optimized our multicolor flow cytometry procedure and 
applied it to cell suspensions obtained from at least 10–15 pooled healthy mouse aortas, 
including the aortic root (with valves), ascending aorta, aortic arch, and descending aorta 
(Figure 6.1A). CD45+ leukocytes were first separated from macrophages (MΦs, 
CD11b+CD64+), which are a major source of autofluorescence among aortic CD45+ cells 
(Figure S1B), and these cells were further separated from DCs (CD11c+MHCII+), monocytes 
(CD11bhiLy6Chi), granulocytes (CD11b+Ly6CintLy6G+), T cells (CD3+), B cells (CD19+), and 
natural killer (NK) cells (CD49b+).16, 17 After all of these non-pDC populations had been 
removed, the remaining cells (~0.05% of total CD45+ cells) were found to represent a distinct 
population of cells bearing a pDC phenotype (Figure 6.1A). Similar to splenic pDCs, these 
aortic pDCs expressed high levels of plasmacytoid dendritic cell antigen-1 (PDCA-
1)/BST2/CD317, lymphocyte antigen 6 complex (Ly6C), FMS-related tyrosine kinase 3 
(Flt3)/CD135, B220/CD45R, Siglec-H (Figure S1C), and Clec9a, compared with aortic B 
cells (Figure 6.1B), but lesser amounts of other leukocyte markers specific for granulocytes, B 
cells, T cells, and NK cells (Figure 6.1C). In addition, pDCs did not express monocyte or 
MΦ-specific markers, such as CD11b, CX3CR1, F4/80, CD115/MCSF-R, CD14, CD64, 
CD206, and MerTK (Figures 6.1D and 6.1E). Notably, these pDCs also lacked expression of 
the DC-specific markers, such as Zbtb46, XCR1, and CD103, and expressed low levels of 








Figure 6.1. Identification of pDCs under Steady State in Mouse Aortas. (A) Gating 
strategy used in this study. SSClow and FSClow dead cells and doublet cells were gated out. The 
subpopulations of aortic leukocytes are visualized on the dot blot (right) according to the 
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expression of CD11c and MHCII. A representative FACS plot of 10–15 pooled aortas of 
C57BL/6 (WT). (B–F) Aortic pDCs (red lines) were analyzed for surface markers and 
compared with other aortic cell populations (blue lines) and isotypes (gray filled lines). 
Expression of specific markers for pDCs (B); B, T, and NK cells and granouocytes (C); 
Ly6Chigh monocytes (D); MΦs (E); and DCs (F). All markers were surface stained except 
CD206 and Clec9a (ICS); Zbtb46 (Zbtb46+/+ [WT] and Zbtb46gfp/+) and Cx3cr1 (Cx3cr1+/+ [WT] 
and Cx3cr1gfp/+) reporter mice were used for evaluating the expression of these molecules in 
aortic pDCs. Representative marker histograms from at least three experiments are shown, and 
each histogram is from six to ten pooled WT aortas. (G) Morphology and phagocytic activity 
of aortic pDCs. Aortic cells from 40 pooled WT aortas were incubated with 1 µm beads (green) 
and stained with markers as in (A). Cells were sorted out, cytospined to assess morphology 
(left), and counterstained for DAPI (blue), and phagocytic activity was assessed by FACS 
(right).  
 
To further distinguish pDCs from other immune cells by functional criteria, we bathed 
aortic cell suspensions in serum-containing RPMI medium with 1 mm fluorescent yellow 
green (YG) microspheres for 1 hr to test whether pDCs had the phagocytic activity of MΦs. 
pDCs, DCs, and B cells were poorly phagocytic (took up zero to one bead), whereas MΦs 
were highly phagocytic (took up more than three to five beads) (Figure 6.1G). When sorted 
out, pDCs were round or spherical shapes separable from MΦs and the dendritic morphology 
of DCs.  
 
6. 3. 2  Flt3L Treatment Increases pDC Numbers in the Aorta 
Given the higher expression of Flt3/CD135 in aortic pDCs (Figure 6.1B), we next 
asked whether Flt3 ligand (Flt3L), a cytokine crucial for DC development, could expand this 
population. We previously reported that Flt3L treatment selectively increased CD11c+MHCII+ 
DCs.4 Similarly, Flt3L treatment increased DCs and pDCs in the spleen (Figures S2A and 
S2B). In these mice, the absolute number and percentage of aortic pDCs were increased 
(Figure 6.2A). However, MΦs, which are dependent on CD115, did not show any significant 
expansion (Figure 6.2A, bottom). To rule out nonspecific effects, we next tested Flt3L on 
Flt3−/− mice. Whereas Flt3L treatment increased the number of aortic pDCs in wild-type (WT) 





Figure 6.2. Flt3/Flt3L-Dependent Aortic pDCs Localize to Athero-prone Areas and 
Secrete Type I IFN upon TLR9 Ligation. (A–D) In (A)–(C), WT and Flt3−/− mice were 
injected with PBS or Flt3L. (A) Absolute numbers and percentages of aortic pDCs, DCs, and 
MΦs by FACS. Left: representative FACS plot of pDCs (top), DCs (middle), and MΦs 
(bottom). Right: absolute numbers of pDCs per aorta and percentages of pDCs, DCs, and MΦs 
per aortic CD45+ cells. Bars indicate mean; n=14. (B) Aortic pDCs and DCs from WT and 
Flt3−/− mice. Representative FACS plots from at least three experiments. (C and D) 
Localization and distribution of aortic pDCs. (C) Aortas from WT mice were surgically 
 
 235 
separated into intima and adventitia. Representative FACS plots (middle) and quantitation 
(right). Each value is from five to seven pooled aortas (PBS) or two to three pooled aortas 
(Flt3L). Bar indicates mean. (D) Z-stacked en face IF with Siglec-H (pDC, green), CD11c (DC, 
red), and DAPI (nuclei, blue) in the aortic intima. Yellow dashed lines for borders of aortic 
valves. (E) Distribution of pDCs in each aortic segment from WT mice. Top: representative 
FACS plot of pDCs in each segment (percentages are in black; cell numbers are in red); 
Bottom: percentage of aortic pDCs normalized by the weight of each aortic segments. Graph 
indicates mean ± SD; n=10 mice per experiment; four experiments. (F) IFN-α+ cells measured 
by incubating cells with media alone per BFA or with CpG per BFA. Total IFN-α+ cells, 
defined as CD45+CD64−IFN-α+ cells, were enumerated. Graph is representative of two 
independent experiments. (G) PDC-TREM expression in skin-draining LN pDCs and native 
aortic pDCs. Six to seven mice were injected i.v. with CpG or DOTAP alone, and LNs and 
aortas were harvested and pooled. Representative histogram of two independent experiments.  
 
To further identify the anatomical location of pDCs in the aortic wall, we surgically 
separated adventitia from aorta. In the normal aorta, pDCs were not detected in the adventitia 
but were present in the intima (Figure 6.2C). Treatment with Flt3L slightly increased the 
number of pDCs in the adventitia, but most increases were restricted to the intima. To further 
confirm the anatomical location of pDCs, an en face preparation of the aorta was stained for 
immunofluorescence (IF) with the pDC marker Siglec-H and co-stained for CD11c. We had 
previously reported that DCs are enriched in the intimal space, based on staining with CD11c 
only (Figure S2D).3, 4 Notably, Siglec-H+ cells were only detected in the intima, and their 
morphology was spherical—clearly distinguishable from the dendritic morphology of DCs 
(Figure 6.2D; Movie S1). To further define the exact location of these cells, we separated 
aortas into aortic root, aortic arch including the ascending aorta, and descending aorta. This 
analysis revealed that most pDCs were localized in the sinus area of the normal aorta (Figure 
6.2E; Figure S2D), an area known to be athero-prone.  
 
6. 3. 3  Aortic pDCs Are Bona Fide pDCs that Secrete IFN-α 
It is well established that pDCs secrete type I IFN upon Toll-like receptor (TLR)-7 or -
9 ligation.5 Previous studies had failed to measure IFN-α in the mouse aorta.12, 13, 14, 15 Given 
the scarcity of pDCs, we reasoned that a method for obtaining more aortic pDCs was needed 
to successfully assay for secreted IFN-α. First, we expanded pDCs by treating them with 
Flt3L. Then, we compared the capacity of splenocytes, which typically contain ~0.4% pDCs in 
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WT mice (Figure S1A), with single-cell suspensions prepared from hearts and aortas of ten 
WT mice, treated with Flt3L. Notably, cells obtained from hearts and aortas secreted detect- 
able IFN-α when challenged with TLR9 agonist, synthetic oligodinucleotides containing CpG 
motifs (CpG ODNs, hereinafter termed CpG) (Figures S2E and S2F). To further identify the 
types of aortic cells that secreted IFN-α, we performed intracellular staining (ICS) for IFN-α 
and analyzed cells by fluorescence-activated cell sorting (FACS). Of the total aortic IFN-α+ 
cell population, more than 80% were pDCs, similar to lymph node pDCs (Figure 6.2F). 
Within each cell type (aortic pDCs and LNs pDCs), 5%~7% of cells produced IFN-α+ (Figure 
S2G). To further confirm these in vitro results, we next questioned whether aortic pDCs 
upregulate the expression of PDC-TREM, a pDC-specific receptor responsible for increased 
production of type I IFNs.19 When CpG was injected intravenously (i.v.) for 9–12 hr, LNs 
pDCs did preferentially upregulate PDC-TREM (Figure 6.2G). Of note, we observed 
inducible expression of PDC-TREM in native aortic pDCs (Figure 6.2G). Therefore, pDCs 
identified in the normal mouse aorta are functional pDCs with a morphology clearly 
distinguishable from that of other DCs and possess the unique capacity to produce IFN-α in 
vivo.  
 
6. 3. 4  pDCs Are Present in Human and Humanized Mouse Aortas 
Our ability to analyze human aortas was constrained by the paucity of pDCs as well as 
the limited availability of human tissues. Therefore, we next assessed whether human pDCs 
could be identified in the steady-state mouse aorta reconstituted with human stem cells 
(HSCs). To this end, we used humanized mice (hu-mice) whose BM is reconstituted from 
purified human cord blood HSCs. pDCs in these mice can be easily detected in peripheral 
blood as cells that are negative for monocyte/MΦ markers (CD14, CD64, and CD16) and the 
B cell marker CD19 but positive for HLA-DR, CD123, and blood dendritic cell antigen 2 
(BDCA2) (Figure 6.3A).5, 20 pDCs were detectable in aortas isolated from these mice and 
were further increased in number by Flt3L treatment (Figure 6.3B; Figure S3A). To test 
systemic IFN-α secretion in hu-mice, we injected CpG i.v. and measured serum IFN-α levels 
over a 12-hr period. Functional human IFN-α was detected in the blood of hu-mice as early as 





Figure 6.3. Identification and Localization of Human Aortic pDCs in hu-Mice and 
Human Patient. (A–G) Hu-mice were injected with Flt3L. (A) Gating strategy for blood 
pDCs. (B) Representative FACS plots of aortic pDCs with or without Flt3L treatment 
(percentages are in black; cell numbers are in red). (C) Secretion of functional IFN-α. Hu-
mice were injected i.v. with CpG or DOTAP alone. Serum was collected at 0, 4, 8, and 12 hr 
after injection. (D) Expression of IFN-α (ICS), CCR7, and CD83 in aortic pDCs from hu-mice 
(six pooled). Cells were incubated with media alone/BFA or with CpG/BFA. BDCA2+ aortic 
pDCs and BDCA3+ aortic DCs were from the same sample. (E) BM cells were immunostained 
with the indicated Abs. (F) Paraffin-embedded sections of aorta. IHC for LAMP5 and HLA-
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DR (brown) and counterstained with hematoxylin. Arrowheads indicate LAMP5+ (left) and 
HLA-DR+ (right) cells. (G) Z-stacked confocal microscopy images of Flt3L-injected hu-
mouse aortas, stained for LAMP5 (red), HLA-DR (green), and DAPI (blue). (H) 
CD123+BDCA2+ aortic cells from a human patient. Cells were gated from the CD45+ lineage 
(CD14, CD19, CD56)− HLA-DR+ population.  
 
We next asked whether pDCs in the hu-mice aorta could produce functional IFN-α. To 
this end, we incubated aortic cell suspensions from hu-mice with CpG (10 mg/mL) for 9 hr. 
For the last 6 hr, Brefeldin A (BFA) was added to block secretion of IFN-α. Notably, pDCs 
produced IFN-α and also showed upregulated surface expression of CCR7 and CD83 upon 
TLR9 ligation, whereas other BDCA3+ DCs in the same culture well did not (Figure 6.3D). 
These results suggest that pDCs in the hu-mice aorta are authentic pDCs with the capacity to 
produce copious amounts of IFN-α (Figure 6.3D). pDCs were also detected in the aortas of 
hu-BLT mice, another hu-mice model transplanted with HSCs isolated from fetal liver, and 
donor-matched thymus (Figure S3B). To localize these pDCs in the hu-mice aorta, we needed 
an additional reliable, single marker to stain tissue samples. To this end, we chose lysosome-
associated membrane protein 5 (LAMP5), a newly discovered marker for pDCs.21 We found 
that LAMP5 expression was restricted to human pDCs (Figure S3C).22 Moreover, LAMP5 
staining was sufficient to mark CD123+BDCA2+BDCA4+ pDCs in human peripheral blood 
(Figure S3D); this was further confirmed using pDCs from hu-mice BM (Figure 6.3E; 
Figure S3E). Using an anti-LAMP5 Ab, we found that pDCs were localized in the aortic root 
(sinus) of hu-mice (Figure 6.3F, left), where numerous HLA-DR+ cells were also found 
(Figure 6.3F, right). Notably, pDCs were only detected in the intimal space of the normal hu-
mice aorta (Figure 6.3G). These pDCs were also easily detected in non-atherosclerotic human 
aortas (Figure 6.3H; Figure S3F).  
 
6. 3. 5  pDCs Specifically Expand in the Intimal Layer of Atherosclerotic  
     Aorta in Mice 
It was previously reported that aging increases the accumulation of intimal DCs 
(Figure S4A).23 However, we found no correlation between pDC number and mouse age 
(Figure 6.4A). We and others have observed that Western-type diet (WD)-induced 
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atherosclerosis increases the number of DCs in the aorta.4, 23 Indeed, the total number of DCs 
increased in WD-fed Ldlr−/− mice (Figure 6.4B, bottom). Notably, we observed an increase in 
pDCs in the aortas of these mice, but not in other organs such as the spleens, para-aortic LNs, 
and mediastinal LNs (Figures 6.4B and 6.4C; Figure S4B). Importantly, similar to the 
distribution of DCs, pDCs were mostly enriched in the intimal layer where atherosclerosis 
develops (Figure 6.4D; Figures S4C–S4E), and their distribution was further expanded into 
the descending aorta region, where lesions develop in the later stage of atherosclerosis (Figure 
6.4E). When tested for type I IFN response by TLR9 ligation, these aortic pDCs in 
atherosclerotic lesions were functional in terms of PDC-TREM upregulation (Figure 6.4F). 
To further confirm type I IFN production, we sorted cells from atherosclerotic aorta for qPCR, 








Figure 6.4. pDCs Expand Exclusively in the Atherosclerotic Aorta and Protect against 
Atherosclerosis. (A) Absolute numbers of pDCs in WT mice at different ages quantified by 
FACS. n=27. (B) Absolute numbers of pDCs and DCs from WT mice fed a normal diet 
(CHOW) and Ldlr−/− mice fed WD for 10 weeks. Left: representative FACS plots of aortic 
pDCs and DCs (numbers in the plot are percentages); Right: absolute numbers of pDCs and 
DCs per aorta (bars indicate mean; n ≥ 11). (C) Absolute numbers of pDCs/1 × 104 CD45+ 
cells from indicated organs from the mice in (B). Bar indicates mean; n ≥ 6. (D and E) FACS 
analysis of aortic pDC localization and distribution in Ldlr−/− mice fed WD for 12 weeks. Bars 
indicate mean ± SD. (D) Aortic pDCs in intima and adventitia. Left: representative plots. 
Right: percentage of pDCs in each layer of the aorta. n=4. (E) Distribution of pDCs in each 
aortic segments. Percentage of pDCs normalized by the weight of each segment. n=4. (F) 
PDC-TREM expression in pDCs. Ldlr−/− mice fed WD for 6 months were injected i.v. with 
CpG or DOTAP alone. (G) Relative mRNA expression of IFN-β1 in FACS-sorted aortic 
immune cells from WD-fed Ldlr−/− mice (9 weeks). Data were normalized to TATA box-
binding protein (TBP). Bar indicates mean ± SD. Representative of two independent 
experiments. (H–K) Lethally irradiated Ldlr−/− mice were reconstituted with BM from 
BDCA2-DTR mice. (H) After 8 weeks, reconstituted Ldlr−/− mice were fed WD and injected 
with PBS alone (n = 8) or with DT (n = 15) for 12 weeks. (I) Left: representative images of oil 
red O staining of atherosclerotic lesions in en face aorta (top), with atherosclerotic lesions in 
the sinus indicated by blue arrowheads (bottom). Bottom right: quantification of athero-
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sclerotic lesion size. Bars indicate mean. (J) TNF-α mRNA expression levels in the aorta, 
measured by qPCR. Data were normalized to β-actin. Bars indicate mean ± SD; n=6. (K) 
Lipid profile in serum measured from the samples in (H). Bars indicate mean ± SD.  
 
6. 3. 6  pDCs Depletion in Ldlr−/− Mice Reconstituted with BDCA2-DTR  
     BM Aggravates Atherosclerosis 
To explore the role of pDCs in disease, we generated atherosclerotic mice lacking 
pDCs by reconstituting Ldlr−/− mice with BM from BDCA2-DTR mice. It was previously 
reported that pDCs can be inducibly and selectively depleted by injecting BDCA2-DTR mice 
with diphtheria toxin (DT).20 These mice were fed WD for 12 weeks, with or without DT 
treatment, to deplete pDCs (Figure 6.4H). To understand the role of pDCs in the development 
of atherosclerosis, we measured lesion size in the aortic sinuses of these mice. The average 
lesion size in pDC-depleted mice was significantly increased by 47% (Figure 6.4I). In line 
with this, levels of the inflammatory cytokine tumor necrosis factor alpha (TNF-α) were 
increased in pDC-depleted mice aorta (Figure 6.4J), whereas there was no significant change 
in IFN-α levels (Figure S4F). We also found that lipid profiles were not significantly changed 
in these mice (Figure 6.4K). These results suggest that pDCs function to reduce inflammation 
and immunity but do not play a role in systemic lipid metabolism.  
 
6. 3. 7  Treatment with a pDC-Targeting Ab Depletes MΦs 
An Ab-mediated cell-ablation approach using pDC-depleting Abs was widely used to 
study in vivo function of pDCs.24 In this regard, a monoclonal Ab against BST2 (bone marrow 
stromal cell antigen 2) had previously been used to investigate the role of pDCs in 
atherosclerosis.12, 13, 14 However, none of these previous reports clearly demonstrated specific 
ablation of pDCs in the mouse aorta. Thus, given our demonstration of a specific increase in 
pDC numbers in athero-prone areas of the mouse aorta and the atheroprotective role of pDCs, 
we were interested in revisiting this previously applied approach. As expected, based on 
previous studies, treatment with anti-PDCA-1 resulted in specific depletion of pDCs in spleen 
and LNs, assessed by monitoring the pDC markers Siglec-H and Ly6C (Figure 6.5A; Figure 





Figure 6.5. Selective and Inducible pDC Ablation in BDCA2-DTR Transgenic Mice 
Strain. (A–C) Ab-mediated depletion of pDCs. Ldlr−/− mice fed WD for 12–14 weeks were 
injected i.v. with PBS or 250 mg of PDCA-1 Ab or isotype control twice at 36-hr intervals. (A) 
Selective depletion of pDCs of spleen and skin-draining LNs. (B) CD45+ aortic cells were 
analyzed for indicated markers. (C) Aortic MΦs from the mice in (A). Left: representative 
FACS plot of aortic cells (percentages are in black; cell numbers are in red). Right: relative 
number of aortic MΦs normalized to the PBS group. Graph indicates mean ± SD; n ≥ 3. (D) 
Selective and inducible depletion of aortic pDCs in indicated mice. Cells were gated from the 
CD45+CD64−CD11b−CD11clow population. Mice were injected with PBS or with DT twice at 
24-hr intervals. (E) Relative number of aortic MΦs (left) and DCs (right) from (D). Graph 
indicates mean ± SD; n=4. (F–H) Selective depletion of pDCs from Ldlr−/− mice reconstituted 
with BM cells of BDCA2-DTR mice. Reconstituted Ldlr−/− mice were fed WD for 12 weeks 
and injected with PBS or DT as described in Figure 4H (graph indicates mean ± SD; n ≥ 5). 
pDCs are indicated in (F and G), and DCs and MΦs are indicated in (H).   
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Surprisingly, validation of this depletion strategy, in conjunction with a FACS analysis, 
to cells prepared from atherosclerotic aortas revealed that more than 50% of cells in the 
atherosclerotic aorta were positive for PDCA-1 (Figure S1B). Most of these cells were found 
to be CD11b+CD64+ MΦs (Figure 6.5B). This finding is consistent with the fact that, although 
PDCA-1 is known to be restricted to pDCs under steady-state conditions, it is expressed 
promiscuously upon stimulation with type I IFN or IFN-γ.25 Because the concentration of 
inflammatory cytokines is elevated in the atherosclerotic lesion, it is likely that PDCA-1 is 
expressed on multiple cell types. Therefore, we next questioned whether treatment with an 
anti-PDCA-1 Ab also affects the MΦs population. We found that PDCA-1 Ab treatment 
depleted more than 50% of MΦs (Figure 6.5C).  
 
6. 3. 8  Selective Depletion of Aortic pDCs in Steady State and Athero- 
    sclerotic Ldlr−/− Mice Reconstituted with BDCA2-DTR BM 
The off-target effects of the Ab-based depletion strategies, noted earlier, highlight the 
need for a more selective and inducible pDC-depletion model to precisely address the impact 
of pDCs in atherogenesis. Accordingly, we next sought to determine whether BDCA2-DTR 
mice could be used to ablate aortic pDCs. Treatment of these mice with DT specifically 
eliminated splenic and LN pDCs (Figure S5B), as reported. Importantly, this treatment also 
selectively eliminated aortic pDCs in steady state (Figure 6.5D), without significantly 
affecting MΦs or DCs (Figure 6.5E). To explore the specificity of the BDCA2-DTR strain in 
atherosclerosis, we generated atherosclerotic mice lacking pDCs by reconstituting Ldlr−/− mice 
with BM from BDCA2-DTR mice and fed WD as described in Figure 6.4H. DT treatment 
successfully depleted splenic and LNs pDCs in these mice (Figure S5C). Of note, aortic pDCs 





6. 3. 9  Spatio-temporal Correlation of Tregs and pDCs Expansion during  
    Atherosclerosis 
It has previously been shown that atherosclerosis is exacerbated in Flt3−/− mice, 
presumably because of a reduction in Treg frequency in these mice.4 However, measuring 
Treg frequency in the mouse aorta is very demanding, and only a few papers have tried to 
demonstrate the presence of Tregs in this tissue.26, 27 By further optimizing our method, which 
importantly includes the essential step of MΦ elimination (Figure 6.6A; Figures S6A and 
S6B), we were able to reliably and precisely quantify Tregs in the aorta. We found that Treg 
numbers were increased in the atherosclerotic mouse aorta (Figure 6.6B), but not in other 
tissues such as spleen and LNs (data not shown). These Tregs were mainly localized in the 
intimal area of the atherosclerotic aorta (Figure 6.6C). To further dissect the kinetics of Treg 
and pDC expansion, we measured the number of pDCs and Tregs during WD intake in Ldlr−/− 
mice (0, 4, 8, and 12 weeks). As we previously reported, DCs numbers rose according to 
disease development (data not shown). Notably, both pDCs and Treg numbers showed similar 
pattern of increase (Figure 6.6D). In steady state, Tregs were largely restricted to the sinus 
area of the aorta, a distribution similar to that of pDCs (Figure 6.6E, left). However, 
following WD, Tregs had expanded and were distributed throughout atherosclerotic aorta with 
similar distribution to that of pDCs (Figure 6.6E, right). This spatio-temporal correlation 
suggests a possible link between pDCs and Tregs in atherosclerosis. In line with this, pDCs 
were essential to mediate tolerance to vascularized allograft and acute graft-versus-host 
disease.6, 7 
 
6. 3. 10  Aortic pDCs Express IDO-1 and Induce Antigen-Specific Tregs 
Given the close relationship between Treg and pDC numbers during atherogenesis, we 
next investigated the tolerogenic capacity of aortic pDCs.28 Of note, local expression of IDO-
1, an enzyme critical for the induction of Tregs, was elevated in atherosclerotic aorta (Figure 
6.6F). To identify IDO-1+ cells, we sorted out cells from atherosclerotic aorta for single- cell 
gene expression analysis. Importantly, we found a higher expression of IDO-1 in pDCs 
(Figure 6.6G). In line with this, aortic pDCs expressed CCR9 and IDO-1 (Figure 6.6H). To 
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further test that IDO-1 expression by pDCs causes local Treg generation in atherosclerotic 
aorta, we reconstituted Ldlr−/− mice with BMs from WT and Ido1−/− mice. We did not detect a 
statistically significant difference of Treg number in the spleen of either WT or Ido1−/− mice. 
However, atherosclerotic aortas from Ido1−/− mice possessed reduced Treg numbers compared 
with WT (40% reduction) (Figure 6.6I). In keeping with this, depletion of pDCs in 
atherosclerotic mice resulted in a reduction in Treg numbers only in affected aortas, not in 
lymphoid organs such as spleen and LNs (Figure 6.6J). In addition, the level of interleukin-10 
(IL-10), a cytokine that is a hallmark of Tregs, was decreased in pDC-depleted aortas (Figure 
6.6K). Previously, antigen presentation by pDCs was reported to promote proatherogenic T 
cell immunity.13, 15 However, these conclusions were largely based on in vitro 
experimentations with splenic or BM-derived pDCs. To assess the antigen-specific T cell 
response in atherosclerotic aorta, we established Ldlr−/− mice reconstituted with OT-II 
transgenic mouse BM. To selectively deliver an antigen to pDCs, we genetically cloned and 
engineered anti-SiglecH Ab fused with ovalbumin (OVA) (Figure S6C). In these mice, we 
injected anti-SiglecH-OVA i.v. to target aortic pDCs. Of note, antigen presentation by aortic 
pDCs in an atherosclerotic environment induced OVA-specific Tregs (Figure 6.6L). 
Together, these results demonstrate a direct functional link between the presence of IDO-1+ 







Figure 6.6. Tregs and CCR9+IDO-1+ pDCs Accumulate Concomitantly in the Athero-
sclerotic Aorta and Their Interaction Is Essential for Their Homeostatic Main-
tenance. (A) Gating strategy for aortic Tregs. Cells were surface stained with indicated Abs 
except ICS for CD4 and Foxp3 (numbers in the plots indicates percentages). (B) Aortic Tregs 
from WT mice fed CHOW and Ldlr−/− mice fed WD for 14 weeks (percentages are in black; 
cell numbers are in red). (C) Distribution of Tregs in intima and adventitia of aortas of Ldlr−/− 
mice fed WD for 12 weeks. Left: representative FACS plots (percentages are in black; cell 
numbers are in red). Right: quantitation of the percentage of Tregs. Graph indicates mean ± 
SD; n=4. (D) Absolute numbers of pDCs and Tregs from Ldlr−/− mice fed WD for 0, 4, 8, and 
12 weeks. Bar indicates mean; n=7 per group. (E) Distribution of pDCs and Tregs in each 
aortic segments of CHOW-fed WT and WD-fed Ldlr−/− mice after 12 weeks. Left: percentage 
of each aortic population in WT mice. Right: fold increase in each population in WD-fed 
Ldlr−/− mice normalized by WT value. Graph indicates mean ± SD; n ≥ 3. (F) IDO-1 mRNA 
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expression levels in the aorta from CHOW-fed WT mice and WD-fed Ldlr−/− mice for 7 
weeks, measured by qPCR. Data were normalized to β-actin. Bar indicates mean ± SD; 
n=9. (G) Relative IDO-1 mRNA expression from FACS-sorted aortic immune cells from WD-
fed Ldlr−/− mice for 9 weeks by qPCR. Data were normalized to TBP. Bar indicates mean ± 
SD. (H) Comparison of CCR9 and IDO-1 expression in pDCs and B cells in aortas from WD-
fed Ldlr−/− mice for 12 weeks. (I–M) Lethally irradiated Ldlr−/− mice were reconstituted with 
BM from WT mice or Ido1−/− mice (I), BDCA2-DTR mice (J and K), OT-II mice (L), and 
Foxp3-DTR mice (M). (I) Absolute numbers of Tregs in aortas and splenic Tregs per 1 × 106 
CD45+ splenocytes from indicated mice. Ldlr−/− mice were fed WD for 3 weeks. Bars indicate 
mean; n ≥ 6. (J and K) Ldlr−/− mice were fed WD and injected with PBS or DT weekly for 12 
weeks. (J) Enumeration of Tregs in aorta (absolute number) and spleen and mediastinal LNs 
(per 1 × 104 CD45+ cells). Bars indicate mean; n ≥ 5. (K) Relative IL-10 mRNA expression 
levels in the aorta, measured by qPCR. Data were normalized to b-actin. Bars indicate mean ± 
SD; n=6. (L) Enumeration of OT-II Tregs. WD-fed Ldlr−/− mice (4 weeks) were injected with 
10 mg of isotype-OVA (n=4) or SiglecH-OVA (n = 5) i.v. and sacrificed 3 days post-injection. 
Bars indicate mean. (M) Aortic pDCs and Tregs from Ldlr−/− mice fed WD and injected with 
PBS or DT weekly for 4 weeks. Left: representative FACS plots of pDCs and Tregs. Right: 
absolute numbers of pDCs and Tregs per aorta. Bars indicate mean; n ≥ 6.  
 
6. 3. 11  Tregs regulate the Homeostasis of pDCs in Atherosclerotic Aortas 
While Tregs are important for atheroprotection4, 10, 29, there is no report on the impact 
of Treg depletion in regulating the homeostasis of pDCs in diseased aorta. To this end, we 
established selective Treg depletion model with Ldlr−/− mice reconstituted with Foxp3-DTR 
mouse BM.30 As expected, WD expanded pDCs and Tregs in the aorta (Figure 6.6M). Of 
note, constitutive in vivo ablation of Treg during the course of WD decreased aortic pDCs 
(Figure 6.6M), demonstrating an important role of Tregs to maintain the homeostasis of pDCs 
in diseased aorta.  
 
6. 3. 12  Aortas from Human Atherosclerotic Patients Contain Authentic 
      pDCs that Colocalize with Tregs 
Next, we sought to extend these findings to humans, investigating whether aortas from 
human atherosclerotic patients also contain pDCs. Indeed, human atherosclerotic aortas 
contained pDCs (CD123+BDCA2+BDCA4+) (Figure 6.7A). Upon CpG challenge, these 
human pDCs secreted IFN-α (Figure 6.7B) and exhibited CCR7 and CD86 upregulation 
(Figure 6.7C), further suggesting that these cells are authentic pDCs. In the diseased aorta, we 
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could easily detect these pDCs by virtue of their positive staining for both BDCA2 and 




Figure 6.7. Functional pDCs and Tregs in Human Atherosclerotic Aorta. (A) Gating 
strategy for pDCs from patient’s aorta. Lineage: CD3, CD14, CD16, CD19. (B) IFN-α 
production by pDCs from human atherosclerotic patients. Aortic cells were incubated with 
media alone/BFA or with CpG/BFA (percentages are in black; cell numbers are in red). (C) 
Expression of CCR7 and CD86 in cells from media-treated pDCs and CpG-treated IFN-α+ 
pDCs in (B). (D) Paraffin-embedded sections from human atherosclerotic aorta stained for 
IHC with LAMP5 (brown) and BDCA2 (blue) and counterstained with hematoxylin. LAMP5+ 
cells (pDCs) are indicated by arrowheads. (E) Aortic Tregs from a human patient with 
atherosclerosis. (F) Fatty plaques from atherosclerotic human tissue were isolated and 
subjected for analysis of pDCs and Tregs (percentages are in black; cell numbers are in 
red). (G) IDO-1 expression in pDCs, B cells, and Tregs from human patients with 
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atherosclerosis. (H) Localization of LAMP5+IDO-1+ pDCs in human atherosclerotic aorta. (I 
and J) Colocalization of LAMP5+ pDCs (I, arrows) or BDCA2+ pDCs (J, arrows) with 
Foxp3+ Tregs (arrowheads). (K) IHC analysis of cell-to-cell contact between pDCs and Tregs 
in human atherosclerotic aortas (n=7). Double IHC for BDCA2 and FoxP3 was performed to 
visualize pDCs and Tregs in human atherosclerosis. The BDCA2+ pDCs contacting Foxp3+ 
Tregs have been counted by microscopy and shown as the percentage of pDCs with or without 
contacting Tregs.  
 
Interestingly, there was a positive correlation between pDC numbers and the severity 
of atherosclerosis (Figure S7B), comparable to that observed in the mouse model (Figure 
6.6D). Given the close relationship between Tregs and pDCs observed in the diseased mouse 
aorta, we further investigated patient aortas for the presence of Tregs. As was the case in the 
mouse model, Tregs were detected in the aortas of atherosclerosis patients, labeled by Foxp3 
and Helios (Figure 6.7E; Figure S7C)26, where they were colocalized with pDCs in plaques 
(Figure 6.7F; Figure S7D). In addition, pDCs in plaque areas also expressed the Treg-
inducing enzyme, IDO-1, as determined by FACS (Figure 6.7G; Figures S7E and S7F) and 
immunohistochemistry (IHC) of sections (Figure 6.7H). Furthermore, these pDCs were 
colocalized with Foxp3+ Tregs in the diseased aortas, as determined by monitoring for 
LAMP5 (Figure 6.7I; Figure S7G) and BDCA2 (Figure 6.7J) expression. Notably, ~48% of 






6. 4  Discussion 
To understand the role of pDCs in atherosclerosis, sequential monitoring of the 
quantitative and qualitative changes in the localization, phenotype, and function of aortic 
pDCs during initiation, progression, or regression of atherosclerosis is a prerequisite.  
 
6. 4. 1  Mouse and Human pDCs in Steady-State Aortas 
In this study, we provide the first comprehensive IHC, flow cytometry, and functional 
analyses of both human and mice pDCs in the aorta at both steady state and at the 
inflammatory stage during atherosclerosis. pDCs in the aorta have plasma cell morphology 
and are distinguishable from typical classical DCs, which contain numerous dendrites. As 
previously described, pDCs, alongside with most DCs and T cells, are mainly located in the 
intimal areas of the aortic roots, a location that is prone to atherosclerosis development. The 
phenotype of aortic pDCs is very similar to that of pDCs in spleen, including the expression of 
PDCA-1/BST2/CD317, Siglec-H, Ly6C, B220 and Clec9a, as well as the Flt3/CD135 
dependence of their generation. In contrast, aortic pDCs lack or express lower levels of 
classical DCs and monocyte/MΦ markers and markers of other lymphocyte lineages, such as 
B cells, T cells, NK cells, and granulocytes. Importantly, pDCs isolated from aorta have the 
capacity to produce large quantities of type I IFN upon stimulation through TLR9. As a result, 
IFN-α-secreting native aortic pDCs upregulate surface expression of PDC-TREM in vivo. 
Thus, aortic pDCs are equivalent, in many functional respects, to pDCs identified in other 
tissues. Notably, none of these functional features of aortic pDCs has been previously 
described under steady-state conditions. To further identify mouse equivalents of human aortic 
pDCs under normal conditions, we harnessed hu-mice reconstituted with human 
hematopoietic stem cells, thereby possessing human immune cells in their aortas. With two 
widely used hu-mice models (hu-NSG and BLT), we were able to identify 
CD123+BDCA2+BDCA4+ authentic human pDCs in the mouse aorta. Similar to mouse aortic 
pDCs, human aortic pDCs produced IFN-α upon TLR9 ligation and were mainly found in the 
intima, where HLA-DR+ DCs also reside. Our observation in hu-mice further indicates the 
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usefulness of these models to recapitulate normal human aorta. In addition, pDCs were also 
found in samples of healthy human aorta.  
 
6. 4. 2  Mouse pDCs in Atherosclerosis Aortas 
These steady-state findings allowed us to explore aortic pDCs under inflammatory 
conditions. One mildly inflammatory condition is aging, and it has previously been reported 
that the number of aortic DCs increases with increasing age.23 We did not detect any 
significant change in the number of pDCs with age (up to 400 days). We did, however, find a 
remarkable increase in aortic pDC numbers upon feeding WD to athero-prone Ldlr−/− mice. 
Notably, this increase was only observed in the aorta, and not in other lymphoid organs, such 
as the spleen and even aorta-draining LNs (para-aortic and mediastinal). Anatomically, the 
increase in pDC number was mainly restricted to the intimal space, further corroborating the 
possible role of pDCs in atherosclerosis.  
 
6. 4. 3  Comparison of pDC-Depleting Strategies : AB-Mediated Depletion  
     and BDCA2-DTR 
On the basis of results obtained using pDC-depleting Abs or constitutive depletion of 
pDCs, previous studies had suggested a contradictory role for pDCs in atherosclerosis. 
However, there are potential issues that cloud interpretation of these studies. First, it is 
reported that two Abs, anti-BST2 and anti-mPDCA-1, that are pDC specific in steady state 
might cross-react with other cell types under inflammatory conditions.25 This promiscuous 
binding of anti-pDC Abs could conceivably cause these Abs to affect additional cell types 
critical for atherogenesis, yielding ambiguous phenotypes in atherosclerosis. Indeed, we found 
that these Abs target not only pDCs but also MΦs, resulting in more than 50% depletion of 
MΦs, even when administered i.v. twice. Second, the constitutive removal of E2-2 
transcription factors in a DC-restricted fashion does deplete pDCs. However, in this mutant 
mouse, there is a compensatory increase in DC-like cells31 which could also reflect a 
conversion of E2-2−/− pDCs into DCs. Given this, further analysis of the atherosclerosis 
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phenotype in a DC-specific E2-2−/− mice background will be required to allow any solid 
conclusions to be drawn. Given these caveats, it is reasonable to conclude that the specific 
contribution of pDCs to atherosclerosis in vivo has not yet been investigated in detail. To 
address these limitations, we used BDCA2-DTR mice, in which the DTR is only expressed in 
mouse pDCs, enabling us to achieve selective and inducible pDC depletion upon DT 
administration. Using this strain, we confirmed that DT administration depletes only pDCs in 
the aorta, sparing MΦs and DCs. This model afforded us an unequivocal opportunity to 
answer questions regarding the potential role of pDCs in atherosclerosis. Notably, mice 
without pDCs developed severe atherosclerosis (47% more than non-DT-treated group). 
However, there was no change in serum lipid profile. Furthermore, there was no significant 
change in IFN-α mRNA levels in pDC-depleted aortas compared with non-depleted aortas. 
This led us to seek an immune-modulatory function of aortic pDCs.  
 
6. 4. 4  Mechanistic Link of Aortic pDCs and Tregs for the Prevention of  
     Atherosclerosis 
One such possible function is induction of Tregs. For example, depletion of Tregs has 
been shown to aggravate atherosclerosis.10, 11 It was also reported that Treg numbers reach a 
peak at 4 weeks after WD-induced atherogenesis but remain decreased at later stages of 
atherosclerosis.27 However, none of these previous studies have reported the enumeration of 
Tregs in the aorta using an unbiased approach, such as FACS. In addition, most studies in the 
field have relied on measuring Tregs in spleen and LNs of atherosclerotic mice or mRNA 
expression and IHC for Foxp3 in the aorta.26 To fill this gap, we devised a new approach for 
precisely enumerating aortic Tregs, both in steady state and during atherosclerosis 
development, without using Foxp3-reporter strain.32 Of importance, removal of 
autofluorescent MΦs was an essential step. Using this approach, we found a positive 
correlation between pDC and Treg numbers during atherosclerosis development. 
Anatomically, both pDCs and Tregs were found in the intima of aortic roots under normal 
conditions but were distributed throughout lesions that developed in atherosclerosis. Again, 
this phenomenon was restricted only to the atherosclerotic aorta and did not manifest in the 
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other lymphoid tissues tested such as spleen and draining LNs. Notably, aortic pDCs 
expressed two markers of tolerogenic pDCs: CCR9 and IDO-1. In line with this, depletion of 
pDCs during atherosclerosis resulted in decreased Treg numbers only in the aorta, with a 
concomitant reduction in IL-10 levels. To further investigate the local role of aortic pDCs in 
Treg generation, we made Ido1−/− athero-prone mice. Indeed, Ido1−/− atherosclerotic aorta 
possessed 40% fewer Treg numbers, compared with WT. However, there was no statistically 
significant difference in Treg number in the spleen of WT and Ido1−/− mice. To further pursue 
the outcome of pDCs-targeted antigen delivery, we used pDC-targeting Abs fused with OVA. 
Of importance, antigen presentation by pDCs resulted in the induction of OT-II Tregs in 
atherosclerotic aorta. In addition, selective ablation of Tregs by Foxp3-DTR mice decreased 
pDC numbers in atherosclerotic aorta, suggesting essential interaction of IDO-1+ pDCs and 
Tregs for the homeostasis of these cell populations in diseased aorta.  
 
6. 4. 5  Relevance for Human Atherosclerosis 
Although mechanistic studies in the mouse are informative, the identification of aortic 
pDCs in humans equivalent to those in mice would facilitate translational applications. To this 
end, we examined the aortas of human patients. Remarkably, human patient aortas contained 
functional pDCs similar to their mouse counterparts. First, these pDCs underwent maturation 
and pro-duced IFN-α following stimulation with TLR9 agonist. Second, there was a positive 
correlation between pDC number and the severity of atherosclerosis closely recapitulating our 
mouse studies. Finally, these human aortic pDCs also expressed IDO-1 and colocalized with 
Tregs in plaque tissues.  
On the basis of our findings, we propose that aortic pDCs described herein have two 
roles. First, they are part of the innate response initiated upon microbial stimulation (e.g., 
TLR7 and TLR9 ligation), a response concomitant with the rapid production of type I IFN. 
Confirming this role will require additional studies in vivo in the future. The second is that of 
an immune modulator. Accordingly, during atherogenesis, aortic pDCs increase in number and 
become one of the dominant cell types, thereby inducing Tregs and balancing the adverse 
effects of cytopathic T cells. Therefore, future therapeutic strategies harnessing tolerogenic 
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7. 1  Abstract 
Bisphenol A (BPA) leaches from plastics to contaminate foodstuffs. Analogs, such as 
bisphenol S (BPS), are now used increasingly in manufacturing. Greater BPA exposure has 
been correlated with exacerbation of cardiovascular disease, including myocardial infarction 
(MI). To test the hypothesis that bisphenol exposure impairs cardiac healing, we exposed 
C57bl/6n mice to water containing 25ng/ml BPA or BPS from conception and surgically 
induced an MI in adult male progeny. Increased early death and cardiac dilation, and reduced 
cardiac function were found post-MI in BPA- and BPS-exposed mice. Flow cytometry 
revealed increased monocyte and macrophage infiltration that correlated with increased 
chemokine C-C motif ligand-2 expression in the infarct. In vitro BPA and BPS addition 
increased matrix metalloproteinase-9 (MMP) protein and secreted activity in RAW264.7 
macrophage cells suggesting that in vivo increases in MMP2 and MMP9 in exposed infarcts 
were myeloid-derived. Bone marrow-derived monocytes isolated from exposed mice had 
greater expression of pro-inflammatory polarization markers when chemokine stimulated 
indicating an enhanced susceptibility to develop a pro-inflammatory monocyte population. 
Chronic BPA exposure of estrogen receptor beta (ERβ) deficient mice did not worsen early 
death, cardiac structure/function, or expression of myeloid markers after an MI. In contrast, 
BPS exposure of ERβ-deficient mice resulted in greater death and expression of myeloid 
markers. We conclude that lifelong exposure to BPA or BPS augmented the monocyte/ 
macrophage inflammatory response and adverse remodeling from an MI thereby reducing the 
ability to survive and successfully recover, and that the adverse effect of BPA, but not BPS, is 





7. 2  Introduction 
The possibility that the estrogenic chemicals which leach from plastics may adversely 
affect human health is a growing concern. Bisphenol A (BPA) is a high-volume chemical with 
millions of tons consumed each year in the manufacture of polycarbonate plastics and epoxies 
used in everyday life as well as a dye developer in thermal paper products such as register 
receipts.1 People of all ages, including pregnant women, have detectable BPA or its 
metabolized products in their body fluids.2 This persistent exposure is likely due to continual 
exposure from packaging in contaminated food and beverages and not because of BPA 
bioaccumulation.2 Although a Tolerable Daily Intake for BPA of 50 µg/kg/d was proposed, a 
reduction to 4 µg/kg/d was recently suggested by the European Food Science Authority.3 
Most epidemiological analyses investigating BPA exposure and cardiovascular 
diagnoses, as well as rodent exposure studies, support the idea that increased exposure to BPA 
may worsen cardiovascular disease morbidity and mortality, including diseases such as 
atherosclerosis and its major adverse outcome myocardial infarction (MI).4, 5 Exposure of BPA 
in the context of a high fat diet to atherosclerosis-prone mouse and rabbit models lead to 
increased atherosclerotic plaques.6, 7 Other epidemiological studies have linked greater BPA 
exposure with increased frequency of diagnosis of diseases associated with chronic 
inflammation, such as metabolic syndrome and diabetes.8, 9, 10 More recently, plastic 
manufacturers are replacing BPA with analogs such as bisphenol S (BPS)1 although the 
limited toxicological data available suggest that BPS has adverse effects similar to those of 
BPA.11, 12, 13, 14 Network analyses in TOX21 high throughput screens comparing estradiol 
derivative, BPA and BPA analogs demonstrates some clustering of their estrogenizing activity 
suggesting some overlap in action.15 Together, these data suggest that exposure to BPA, and 
perhaps BPS may influence and promote multiple facets of cardiovascular disease and that the 
mechanism may lie in estrogen agonist activity.  
Cardiac wall rupture, loss of adequate left ventricle (LV) function or arrhythmia can be 
adverse outcomes after an MI.16 Selection of the Watanabe heritable hyperlipidemic rabbits 
produced a strain more prone to MI, the WHHL-MI rabbit.17 Hearts of these susceptible 
rabbits showed greater numbers of disarrayed cardiomyocytes, increased inflammatory cell 
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infiltration and calcium deposition after exposure to high dose BPA for 8weeks than control 
treated rabbits.18 These data suggest that BPA may exacerbate and promote cardiac damage. 
Previously, we used a chronic exposure model and found reduced early survival, increased 
cardiac dilation as well as increased monocyte infiltration after an MI in male mice exposed to 
BPA versus unexposed mice.19 Others have found acute exposure to BPA of isolated rat heart 
preparations induced arrhythmia that was ablated by estrogen receptor β (ERβ) antagonists.20, 
21, 22 These data suggest that BPA directly alters cardiac structure/function and reduces the 
ability to remodel successfully and repair a cardiac injury and that this is a consequence of 
ERβ agonism. To our knowledge, there are no reports assessing the consequences of in vivo 
exposure to BPS on cardiac structure/function or in response to injury.  
In the present study, we directly compare how lifelong exposure to BPA and BPS 
influences cardiac structure/function at baseline and during recovery after an MI. Because of 
the similarity in structure of BPA and BPS, similar impact on reproductive tissues in mice13, 
and arrhythmia promotion by BPA and BPS in ex vivo rat heart preparations12, we 
hypothesized that BPA and BPS would be equally cardiotoxic and would reduce successful 
cardiac remodeling and repair postMI. We observed significantly reduced survival early after 
an MI in BPA and BPS exposed mice and found that those which did survive presented with 
greater inflammation, greater early cardiac dilation and worse remodeling than control mice. 
Similar effects were not found in ERβ deficient mice. These data suggest that exposure to 
BPA, and its leading replacement chemical BPS, reduces successful wound healing and 





7. 3  Results 
 
7. 3. 1  Physiological Impact of Chronic Exposure to BPA and BPS 
The chemical structures of BPA and BPS are similar, Figure 7.1A. To mimic the oral 
mode and directly compare the impact of BPA and BPS, we treated mice with drinking water 
containing Vehicle (VEH, 0.01% ethanol), BPA (25 ng BPA/ml), or BPS (25 ng BPS/ml), 
Figure 7.1B. To address the impact of lifelong exposure from conception to euthanasia, we 
initiated treatment at mating and maintained treatment of the progeny until euthanasia. Based 
on an average daily consumption of 5ml drinking water in adult C57bl/6n mice23, we estimate 
that mice were exposed to approximately 5 µg BPA or BPS/kg BW/day. Using the formula 
(human equivalent dose 1⁄4 mouse dose in mg/kg x [animal Km/human Km] where the Km for 
mice is 3 and the Km for humans is 37,24 we calculate that the mice were exposed to a human 
equivalent dose of approximately 0.41µg BPA or BPS/kg BW/day. This amount is below the 
current tolerable daily intake dose and can be considered to be “low dose”.25, 26 
To determine whether lifelong exposure to BPA or BPS altered body size or 
reproductive tissue weights, we measured BW, AGD, combined testes and combined seminal 
weights and calculated the BSA of adult progeny at euthanasia (Table 7.1). There were no 
differences in these gross measures of body size and neither compound altered AGD indexed 
to BL, testes or seminal vesicle weights. Further, HW, HW indexed to BW and HW indexed to 
the calculated BSA were similar regardless of treatment regimen. Lung weight and lung 
weight indexed to BW did not vary suggesting no overt heart failure by this gross measure. 
Spleen weight in BPS-treated mice was greater than in VEH- or BPA-exposed mice, but this 
difference was lost when indexed to BW. Thus, exposure to BPA or BPS from the time of 
conception did not alter adult male reproductive tissue weights, lead to increased BW, BSA, or 







Figure 7.1. Influence of lifelong exposure on cardiac structure/function remodeling after 
an MI. (A) Schematic of BPA and BPS chemical structures. (B) Time frame. Male and female 
C57bl/6n mice were paired and immediately treated with drinking water containing either 
VEH (0.01% ethanol), BPA (25 ng/ml), or BPS (25 ng/ml). Male progeny were maintained on 
the same regimen until euthanasia. An MI was performed and echocardiography acquisitions 
were obtained on the indicated days. (C) Survival. Surgery was performed to create a 
permanent blockage in the coronary artery. Survival postMI was monitored with time. (D) 
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H&E stain. Representative coronal sections of hearts (n=6 per exposure group) obtained on 
day 3 postMI were stained with H&E. Arrows indicate the interface between uninfarcted and 
infracted regions. The inside arrow indicated a rupture site. Photographs were taken using a 
Leica Dissecting microscope at 1.25-fold magnification and Image Capture software. (E) 
Fixed hearts. Fixed hearts (n=3 per exposure group) obtained from mice 21 days after MI were 
sliced coronally and photographs taken using a Leica Dissecting microscope at 1.25-fold 
magnification and Image Capture software. (F and G) LV area and volume on days 3 and 21, 
respectively. The LV internal area and volume in systole and diastole were calculated using 
the long axis view and EKV-gated acquisitions. Data are the mean ± SEM. A p-value of < .05 
was considered significant and is indicated by an * in comparison with VEH. (H) Fractional 
area change on days 3 and 21, respectively. The LV internal area in systole and diastole were 
measured and FAC calculated using the short axis view and EKV-gated acquisitions. Data are 
the mean ± SEM. A p-value of < .05 was considered significant and is indicated by an * in 
comparison with VEH. (I) Short axis acquisitions. Left. Representative EKV-gated short axis 
view acquisitions. Arrows indicate the outline of the LV wall in diastole to indicate the greater 
dilation of the LV in BPA and BPS exposed versus VEH-exposed mice. Right. Representative 
M-mode acquisitions. The lines indicate the LVIDd and LVIDs.  
 
To assess baseline cardiac structure/function, we measured ECG parameters and 
performed echocardiography in the adult progeny (Table 7.2). There were no differences in 
any ECG parameter suggesting no difference in cardiac electrical conduction was induced by 
BPA or BPS exposure. Confirming the physiological data, we found echocardiography-
derived LVmass and indexed LVmass were similar in all treatment groups. Although there 
was a trend toward reduced FS and Vcf in BPA- and BPS-exposed mice, these differences did 
not reach significance Also, FAC, AoVTI, SV, or CO measures of LV systolic function were 
not different. LV internal diameters in systole or diastole were analogous indicating no change 
in LV structure. The equivalent PA VTI in all groups implies no change in RV systolic 
function. Hence, we conclude that lifelong exposure to BPA or BPS did not influence these 





Table 7.1. Physiological Parameters at Baseline  
 
Mice (VEH, n=9; BPA, n=10; BPS, n=9) were euthanized at approximately 4 months of age 
and BW, BL, AGD, and the wet weight of solid organs measured. BW is in g; BSA is in cm2; 
AGD indexed to BL is in mm/cm; Testes is the combined weight of both testis in g; Sem. Ves. 
is the combined weight of both seminal vesicle lobes including contents in g; HW is in mg; 
HW/BW is in mg/g; HW/ BSA is in mg/cm2; lung is the weight of all lobes in mg; lung 
weight/BW is in mg/g; spleen weight is in mg; spleen/BW is in mg/g. Data are the mean ± 
SEM. A p-value of < .05 was considered significant and is indicated by an * in comparison 
with VEH and & in comparison with BPA-treated mice.  
 
Table 7.2. Electrocardiograph and Cardiac Structure/Function Parameters at Baseline 
 
Surface ECG or echocardiography was performed on approximately 4-month-old adult mice 
(VEH, n=10; BPA, n=9; BPS, n=9). Mice were anesthetized with isoflurane.  
Electrocardiography quantified PR, P-dur, QRS, and QTc which are expressed in msec. HR at 
the time of ECG data collection is in beats/min. Echocardiography quantified LVIDd and 
LVIDs (mm), AoVTI (cm2), FS (%), FAC (%), Vcf (cm/s), SV (ml), CO (ml), and PAVTI 
(cm2). LVmass indexed to BW (LVmass/ BW) or BSA (LVM/BSA) was calculated. HR at the 
time of echocardiograph data collection is in beats/min. Data are the mean ± SEM.   
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7. 3. 2  Survival and Cardiac Function Are Reduced PostMI in Mice  
  Chronically Exposed to BPA and BPS 
We used permanent ligation of the left anterior descending coronary artery to create an 
area of cardiac injury on approximately 50 mice per treatment. Necropsy of mice which died 
suddenly revealed the presence of blood in the thoracic cavity suggesting that death was due to 
cardiac rupture. We found survival in the immediate postMI period was reduced in BPA- and 
BPS-exposed mice (Figure 7.1C). Interestingly, survival at 3 weeks was approximately 55%–
60% in all treatment groups. These data suggest that recovery in the immediate postMI period 
was reduced by exposure to BPA and BPS. H&E staining of coronal heart sections revealed 
thinning of the LV indicating an infarct was evident on day 3 (Figure 7.1D). Coronal sections 
of hears collected on day 21 showed extensive loss of the myocardium in all treatment groups 
(Figure 7.1E).  
To quantify cardiac dilation and function, we performed echocardiography on the 
surviving mice (Figure 7.1F–I). Analyses of the heart using long axis views postMI found 
greater dilation in systole and diastole in BPA- and BPS-exposed versus VEH mice (Figure 
7.1F and 7.1G). On Day 3 postMI LV area and LV volume in systole and diastole were 
greater in BPA and BPS-exposed mice than VEH mice (Figure 7.1F). On Day 21 postMI, the 
dilation of BPA-, but not BPS-exposed mice was significantly greater than VEH mice (Figure 
1G). Further, analyses found reduced FAC in BPA- and BPS-exposed mice on days 3 and 21 
(Figure 7.1H). B-mode images collected using the short axis view show representative 
acquisitions indicating greater LV dilation in BPA- and BPS-treated mice (Figure 7.1I). 
Further, representative M-mode images show LV walls with greater reductions in wall 
movement evident in BPA and BPS-treated mice suggesting reduced cardiac contraction 
(Figure 7.1I). Thus, although cardiac structure/function was similar in all mice at baseline, we 
observed greater cardiac dilation and greater reductions in LV function in BPA- and BPS-
versus VEH-exposed mice that survived an MI. Further, the greater reductions in cardiac 
function evident 21 days postMI in BPA- and BPS-treated mice suggest the possibility for 




7. 3. 3  PostMI Myeloid Cell Accumulation Is Increased by Chronic  
   Exposure to BPA and BPS  
H&E staining of formaldehyde fixed sections of hearts, showed increased cellular 
infiltration into the infarct area in BPA- and BPS-exposed mice (Figure 7.2A). Monocytes 
and MΦ infiltrate into a wounded area and are important in the initial inflammatory response 
after an MI to remove dead cells and remodel the extracellular matrix.27, 28 Circulating 
F4/80+Ly6Chi expressing monocytes are actively recruited to the injury. Within the wound 
they develop into F4/80+Ly6CloMerTK− monocytes and then into F4/80+Ly6CloMerTK+ MΦ. 
Staining of sections prepared from the infarct area using an antiF4/80 antibody revealed the 
presence of F4/80+ cells within the infarct region (Figure 7.2B). To further characterize the 
infiltrating cells, we probed protein homogenates prepared from the infarct area with antiF4/80 
(Figure 7.2C). We found increased F4/80-specific protein in homogenates from BPA- and 
BPS-treated mice. Tissue-resident MΦ track to organs such as the heart during fetal life where 
they self-renew.29 To determine whether exposure to BPA or BPS during fetal life increased 
their presence postMI, we probed infarct homogenates with the tissue-resident MΦ marker 
Lyve-130 (Figure 7.2G). Lyve-1 expression was similar in infarct homogenates from exposed 
versus unexposed mice making it unlikely that this cell population increased postMI.  
To establish whether myeloid cell infiltration was increased in BPA- and BPS-exposed 
mice postMI on a cell-by-cell basis, we performed flow cytometry of single cells isolated from 
whole hearts collected on day 4 postMI (Figure 7.2D–F). We found increased CD45 positive 
cells in the BPS-exposed mice suggesting increased infiltration of myeloid cells (Figure 
7.2D). CD45+ cells were further characterized as monocytes (CD11b+Ly6C+) which were then 
subclassified into CD11b+Ly6Chi+, and CD11b+Ly6C−/lo. Macrophages were identified as 
CD64+MerTK+, and dendritic cells (DC) as MHCII+CD11c+ (Figure 7.2D). We observed 
increased numbers of DCs, Ly6chi and Ly6clo monocytes infiltrated into the hearts of BPA- 
and BPS-exposed hearts versus those present in VEH-exposed mice. Also, increased numbers 
of MerTK+ MΦ were found in BPS-exposed hearts than in hearts from the other treatment 
groups (Figure 7.2E and 7.2F). BPS-exposed, but not BPA-exposed mice had increased 
accumulation of CD4+-T-cells and CD8+-T-cells in the heart (Supplementary figure 1A and 
B). No differences were detected in myeloid or T-cell numbers in the mediastinal lymph node 
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that drains the heart (Supplementary figure 2). These data suggest increased infiltration of 
proinflammatory myeloid cells in bisphenol-treated mice after an MI.  
 
 
Figure 7.2. Characterization of the myeloid infiltration into the infarct. (A) Histology. 
Hearts n=6 mice/treatment were collected on day 3 postMI, fixed in formaldehyde, coronal 
sections prepared and stained with H&E. Photographs were acquired using Image Capture 
software. Representative sections of the infarct region are shown. The bar is equal to 100 
microns. (B) F4/80 immunofluorescence. Heart sections from panel A underwent antigen 
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retrieval and then incubation with anti-F4/80 antibody with specific staining revealed using 
fluorescently tagged secondary antibody. Images were collected as described in panel A. 
Cropped images were obtained using Adobe Photoshop. (C) F4/80 and Lyve-1 expression. 
Protein was isolated from the infarct region of mice (VEH, n=8; BPA n=8; BPS n=8) on day 4 
postMI. Representative blots for expression of F4/80 (left), and Lyve-1 (right) are shown. The 
size of each protein is indicated to the right of the immunoblot. Expression of F4/80 and Lyve-
1 was calculated relative to the stained and scanned Coomassie (Coom.) membrane which was 
used as a loading control. The bar graphs show the combined results. Expression in the VEH 
samples was artificially designated as 1.0. A p-value of < .05 was considered significant and is 
indicated by an * in comparison with VEH. (D) Left: Flow cytometry of CD45+ single cell 
preparation isolated whole hearts postMI. Single cell preparations were prepared from the 
hearts of mice (VEH n=8; BPA n=8; and BPS n=7) on day 4 postMI. A representative result 
with the percentage of cells expressing CD45 detected is indicated. Right, Gating strategy to 
characterize myeloid cells from mice postMI. CD45+ cells were sequentially separated using 
flow cytometry. Reactivity to CD64, MerTk, CD11c, MHCII, Ly6G, CD11b, and the amount 
of Ly6C staining allowed identification of specific myeloid cell populations. The myeloid cell 
types identified are indicated by boxes. (E) Subclassification of myeloid cells. Shown are 
representative flow cytometry results indicating the percentage of DCs (left, CD45+, MHCII+, 
and CD11c+), MΦs (middle, CD45+, CD64+, and MerTK+), and monocytes (right, CD45+, 
CD11b+, and Ly6c+) cells isolated from the hearts of VEH-, BPA-, or BPS-treated mice, Mice 
were euthanized on day 4 postMI. (F) Flow cytometry. The number of the indicated cell types 
present in the heart of each mouse is indicated. Each circle represents an individual mouse. 
Data are the mean ± SEM. A p-value of < .05 was considered significant and is indicated by 
an * in comparison with VEH. (G) CCL2 expression. Protein homogenates described in panel 
C were probed for CCL2 expression. CCL2 expression was calculated relative to the stained 
and scanned Coom. membrane which was used as a loading control. The bar graphs show the 
combined results. Expression in the VEH samples was artificially designated as 1.0. A p-value 
of < .05 was considered significant and is indicated by an * in comparison with VEH. 
 
The release of cell contents from oxygen-deprived cardiomyocytes as well as the 
secretion of chemokines by surviving cells stimulates monocyte migration into the infarct.31 
Circulating monocytes are actively recruited to an injury in response to chemokines such as 
chemokine (C-C motif) ligand 2 (CCL2).32 IB revealed increased CCL2 protein in 
homogenates from the ischemic area of BPA- and BPS-exposed versus VEH mice (Figure 
7.2G). Hence, our data show increased infiltration by bone marrow-derived monocytes and 
MΦ in BPA- and BPS-exposed hearts postMI that may be a consequence of local increases in 
the monocyte chemoattractant CCL2.  
To identify whether a monocytosis contributed to the increase in myeloid cell 
infiltration, we enumerated the circulating myeloid cells (Table 7.3). At baseline, we found no 
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difference in any white blood cell or red blood cell parameter as a consequence of BPA or 
BPS exposure. To determine whether any differences were revealed after an MI, we analyzed 
blood samples collected on day 3 postMI. When baseline versus postMI sampling was 
compared, all groups had an approximately 60% increase in circulating granulocyte and a 9%–
15% reduction in hemoglobin after the MI. Here, BPA-treated mice had increased and BPS-
treated mice had reduced circulating monocytes postMI. We did not detect large increases in 
circulating monocytes at baseline or after MI in exposed mice indicating that increased 
inflammatory cell infiltration after the MI was not secondary to a monocytosis.  
 
Table 7.3. Circulating Myeloid Cells 
 
Blood was collected from the saphenous vein of adult mice, n=5 per treatment at baseline and 
n=7 mice per treatment on day 3 postMI. Total WBC (103 cells/mm3), lymphocytes (103 
cells/mm3), monocytes (103 cells/mm3), granulocytes (103 cells/mm3), RBC (106 cells/mm3), 
hemoglobin (g/100ml), and hematocrit (%) were measured. Data are the mean ± SEM. A p-
value of < .05 was considered significant and is indicated by an * in comparison with VEH, # 
in comparison with MI, and & in comparison with BPA-treated mice.  
 
To determine whether BPA or BPS might increase infarct monocyte numbers by 
promoting proliferation, we treated the male MΦ cell line RAW264.7 with graded amounts of 
BPA or BPS. We found no change in sulforhodamine B dye binding with BPA or BPS 
treatment (Figure 7.3A). To discover whether BPA or BPS might increase migration and 
thereby increase myeloid cell movement into the infarct, we cultured RAW264.7 macrophage 
cell line and quantified migration in a scratch assay. We observed no increase in RAW264.7 
cell migration into the monolayer wound in BPA- or BPS-treated cells (Figure 7.3B). 
Collectively, these data demonstrate no increase in monocyte proliferation or monocyte 
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migration with BPA or BPS treatments in vitro suggesting no impact of BPA or BPS on 
monocyte/MΦ proliferation or migration within the infarct.  
The spleen can contribute infiltrating monocytes and MΦ cells to the injured area 
postMI.33 Spleen wet weights on post MI day 3 (VEH 87 ± 4; BPA 97 ± 8; BPS 96 ± 12) and 
day 21(VEH 88 ± 8; BPA 74 ± 10; BPS 86 ± 4) were similar indicating no gross differences in 
spleen size. Further, flow cytometry analyses of the myeloid and T-cell compartments of the 
spleen on day 4 postMI did not identify significant differences with exposure (Supplementary 
figure 3). These data suggest no significant increase in myeloid or T-cells originated from the 
spleen in BPA or BPS exposed mice.  
 
 
Figure 7.3. Impact of BPA and BPS on proliferation, migration and MMP expression 
and activity. (A) Proliferation. Raw 264.7 cells were cultured on 24-well plates. Once 
adhered, the cells were treated with VEH or the indicated amounts of BPA or BPS in triplicate. 
The SRB assay was performed on the indicated days. Data are the mean ± SEM. (B) Migration. 
Raw 264.7 cells were cultured on 24-well plates. Once approximately 70% confluent, a 
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scratch was made and the media replaced with VEH or the indicated amounts of BPA or BPS 
in triplicate. The monolayer was stained with SRB 24 h later. Photographs were taken using 
Image Capture software and the cell-free area quantified using Image J software. The cell-free 
area in VEH-treated cells was considered to be 100% migration. Shown are the results of 2 
independent experiments. (C) MMP9, MMP2 and TIMP1 expression in infarct heart. Protein 
homogenates, n=6/treatment, were prepared from the ischemic area and immunoblotted for 
expression of MMP9, MMP2, or TIMP1. Expression of individual proteins is relative to the 
stained and scanned Coom. membrane which was used as a loading control. Representative 
blots are shown. The size of each protein is indicated to the right of the immunoblot. The bar 
graph shows the results of MMP9 and MMP2 expression. Expression in the VEH samples was 
artificially designated as 1.0. A p-value of < .05 was considered significant and is indicated by 
an * in comparison with VEH. (D) MMP9 and MMP2 in gel zymography in infarct heart. 
Protein homogenates, n=6/treatment, of the ischemic area were prepared and in gel 
zymography was performed. The size of the clear bands is indicated to the right of the gel. A 
representative gel is shown. The bar graph shows the combined results of MMP9 and MMP2 
activity. Gelatinolytic activity (unstained area) in the VEH samples was artificially designated 
as 1.0. A p-value of < .05 was considered significant and is indicated by an * in comparison 
with VEH. (E) MMP expression and activity in vitro. RAW 264.7 cells were cultured on 6-
well plates until approximately 60% confluent and then cultured in media containing the 
indicated amounts of BPA or BPS for 24 h. Cell lysates were immunoblotted for expression of 
MMP9 and MMP2 as above. The size of each protein is indicated to the right of the 
immunoblot. Expression of individual proteins is relative to the stained and scanned Coom. 
membrane which was used as a loading control. The media was collected for in gel 
zymography as above. The size of the clear bands is indicated to the right of the gel. 
Representative gels from 3 independent experiments are shown.  
 
7. 3. 4  Monocyte-Associated MMP Expression and Activity Is Increased  
   by Exposure to BPA and BPS  
Increased cardiac dilation postMI can be due to excessive degradation of the 
supporting extracellular matrix by MMPs secreted by myeloid cells.16, 34 To determine whether 
the increased monocyte/MΦ infiltration increased MMP protein and activity in the infarct 
area, we isolated protein homogenates from the infarct of VEH-, BPA-, and BPS-exposed 
mice and performed IB and in gel zymography. IB revealed increased expression of MMP9 
and MMP2 with no change in the Tissue Inhibitor of Metalloproteinase-1 protein in samples 
from BPA and BPS versus VEH exposed mice (Figure 7.3C). In gel zymography revealed 
increased MMP9 activity in homogenates from BPA- and BPS-exposed and an increase in 
MMP2 activity in BPA-exposed versus VEH mice (Figure 7.3D). To ascribe these increases 
to monocyte/MΦ, we treated RAW264.7 cells with BPA or BPA for 24h. Increased MMP9 
 
 276 
protein in cell lysates and increased secreted MMP9 activity in the culture media was induced 
by BPA and BPS (Figure 7.3E). These data suggest the increased MMP protein and MMP 
activity in the infarct area of bisphenol exposed compared with VEH mice postMI was the 
result of BPA- and BPS-mediated activation of infiltrating monocyte/MΦ.  
 
7. 3. 5  BPA and BPS Exposure Promotes a Pro-Inflammatory Cell  
   Population  
Chemokine addition in vitro has been used to delineate two major monocyte 
phenotypes. Culture with IFNγ and/or LPS induces monocyte polarization to a “classically 
activated” and pro-inflammatory MΦ phenotype sometimes called M1 MΦ characterized by 
increased expression of proteins such as NOS2 and COX2, ARG1. Culture with IL-4 induces 
polarization to an “alternatively activated” and anti-inflammatory MΦ phenotype sometimes 
called M2 MΦ characterized by increased expression of ARG1. To determine whether BPA or 
BPS influence monocyte polarization in vitro, we exposed RAW264.7 cells to IFNγ or IL-4 
along with BPA or BPS (Figure 7.4A). IFNγ-stimulated expression of NOS2 was increased 
and IL-4-stimulated expression of ARG1 was reduced by nanomolar BPA and BPS. These 
data suggest that acute in vitro exposure to BPA or BPS enhances polarization to 
proinflammatory MΦ and reduces polarization to anti-inflammatory MΦ phenotype.  
Circulating monocytes that enter the infarct arise from the bone marrow. Monocyte 
progenitor cells in the bone marrow can be induced to polarize into activated monocytes in 
vitro.  
To test whether lifelong in vivo exposure to BPA or BPS influences polarization to the 
proinflammatory MΦ phenotype, bone marrow cells from VEH, BPA, and BPS exposed mice 
were isolated, cultured to induce monocyte development and then differentiated in vitro by 
exposure to increasing amounts of IFNγ or LPS (Figure 7.4B). Both treatments induced 
increased NOS2 and COX2 expression. However, greater inductions were detected in bone 
marrow-derived cultures isolated from BPA or BPS exposed mice. Thus, lifelong in vivo 
exposure to BPA or BPS increased the susceptibility of bone marrow-derived monocytes to 






Figure 7.4. Role of ERβ signaling in mediating the consequences of BPA and BPS 
exposure. (A) Chemokine stimulation of RAW 264.7 cells. Top: RAW 264.7 cells were 
cultured on 6-well plates until approximately 60% confluent and then in media containing 
VEH, IFNγ− alone (50 ng/ml), IFNβ + BPA (10−9 M) or IFNβ + BPS (10−9 M) for 24 h. 
Protein lysates were prepared and probed for NOS2 expression. The size of NOS2 protein is 
indicated to the right of the immunoblot. A representative immunoblot is shown. Expression 
of individual proteins is relative to the stained and scanned Coom. membrane which was used 
as a loading control. Representative gels from 3 independent experiments are shown. Bottom, 
RAW 264.7 cells were cultured on 6-well plates until approximately 60% confluent and then 
cultured in media containing VEH, IL-4-alone (10 ng/ml), IL-4 + BPA (10−9 M) or IL-4 + 
BPS (10−9 M) for 24 h. Protein lysates were prepared and probed for ARG1 expression. The 
size of ARG1 is indicated to the right of the immunoblot. A representative immunoblot is 
shown. Expression of individual proteins is relative to the stained and scanned Coom. 
membrane which was used as a loading control. Representative gels from 3 independent 
experiments are shown. (B) Chemokine addition to BMDM isolated from exposed mice. 
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BMDM were isolated from mice exposed to VEH, BPA, or BPS. When approximately 70% 
confluent, the media was changed to contain VEH, or increasing concentrations of IFNγ (5, 25, 
and 50 ng/ml) or LPS (10, 50, and 100 ng/ml). Twenty-four hours later cell lysates were 
collected as above and immunoblotted for NOS2 and COX2. The size of each protein is 
indicated to the right of the immunoblot. Expression of individual proteins is relative to the 
stained and scanned Coom. membrane which was used as a loading control. Representative 
gels from 6 independent experiments are shown. (C) Impact of ERβ antagonist PHTPP. RAW 
264.7 cells were cultured on glass cover slips in 6-well plates. When approximately 60% 
confluent they were treated with VEH or PHTPP (10−8 M) for 2 h and then VEH or BPA (10−9 
M) was added and culture continued for 24 h. After 24 h, the cells were washed, fixed and 
stained with antibody to NOS2 (green). Nuclei were stained with DAPI (blue). Images were 
acquired at 400x magnification and merged using Adobe Photoshop. Representative images 
from 3 independent experiments are shown. (D) Chronic treatment of ERβ−/− mice. ERβ−/− 
male and ERβ+/− female mice were paired and immediately treated with either VEH, BPA, or 
BPS treated water. Male progeny were genotyped at weaning. ERβ−/− male progeny were 
maintained on the same regimen until euthanasia. An MI was performed and 
echocardiography acquisitions were obtained on day 3. (E) Survival. Surgery was performed 
and a permanent coronary ligation created to induce an MI. ERβ−/− mice, n=15/treatment were 
used. Survival postMI was monitored with time. (F) LV area and FAC on day 3. 
Echocardiography was performed on n=6 mice/treatment. The LV internal area in systole and 
diastole were calculated using the long axis view and EKV gated acquisitions. The LV internal 
area in systole and diastole were measured and FAC calculated using the short axis view and 
EKV gated acquisitions. Data are the mean ± SEM. A p-value of < .05 was considered 
significant and is indicated by an * in comparison with VEH. (G) Protein expression. Protein 
was isolated from the infarct region of n=5 mice/treatment on day 4 postMI. Representative 
blots for expression of F4/80, CCL2, Lyve-1, and MMP2 are shown. The size of each protein 
is indicated to the right of the immunoblot. Expression of individual proteins was calculated 
and is expressed relative to the stained and scanned Coom. membrane which was used as a 
loading control. The bar graph shows the combined results. Expression in the VEH samples 
was artificially designated as 1.0. A p-value of < .05 was considered significant and is 
indicated by an * in comparison with VEH.  
 
7. 3. 6  ERβ Signaling Is Involved  
To explore the mechanism, we treated RAW264.7 cells with BPA in the absence or 
presence of a 10-fold excess of the ERβ-antagonist PHTPP. Immunofluorescence staining 
detected reduced NOS2 expression in cells treated with BPA + PHTPP (Figure 7.4C). These 
data suggest that the mechanism for BPA-mediated increases was downstream of ERβ-
signaling.  
To determine whether ablation of ERβ signaling in vivo would reduce the impact of 
lifelong exposure to BPA or BPS, we exposed ERβ mating pairs to BPA or BPS at the time of 
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mating as described above and performed an MI on the adult male progeny (Figure 7.4D–G). 
Survival to 4 days was similar for VEH and BPA-exposed mice, but was reduced in BPS-
exposed mice (Figure 7.4E). Echocardiography performed on day 3 postMI revealed no 
significant differences in the LV area or LV volume in ERβ−/− mice regardless of treatment 
(Figure 7.4F). Moreover, FAC was similar regardless of exposure. However, IB of infarct 
homogenates revealed greater expression of the monocyte/MΦ marker F4/80 and MMP2 in 
BPS-exposed ERβ−/− mice than in samples from BPA-exposed and VEH treated ERβ−/− mice 
and greater expression of the chemoattractant CCL2 than VEH treated ERβ−/− mice (Figure 
7.4G). In contrast, expression of F4/ 80, CCL2 or MMP2 in VEH and BPA exposed ERβ−/− 
mice was comparable. There were no differences in expression the tissue macrophage marker 
Lyve-1 marker expression (Figure 7.5G). Thus, the absence of ERβ ablated the adverse 
impact of chronic BPA and BPS exposure on cardiac structure/function measures. However, 
although BPA-mediated increases in expression of inflammatory markers were reduced to 
control levels by ERβ ablation, their continued high level of expression in BPS-exposed 






7. 4  Discussion 
Data directly comparing the safety of BPS are scant yet, temporal analyses show that 
BPA exposure is reducing35 while exposure to BPS is increasing.36 Our study is significant 
because it directly compares and explores the consequences of lifelong oral exposure to BPA 
and BPS on the ability to heal from a clinically relevant cardiovascular insult, MI. Overall, our 
data are consistent with a model where BPA and BPS are equally toxic to the injured heart and 
where their adverse impact on cardiac healing postMI is centered on increasing inflammation 
in the infarct. Moreover, we equate this increase in myeloid infiltration to local increases in 
monocyte chemoattractant, an increased susceptibility to proinflammatory chemokines in the 
bone-marrow-derived cells that infiltrate the ischemic heart and further show that BPA-
mediated, but not BPS-mediated, effects are downstream of ERβ signaling.  
 
7. 4. 1  BPA and BPS Exposure Induces Synonymous Reductions in  
   Survival and Cardiac Function PostMI  
Our data suggest that continual exposure to BPA and BPS promotes cardiac rupture 
and LV dysfunction after an MI. We found early death from cardiac rupture was greater in 
BPA- and BPS-exposed mice than in VEH mice. Moreover, surviving mice had greater 
dilation suggesting more adverse LV geometric remodeling, and had reduced FAC indicating 
sustained LV dysfunction. Other studies have showed that acute BPA treatment of ex vivo 
isolated rat heart preparations increased arrhythmia following an ischemic-reperfusion 
injury.22 Similarly, optical mapping of ex vivo heart preparations found that acute BPA 
treatment prolonged the PR segment and the atrium failed to propagate impulses to the 
ventricle.21 Further, using an ex vivo rat heart preparation, exposure to low doses of BPA and 
BPS exposure induced arrhythmia.12 Together, these data imply that BPA and BPS are equally 
cardiotoxic, that exposure can promote the three major complications of MI, rupture, LV 





7. 4. 2  Lifelong BPA and BPS Exposure Led to Greater Inflammation  
   PostMI  
In all mammals, monocytes and MΦ are key innate immune cells that participate in 
infection control and wound healing.27, 37, 38 Wound healing is equivalent in all mammals, 
follows the same pathway in all solid organs and depends absolutely on the orchestrated 
infiltration of monocytes and MΦ. Greater expression of CCL2 and numbers of DC and 
monocyte/MΦ cells infiltrated the postMI ischemic area of BPA- and BPS-exposed versus 
VEH hearts. Hence, we conclude that local increases in chemoattractant are a primary factor 
inducing a greater accumulation of inflammatory cells in the exposed mice. Using models of 
inflammatory bowel disease, allergic lung inflammation, or challenge by influenza virus no 
differences in outcome, CCL2 level, or leukocyte infiltration were found when mice 
developmentally exposed to BPA were compared with unexposed mice.39, 40, 41 Thus, although 
developmental BPA exposure did not influence the capacity to respond appropriately to 
inflammation, we found lifelong exposure to BPA and BPS resulted in an exaggerated and 
proinflammatory response linked to increased CCL2 chemokine.  
The greater influx of DC and monocyte/MΦ cells is likely detrimental and we suspect 
that the increase in MMP activity in infarct homogenates may be a composite of increased 
myeloid cell infiltration, and increased expression and secretion of MMPs. MMP9 secretion is 
primarily attributed to proinflammatory MΦ suggesting a link between the increased 
accumulation of monocyte/MΦ and the increased MMP9 activity in the BPA- and BPS-
exposed mice. Increased MMP activity is linked to greater dilatation and death postMI16, 34 and 
reductions in MMP protein or activity have improved survival42 and dilation as well as cardiac 
function postMI.19 In support of the idea that the increased MMP activity in the infarcts was 
monocyte derived, acute exposure of RAW 264.7 MΦ cells to BPA and BPS in vitro increased 
MMP9 protein and activity. In other work using human ovarian and lung cancer cell lines, 
estrogen-, and BPA-mediated increases in cell migration were linked to increased MMP2 
activity.43, 44 Thus, increased MMP activity is a consistent feature of in vivo and in vitro BPA 
exposure. Here, we extend these results and demonstrate that BPA- and BPS-mediated 
increases in MMP activity result from continued exposure in vivo and link this increased 
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MMP activity to acute exposure in monocyte/MΦ in vitro, greater cardiac dilation and an 
unstable ventricle wall postMI.  
Monocyte/MΦ cells entering the infarcts of BPA- or BPS-exposed mice are likely 
highly inflammatory. The transition from inflammatory to repair phenotypes in vivo resembles 
the polarization of monocytes to pro-inflammatory or antiinflammatory phenotypes in vitro. 
BPA and BPS enhanced the expression of the proinflammatory MΦ polarization marker NOS2 
and reduced expression of the anti-inflammatory MΦ marker ARG1 in RAW 264.7 cells 
suggesting that exposure promotes polarization to a proinflammatory cell population. The 
circulating monocyte/MΦ that infiltrate wounds, such as after an MI, arise from the bone 
marrow. Bone marrow-derived monocytes isolated from mice chronically exposed to BPA or 
BPS had enhanced expression of the proinflammatory MΦ polarization markers when IFNγ, 
LPS, or IFNγ+LPS were added. This suggests that the cells entering the infarct from exposed 
mice were highly susceptible to polarization to a proinflammatory phenotype and at lower 
concentrations of inflammatory chemokines than nonexposed mice. In other studies, 
nanomolar BPA increased the release of pro-inflammatory cytokines in THP-1 MΦ and 
human monocytes45 and estradiol treatment of NR8383 macrophages increased polarization to 
the pro-inflammatory M1-type MΦ phenotype.46 In contrast, other in vitro studies found that 
BPA reduced MΦ function.47, 48, 49 High (micromolar) amounts of BPA and only short term 
exposure to mg/kg/d doses of BPA in these studies complicate integration with the data here. 
However, the combined data suggest that BPA- and BPS-exposure induces increased pro-
inflammatory MΦ polarization and increased secreted MMP activity from activated MΦ 
infiltrating the infarct zone.  
 
7. 4. 3  Mechanism for BPA, but Not BPS Mediated Effects, Depends on 
  ERβ Signaling  
The mechanism of BPA-mediated, but not BPS-mediated, increases in inflammation 
and ablation of cardiac repair activities postMI likely depends on activation of ERβ. ERβ−/− 
mice treated with VEH, BPA, or BPS shared similar cardiac structural and functional deficits 
after an MI. In ex vivo isolated rat heart preparations, ERβ antagonists ablated BPA- and BPS-
 
 283 
mediated changes in arrhythmia promotion and calcium homeostasis.4, 12 Thus, the mechanism 
and negative influence of BPA and BPS on cardiac structure/ function is dependent on ERβ 
signaling ex vivo and in vivo with ablation resulting in reduced effects demonstrable in rats 
and mice. However, differences in survival and on myeloid cell marker expression reveal 
mechanistic insights. ERβ−/− mice exposed to VEH and BPA had similar survival and myeloid 
cell marker expression implying that BPA’s adverse effects were strongly mediated by 
BPA:ERβ signaling. Yet, ERβ−/− mice exposed to BPS had reduced survival and greater 
expression of myeloid markers and MMP2. These data indicate that the adverse impact of BPS 
on myeloid cell infiltration was not relieved by ablation of ERβ signaling. These data imply 
that the mechanism of harm of BPA and BPS on myeloid cells are distinct. They also suggest 
that excessive myeloid cell infiltration was a greater driver of reduced survival than reduced 
cardiac function. Transcriptome analyses in disparate systems such as nematodes treated with 
BPA or BPS has identified low numbers of shared transcripts.50 Further supporting the idea 
that BPA and BPS may have some shared but also disparate interactions, the result of studies 
included in the ToxCast data, suggest differences in the response to BPA versus BPS. Overall, 
these data indicate that bisphenols as a class may show substantial and important differences 
with bisphenol analogs demonstrating distinct impacts and unique signatures.  
 
7. 4. 4  Relevance 
The disease burden and relative economic loss to the USA and European communities 
of exposure to endocrine disruptors, including BPA, is enormous.51, 52 Up to approximately 
$7.9 billion USD was attributed to endocrine disruptor-induced early cardiovascular mortality. 
Beyond cardiovascular disease, recent studies link increased BPA exposure with increased 
asthma53, 54 and increased food intolerance55 supporting the idea that chronic bisphenol 
exposure promotes a hyperimmune response.56 The known association of female gender with 
greater incidence of chronic immune diseases such as systemic lupus or multiple sclerosis, and 
correlation of “flare-ups” or symptoms with the menstrual cycle57 argues that modifications in 
ER signaling influences these and perhaps other chronic diseases that have a immune 
component. Extending the reduced cardiac wound healing found here, bisphenol exposure has 
the potential to adversely influence healing of other solid tissue injuries. Based on our results 
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and the results of other who also compared BPA with BPS, the use of BPS in replacement of 
BPA in manufacturing is unlikely to reduce human and economic costs.  
 
7. 4. 5  Limitations 
Endocrine disruptor responses are nonmonotonic therefore our study cannot predict the 
impact of BPA or BPS at other doses. Importantly, our studies cannot predict the response in 
other inbred lines or in female mice. Also, these studies were performed using mice and 
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8. 1  Abstract 
Resident macrophages densely populate the normal arterial wall, yet their origins and 
the mechanisms that sustain them are poorly understood. Here we use gene-expression 
profiling to show that arterial macrophages constitute a distinct population among 
macrophages. Using multiple fate-mapping approaches, we show that arterial macrophages 
arise embryonically from CX3CR1+ precursors and postnatally from bone marrow–derived 
monocytes that colonize the tissue immediately after birth. In adulthood, proliferation (rather 
than monocyte recruitment) sustains arterial macrophages in the steady state and after severe 
depletion following sepsis. After infection, arterial macrophages return rapidly to functional 
homeostasis. Finally, survival of resident arterial macrophages depends on a CX3CR1-





8. 2  Introduction 
Most tissues of the body harbor resident macrophages. Yet macrophages are 
phenotypically and functionally heterogeneous, a reflection of the diversity of tissue 
environments in which they reside. In addition to maintaining tissue homeostasis and 
responding to invading pathogens, macrophages contribute to numerous pathological 
processes, making them an attractive potential target for therapeutic intervention. This, 
however, will require a detailed understanding of macrophage origins, the mechanisms that 
maintain them and their functional attributes in different tissues and disease contexts. 
Macrophage ontology has long engendered controversy.1, 2 Nevertheless, the idea that 
tissue macrophages develop exclusively from circulating bone marrow-derived monocytes has 
prevailed for nearly a half-century.3 But accumulating evidence, including studies using sophi-
sticated fate-mapping approaches, has determined that some tissue macrophages and their 
precursors are established embryonically in the yolk sac (YS) and fetal liver before the onset 
of definitive hematopoiesis.4, 5, 6, 7, 8, 9, 10, 11 Regardless of their origin, tissue macrophages can 
maintain themselves in adulthood by self-renewal independently of blood monocytes1.12, 13 
Gene-expression profiling of macrophage populations from several tissues has 
established that all macrophages express only a small number of transcripts14, indicating the 
importance of the context provided by the tissue in studies of macrophage function in 
homeostasis and disease. The normal arterial wall contains many tissue-resident macrophages 
that contribute crucially to immunity, tissue homeostasis and wound healing after injury.15 
However, the regulatory networks, ancestry and mechanisms that maintain arterial 
macrophages remain unknown. 
Using gene-expression analysis, we have found that arterial macrophages constitute a 
distinct population among tissue macrophages. Multiple fate-mapping approaches 
demonstrated that arterial macrophages arise embryonically from CX3CR1+ precursors and 
postnatally from bone marrow–derived monocytes that colonize the tissue during a brief 
period immediately after birth. In adulthood, arterial macrophages were maintained by 
CX3CR1-CX3CL1 interactions and local proliferation without further substantial contribution 
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from blood monocytes. Self-renewal also sustained arterial macrophages after severe depletion 





8. 3  Results 
 
8. 3. 1  Phenotype and Gene-Expression Profile of Arterial Macrophages  
Flow cytometry–based analysis of single cell suspensions from healthy aortas of 6- to 
8-week-old mice revealed that 38 ± 4% (mean ± s.e.m.) of all CD45+ leukocytes were 
macrophages (F4/80+CD11b+ cells) (Figure 8.1a). Other myeloid cell populations observed 
included F4/80loCD11c+MHCII+dendritic cells (Figure 8.1a) and F4/80loCD64+Ly6Chi-lo 
monocytes (Figure 8.1a). Principal component analysis revealed a distinct transcriptome in 
arterial macrophages, which clustered near other macrophage populations including microglia, 
alveolar macrophages and splenic red pulp macrophages, as characterized by the 
Immunological Genome Consortium (Figure 8.1b and Supplementary figure 1a).14 
Stringent comparison of gene-expression profiles among arterial, brain, alveolar and splenic 
red pulp macrophages revealed 212 transcripts that were at least five-fold higher or lower in 
arterial macrophages relative to expression in the three other macrophage populations (Figure 
8.1c,d and Supplementary figure 1b,c). To gain insight into biological processes, we 
grouped transcripts encoding molecules with annotated functions according to Gene Ontology 
(GO) terms. Transcripts that were more abundant in arterial macrophages were enriched for 
molecular terms including translation and regulation of cell proliferation. The less abundant 
transcripts yielded GO enrichment of terms including homeostatic process, cell proliferation 
and macromolecular complex subunit organization (Supplementary Table 1). Flow 
cytometry analysis of specific cell surface markers confirmed that arterial macrophages share 
features with macrophage populations from other organs and express a unique signature. In 
addition to the core macrophage markers CD64 and the tyrosine kinase receptor MerTK16, 
arterial macrophages expressed Lyve1, CD68, major histocompatibility complex class II 
(MHCII), CD86, the class A scavenger receptor Msr1, Toll-like receptor 4 (TLR4) and T cell 
immunoglobulin mucin 4 (Tim-4) (Figure 8.1a,e). 
Zbtb46, encoding a BTB-ZF transcription factor, is selectively expressed in classical 
dendritic cells (cDCs).17, 18 Analysis of mice in which a GFP reporter cassette replaces exon 2 
of the Zbtb46 BTB domain (Zbtb46+/gfpmice) revealed high expression of Zbtb46 in 
 
 298 
CD11c+MHCII+CD11b− cDCs of the aorta, liver, lung and brain (Figure 8.1f). GFP was 
undetected in alveolar macrophages and Kupffer cells but was expressed in microglia and 
aortic macrophages, albeit at lower levels than in cDCs (Figure 8.1f). These data extend 
published observations that resident macrophages in some tissues express Zbtb4619 and show 
that the level of Zbtb46 expression, as inferred from the GFP reporter, differs between 
macrophages and cDCs in the arterial wall. cDCs were also distinguished from macrophages 




Figure 8.1. Phenotype and gene-expression profiling of arterial macrophages. (a) 
Identification of aortic macrophages. Dot plots show gating scheme for F4/80+CD11b+aortic 
macrophages, F4/80loCD11c+MHCII+ dendritic cells (DCs) and Ly6Chi-loF4/80loCD64+ 
monocytes in 6- to 8-week-old C57BL6/J mice (mean ± s.e.m.; n = 15). Numbers adjacent to 
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outlined area indicate percentage of F4/80+CD11b+ aortic macrophages. (b) Principal 
component (PC) analysis of whole genome microarray data from isolated arterial macrophages 
compared to macrophages and DC populations collected by the Immunological Genome 
Project (GSE15907). For arterial macrophages, expression data are pooled from three 
independent experiments. (c) Heat map of mRNA transcripts increased in arterial 
macrophages by fivefold or more relative to their expression in microglia, splenic red pulp 
macrophages and alveolar macrophages. (d) Heat map of mRNA transcripts decreased in 
arterial macrophages by fivefold or more relative to their expression in the remaining 3 
macrophage populations. (e) Flow cytometry analysis of cell surface markers expressed by 
arterial macrophages, Kupffer cells, alveolar macrophages and microglia (shaded curves). 
Open curves represent isotype controls. (f) Zbtb46-GFP expression in macrophages (shaded 
curves) and DC (open curves) from aorta, liver, lung and brain of Zbtb46gfp/+ mice. One 
experiment of two is shown. Dashed lines, wild-type macrophages (GFP−); dotted lines, wild-
type DCs (GFP−). (g) CD11c-eYPF expression in arterial macrophages and DCs from 
CD11ceYFP/+ mice. Data are from one of three animals examined. (h) Flow cytometry analysis 
of arterial macrophages in adventitial and intima-media compartments (mean ± s.e.m.; 
adventitia n = 27, intima-media n = 22). Data are pooled from four independent experiments. 
*P < 0.0001 (unpaired t-test). Numbers adjacent to outlined areas indicate percentages of 
F4/80+CD11b+ macrophages. (i) Quantification of arterial macrophages from h (mean ± s.e.m.; 
adventitia n = 27, intima-media n = 22). Data are pooled from four independent experiments. 
*P < 0.0001 (unpaired Student's t-test). (j) CD68 staining of adventitia and intima-media from 
ascending, descending, thoracic and abdominal aortic segments (mean ± s.d.; n = 3). *P < 
0.0001 (total aorta, descending arch, thoracic arch), **P < 0.0003 (abdominal aorta), ***P < 
0.0006 (ascending arch) (unpaired t-test). 
 
Intravenous administration of clodronate liposomes to mice depleted blood monocytes 
but not aortic macrophages (Supplementary figure 1d), indicating that arterial macrophages 
reside within the vessel wall. To examine the spatial distribution of arterial macrophages in 
more detail, we dissected the inner intimal and medial layers from the outer adventitia20 and 
assessed the number of macrophages by flow cytometry. The adventitia contained 
significantly (P < 0.05) more CD45+leukocytes than the intimal or medial layers of the vessel 
wall (Supplementary figure 1e). Consistent with this observation, macrophage number and 
percentage among CD45+ cells (Figure 8.1h,i) were markedly higher in the adventitia than in 
the intima and media layers. We next used confocal microscopy to visualize CD68+ cells in 
the intima, media and adventitia compartments of the aorta. On average, 29 ± 1% of the tissue 
area within the adventitia stained positive for CD68 (Figure 8.1j). In contrast, only 2.0 ± 0.2% 
of tissue area in the intima and media stained positive for CD68 (Figure 8.1j). Analysis at 
various locations in the aorta demonstrated comparable differences in macrophage content 
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within the adventitia and intima and media (Figure 8.1j). Consistent with published studies21, 
22, CD11c+ DCs were most abundant in the intima of the aortic valves and arch 
(Supplementary figure 1f). We also detected macrophages in the carotid as well as femoral 
arteries (Supplementary figure 1g), indicating that resident macrophages occupy multiple 
arterial sites. 
 
8. 3. 2  Arterial Macrophages Have Embryonic and Postnatal Origins  
In many tissues, resident macrophages arise from embryonic precursors before birth.5, 6, 
7, 10, 11, 23 Similarly, arterial macrophages were observed in the aorta of mice at embryonic day 
16.5 (E16.5) (Figure 8.2a). Flow cytometry revealed two phenotypically distinct cell 
populations expressing the macrophage marker F4/80 in the developing embryo: 
F4/80hiCD11blo cells that resembled YS-derived macrophages6 and F4/80intCD11bhi cells that 
appeared similar in phenotype to c-Myb–dependent fetal liver monocytes.7, 23 At birth, arterial 
macrophages were predominately F4/80hiCD11blo, although this phenotype was transient, and 
by 2 weeks of age the F4/80+ cells in the aortic wall were mainly F4/80intCD11bhi (Figure 
8.2a). The proportion of arterial macrophages among CD45+ cells increased with age (Figure 
8.2b) and was associated with progressively increased expression of MHCII (Figure 8.2c), 
indicating a postnatal period of maturation. 
The extra-embryonic YS is the main hematopoietic site in mice before E10.4, 24 YS 
hematopoiesis supplies erythroid as well as myeloid precursors to the embryo after the onset 
of blood circulation at ∼E9. Because arteries contained macrophages before birth, we 
investigated whether YS progenitors contributed to the arterial macrophage pool using pulse 
labeling of CX3CR1+ progenitor cells in the YS.15 Female Cx3cr1CreER mice25, which express 
Cre recombinase under the control of the Cx3cr1 promoter upon exposure to tamoxifen 
(TAM), were crossed to male mice bearing the tdTomato red fluorescent reporter 
(Rosa26Tomato mice) and injected with a single intraperitoneal dose of TAM at E8.5. This 
approach induces the 'preferential' and irreversible expression of the tdTomato reporter in YS-
derived CX3CR1+ cells and their progeny. In Cx3cr1CreER; Rosa26Tomato mice, 68 ± 8% of 
brain microglia showed tdTomato expression (Tdtom+) at E16.5, indicating robust labeling 
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efficiency of YS progenitors and their progeny (data not shown). Consistent with the 
hypothesis that YS progenitors give rise to arterial macrophages during embryogenesis, >40% 
of F4/80hiCD11blocells in aortas of mice at E16.5 and on the day of birth were Tdtom+ (Figure 
8.2d–f). Importantly, TAM injection labeled macrophages but not monocytes in fetal liver 
(Supplementary figure 2a) and did not label F4/80hiCD11blo macrophages in the arterial wall 
(Figure 8.2d). Therefore, Tdtom+ macrophages probably derive from early YS erythromyeloid 
progenitors 25 independently of a monocyte intermediate. Normalization of arterial 
macrophage labeling to labeling of microglia (% Tdtom+ macrophages in the aorta / % 
Tdtom+ microglia), which are entirely of YS origin5, 26, indicated that ∼60% of arterial 
macrophages at birth arise separate from fetal liver hematopoiesis (Figure 8.2f). 
To address the possibility that fetal monocytes also contribute to the generation of 
arterial macrophages, we analyzed aortas in Flt3Cre × RosamT/mG reporter mice. Definitive 
hematopoietic stem and progenitor cells (HSPC) transiently augment the receptor tyrosine 
kinase FLT3 during differentiation to all hematopoietic lineages.27 The approach, therefore, 
allowed us to identify HSPC-dependent GFP+ macrophages (FLT3-Cre+) and HSPC-
independent GFP− macrophages (FLT3-Cre−). At birth, approximately 10 ± 1% and 28 ± 3% 
of F4/80hiCD11blo and F4/80intCD11bhi arterial macrophages, respectively, were GFP+ and 
derived entirely from fetal monocytes (Figure 8.2g). Fetal monocytes are generated through 
both FLT3-dependent and FLT3-independent pathways.10 The contribution of fetal liver 
hematopoiesis to development of the arterial macrophage pool, therefore, is likely to be 
underestimated. The data indicate that arterial macrophages are established through 






Figure 8.2. Arterial macrophages have embryonic and postnatal origins. (a) Phenotypic 
analysis of arterial macrophages before and after birth. Dot plots show F4/80 and CD11b 
staining at multiple ages. Outlined areas show F4/80hiCD11blo and F4/80intCD11bhi macro-
phage populations. Representative data from one of three experiments. (b) Macrophage 
accumulation over time expressed as a percentage of total CD45+ leukocytes (n = 31 mice). 
Data points represent individual mice. P = 0.0051 (linear regression analysis). (c) Major 
histocompatibility (MHC) II expression on arterial macrophages over time (n = 34 mice). Data 
points represent individual mice. P < 0.0001 (linear regression analysis). (d) E8.5-induced 
CX3CR1-tdTomato expression in F4/80hiCD11bloand F4/80intCD11bhi arterial macrophages at 
E16.5 (mean ± s.d.; n = 6). Representative data from 6 mice analyzed. Outlined areas on dot 
plots show F4/80hiCD11blo and F4/80intCD11bhimacrophage populations. Gates indicate 
positive staining for CX3CR1. (e) E8.5-induced CX3CR1-tdTomato expression in arterial 
macrophages on day of birth [DOB] and 10 weeks of age. Gates indicate positive staining for 
CX3CR1. (f) Time course of E8.5-induced CX3CR1-tdTomato expression in arterial 
macrophages and Kupffer cells, normalized to CX3CR1-tdTomato expression in brain 
microglia (mean ± s.d.; E16.5 n = 6, DOB n = 7, postnatal day 3 (PND3) n = 1, PND13 n = 3, 
PND50 n = 3, PND70 n = 2). (g) Identification of FLT3-Cre+ (GFP+) macrophages (aorta) in 
newborn [DOB] Flt3Cre × RosamT/mG reporter mice (mean ± s.e.m.; n = 9). Data are represent-
tative of one of nine mice examined. Gates indicate positive staining for FLT3-Cre GFP. (h) 
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CX3CR1-tdTomato expression in macrophages isolated from aorta, liver (Kupffer cells), lung 
(alveolar macrophages) and peritoneum normalized to CX3CR1-tdTomato expression in brain 
microglia. Macrophages isolated from mice at PND50 (mean ± s.d.; n = 3 mice per tissue). (i) 
CX3CR1-tdTomato expression in MHCII− and MHCII+ arterial macrophages from mice at 
PND50 (mean ± s.d.; n = 3). (j) Immunofluorescence showing GFP+ YS-derived arterial 
macrophages in aortic adventitia of adult Csf1rMeriCreMer × RosamTmG mice administered TAM 
at E8.5. Representative data from 3 mice examined. (k) CX3CR1-tdTomato expression in 
arterial macrophages of neonatal (PND2) and adult mice administered TAM at E18.5. Gates 
indicate positive staining for CX3CR1. (l) E18.5-induced CX3CR1-tdTomato expression in 
arterial macrophages, circulating Ly6Chi monocytes and microglia over time (mean ± s.d.; 
DOB n = 1, PND2 n = 3, PND3 n = 2, PND14 n = 4, PND35 n = 2, PND43 n = 2). (m) MCP-
1 and VCAM-1 expression detected by RT-PCR in aortic tissue taken from mice at different 
time points (mean ± s.d.; n = 4 mice per time point except PND1, where n = 3). *P < 0.05 
(unpaired t-test). (n) Identification of FLT3-Cre+ (GFP+) monocytes (blood) and macrophages 
(aorta) in adult Flt3Cre × RosamT/mG reporter mice (mean ± s.d.; n = 3). Representative data 
from 3 mice examined. (o) Immunofluorescence imaging from mice in o showing 
colocalization of FLT3-Cre recombination (GFP) and CD68 (Texas Red) in aortic adventitia 
of adult Flt3Cre × RosamT/mG reporter mice. 
 
In adult mice, E8.5-labeled Tdtom+ YS progenitors contributed to the macrophage pool 
in the aorta to a greater extent than in the liver, lung and peritoneum (Figure 8.2f,h). 
Moreover, the appearance of Tdtom+MHCII+arterial macrophages in adulthood (Figure 8.2i) 
indicated that MHCII− cells gave rise to MHCII+ macrophages some time after birth, because 
arterial macrophages in newborn mice were MHCII− (Figure 8.2c). The persistence of YS-
derived macrophages in the adult aorta was independently verified using Csf1rMeriCreMer × 
RosamTmG mice administered TAM at E8.5. These mice express the TAM-inducible 
MerCreMer fusion protein under control of the macrophage specific mouse Csf1r promoter. 
YS-derived macrophages appear as GFP+ (Figure 8.2j). The decline in YS labeling of arterial 
macrophages from ∼60% at birth to ∼20% in adulthood (Figure 8.2e,f) could result from 
replacement of embryonic arterial macrophages by circulating monocytes.9, 28 
To address this possibility, pregnant Cx3cr1CreER mice were injected with TAM at 
E18.5. The approach labeled most arterial macrophages (and microglia) in Cx3cr1CreER; 
Rosa26Tomato mice at birth, but few blood monocytes (Figure 8.2k,l). tdTomato labeling in 
arterial macrophages, but not microglia, decreased during the first 2 weeks of life (Figure 
8.2k,l), suggesting substantial turnover and replacement of arterial macrophages with 
unlabeled circulating monocytes. Consistent with these observations, monocyte influx was 
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associated with increased perinatal expression in the aorta of the chemokine CCL2 and the 
cellular adhesion molecules VCAM-1, E-selectin and ICAM-1 (Figure 8.2m and Supple-
mentary figure 2b). We investigated the postnatal contribution of definitive hematopoiesis to 
the adult arterial macrophage pool further using Flt3Cre × RosamT/mG reporter mice. Flt3Cre × 
RosamT/mG Ly6Chi blood monocytes were GFP+ and derived entirely from HSPC precursors 
(Figure 8.2n). In agreement with our earlier observations, arterial macrophages in mice 
comprised both GFP+ and GFP− subsets, confirming the dual YS and HSPC origin of these 
cells (Figure 8.2n,o). These observations suggest successive waves of arterial macrophage 
colonization, initially by an embryonic wave derived from early YS EMP and fetal liver 
monocytes9, 10, 11, 23followed by a brief influx of bone marrow–derived monocytes immediately 
after birth. 
 
8. 3. 3  CX3CL1-CX3CR1 Axis Determines Arterial Macrophage Survival  
Described differences in tissue-specific macrophage requirements for the growth 
factors macrophage-colony stimulating factor (M-CSF) and granulocyte macrophage–colony 
stimulating factor (GM-CSF)29, 30 led us to assess arterial macrophages in Csf1−/− and Csf2−/− 
mice, which lack the genes encoding M-CSF and GM-CSF, respectively. We found 
significantly (P < 0.05) fewer arterial macrophages in the arteries of Csf1−/−, but not Csf2−/− 
mice than in wild-type mice (Supplementary figure 3a,b), consistent with other studies 
demonstrating profound macrophage deficiencies in M-CSF–deficient mice.29 
Although many tissue macrophages lose expression of CX3CR1 as they mature13, a 
large proportion of arterial macrophages in adult mice retain its expression (Figure 8.3a–c 
and Supplementary figure 3c). Therefore, we investigated whether CX3CR1 contributed 
directly to the maintenance of arterial macrophages. Cx3cr1−/− mice had fewer arterial 
macrophages than wild-type controls, as assessed by confocal microscopy (Figure 8.3d) and 
flow cytometry (Figure 8.3e). Neutralizing antibodies directed against the CX3CR1 ligand 
CX3CL1 also decreased arterial macrophage numbers in wild-type mice (Figure 8.3f). 
Arterial macrophage proliferation was unchanged in Cx3Cr1−/− mice compared to wild-type 
control mice (Figure 8.3g), but the percentage of Fas+ macrophages (Figure 8.3h) and the 
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number of TUNEL+CD68+ cells (Figure 8.3i) was increased in the vessel adventitia, 
suggesting that CX3CR1-CX3CL1 controls the survival of arterial macrophages. We next 
used Cx3cl1cherrymice31, which have been modified to replace exon 1 of Cx3cl1 with mCherry, 
to investigate the cellular source of CX3CL1. Confocal microscopy analysis of the arterial 
adventitia in Cx3cl1cherry mice showed close proximity of CX3CL1+ (Cherry+) cells and 
CD68+ resident macrophages (Figure 8.3j). Flow cytometry and immunofluorescence staining 
revealed two main populations of CX3CL1+ cells in the aorta of Cx3cl1cherry mice, namely 
CD31+ endothelial cells and PDGFRα+mesenchymal cells (Figure 8.3k,l). Therefore, arterial 




Figure 8.3. CX3CL1-CX3CR1 interactions determine survival of arterial macrophages. 
(a) Immunofluorescence showing GFP staining in aortic adventitia of Cx3cr1gfp/+ mice. 
Representative image from 3 animals examined. (b) GFP staining of CD45+ arterial 
macrophages in aortas of Cx3cr1gfp/+ mice. (c) CX3CR1 expression in F4/80+CD11b+ arterial 
macrophages (mean ± s.d.; n = 3 mice; representative data from 2 experiments). Dot plots 
show CX3CR1 expression in CD45.2− and CD45.2+ cells. Data show most CX3CR1 positive 
cells are F4/80+CD11b+ macrophages. (d) CD68 staining of aortic adventitia and 
quantification of CD68+ cells in wild-type (WT) and Cx3cr1−/− mice. Data are means ± s.e.m.; 
n = 7 mice analyzed in one experiment. *P < 0.0001 (unpaired t-test). (e) Quantification of 
arterial macrophages in WT and Cx3cr1−/− mice, analyzed by flow cytometry. Data are pooled 
from three independent experiments (mean ± s.e.m.; WT n = 15, Cx3cr1−/− n = 14 mice). *P = 
0.045 (unpaired t-test). (f) Arterial macrophage abundance in mice after antibody-mediated 
neutralization of CX3CL1. Data are pooled from two independent experiments (mean ± s.e.m., 
 
 306 
isotype n = 11, anti-CX3CL1 n = 12). *P = 0.042 (unpaired t-test). (g) Per-centage of aortic 
macrophages from WT and Cx3cr1−/− mice in S and G2/M phases of the cell cycle (mean ± 
s.d.; WT n = 4, Cx3cr1−/− n = 5 mice). Data are from one experiment. P = 0.09 (unpaired t-
test). (h) Percentage of aortic macrophages expressing Fas in WT and Cx3cr1−/− mice (mean ± 
s.e.m., n = 7). Data are from one experiment. *P = 0.0083 (unpaired t-test). (i) Quantification 
of TUNEL+CD68+ cells in aortic adventitia of WT and Cx3cr1−/− mice (mean ± s.e.m., n = 7). 
*P < 0.0001 (unpaired t-test). (j) Immuno-fluorescence showing association of adventitial 
aortic macrophages (CD68+) with CX3CL1+ cells in Cx3cl1cherry mice. Representative image 
from one of five mice examined. (k) Arterial expression of CX3CL1 in CD45−PDGFRα+ and 
CD45−CD31+ cells. Data are from 3 mice (mean ± s.d.). Outlined areas show CX3CL1-
expressing cells (left and middle) and PDGFRα and CD31 expression in CX3CL1+ cells 
(right). (l) Localization of CX3CL1 and CD31+ or PDGFRα+ cells. Representative images 
from two experiments using 3 mice per group. 
 
8. 3. 4  Arterial Macrophages Self-renew in Adulthood  
To examine the mechanism of arterial macrophage renewal in adult mice, we examined 
the presence of arterial macrophages in mice deficient for the chemokine receptor CCR2 
(Ccr2−/− mice), which have reduced numbers of circulating Ly6Chi monocytes.32 The arteries 
of wild-type and Ccr2−/− mice contained similar numbers of arterial macrophages (Figure 
8.4a), which suggests that macrophage turnover at steady state occurs largely independently of 
circulating monocytes. To assess the rate of macrophage replacement in the arterial tissue, 8-
week-old C57BL/6J and UBC-GFP mice, which express GFP under control of the human 
ubiquitin C promoter in all tissues, were joined by parabiosis for 8 months. Ly6Chi and 
Ly6Clo monocyte chimerism in the blood at equilibrium was high (∼32% and ∼41%, 
respectively; Figure 8.4b), as expected, but macrophage chimerism in the aorta of parabiotic 
mice was low (∼6%), suggesting that monocyte contribution to the arterial macrophage pool 
was limited. Macrophage chimerism was similarly low in the heart, lung and liver of 
parabiotic mice12 (Figure 8.4b). As shown in published studies33, macrophage chimerism in 
the aorta alone in parabiotic mice underestimates the overall contribution of circulating 
monocytes to the arterial macrophage pool because Ly6Chi monocyte chimerism in the blood, 
even at equilibrium, is only ∼32% (Figure 8.4b). Assuming that individual GFP+ and 
C57BL/6J monocytes can infiltrate the arterial wall equally well, for every C57BL/6J, partner-
derived monocyte that entered the aorta of UBC-GFP mice, we also detected two endogenous 
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(GFP+) infiltrating monocyte-derived macrophages. Hence, the total contribution of circulating 
monocytes (UBC-GFP and C57BL/6J) to macrophage accumulation was at most ∼17% 
(Figure 8.4c). Local expansion, which accounts for the remaining ∼83% of F4/80hiCD11b+ 
macrophages, dominated arterial macrophage renewal during steady-state conditions (Figure 
8.4c). When we parabiotically linked Ccr2−/− and UBC-GFP (Ccr2+/+) mice for 5 weeks, 
monocyte chimerism (GFP+ cells) in the blood (CD115hi) and aortas (F4/80intCD11b+Ly6G−) 
of CCR2−/− partners was ∼82% and ∼73%, respectively (Figure 8.4d). Despite high 
chimerism of partner-derived wild-type monocytes in Ccr2−/− mice, chimerism of partner-
derived F4/80hiCD11b+ arterial macrophages in Ccr2−/− mice remained low (∼9%; Figure 
8.4d). We also independently assessed the monocyte contribution to the arterial macrophage 
pool by pulse labeling adult Cx3cr1CreER Rosa26Tomato mice. TAM treatment induced 
CX3CR1-tdTomato expression in ∼19% of blood Ly6Chi monocytes and ∼59% of arterial 
macrophages (Figure 8.4e). tdTomato expression remained high (∼50%) among arterial 
macrophages at 9 and 11 months after labeling (Figure 8.4e) but was absent in blood 
monocytes34 (Supplementary figure 4a), suggesting that maintenance of arterial 
macrophages depends little on blood monocytes. 
Persistence of pulse-labeled CX3CR1+ macrophages could also result from slow cell 
turnover. Therefore, arterial macrophage turnover was assessed in B6;129S4-
GtROSA26Sortm1(rtTA*M2)JaeCol1a1tm7(tetO-HIST1H2BJ/GFP)Jae/J(H2B-GFP) mice, in which doxy-
cycline treatment induces H2B-GFP fluorescence labeling of cells ubiquitously.35 Cellular 
expression of H2B-GFP was induced in adult mice by doxycycline treatment for 4 weeks, and 
the loss of GFP fluorescence per cell, which is indicative of cell division, was monitored 
during a 2-month chase period. As expected, H2B-GFP expression in blood monocytes and 
arterial macrophages exceeded background by orders of magnitude after 4 weeks of 
doxycycline (Figure 8.4f and Supplementary figure 4b). Consistent with observations that 
myeloid precursors turnover rapidly35, expression of H2B-GFP in blood Ly6Chi monocytes 
declined below the limit of detection after 2 months (Supplementary figure 4b). H2B-GFP 
expression was also completely lost in some arterial macrophages (∼25%), and mean 
fluorescence intensity of the GFP signal was greatly reduced in others (Figure 8.4f), 
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indicating substantial turnover of arterial macrophages within 2 months. To estimate further 
the turnover and loss rate of arterial macrophages, we generated a mathematical model using a 
three-state absorbing continuous time Markov chain (CTMC). The approach assumed two 
transient states of GFP+macrophages with different rates of GFP loss and one absorbing state, 
representing cells that have lost GFP expression (i.e., GFP−macrophages) (Online Methods). 
Fitting the mathematical model to the observed dilution of the H2B-GFP signal in arterial 
macrophages suggested a turnover rate of ∼84% every 12 months for these cells (Figure 
8.4g). Independently, 5-bromodeoxyuridine (BrdU) injections into wild-type mice every other 
day for 9 d labeled 25% of aortic macrophages (Figure 8.4h and Supplementary figure 4c). 




Figure 8.4. Arterial macrophages are maintained independently of monocytes in 
adulthood. (a) Quantification of aortic macrophages in wild-type (WT) and Ccr2−/− mice 
(mean ± s.e.m.; WT n = 6, Ccr2−/− n = 5). Data are pooled from two independent 
experiments. P = 0.79 (unpaired t-test). (b) WT and UBC-GFP mice were joined in parabiosis 
for 8 months. Ly6Chiand Ly6Clo monocyte chimerism in blood and macrophage chimerism in 
aorta, heart, lung and liver. Data are pooled from 6 (monocytes) or 2 (macrophages) pairs of 
parabionts (mean ± s.e.m.). (c) Relative contribution of local renewal and monocyte 
recruitment to macrophage accumulation over 8 months. (d) GFP and Ccr2−/− mice were 
joined in parabiosis for 6 weeks. Data show monocyte chimerism in the blood and 
macrophage chimerism in the aorta, heart, lung and liver. Data are from one pair of parabionts 
(mean ± s.d.). (e) CX3CR1-tdTomato expression in arterial macrophages 1 week and 9–11 
months after TAM exposure (mean ± s.d.; 1 week n = 3, 9 months n = 2, 11 months n = 1). 
Gates indicate positive staining for CX3CR1. (f) Loss of fluorescence in aortic macrophages 
of adult H2B-GFP mice after induction of H2B-GFP expression by doxycycline [DOX] and 
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after a 2-month 'chase' period (mean ± s.d.; n = 4). Left, GFP expression in aortic macro-
phages from H2B-GFP mice. Middle, percentage of aortic macrophages that are GFP+. Right, 
mean fluorescence intensity (MFI) of GFP expression in aortic macrophages. (g) 
Mathematical model predicting rate of loss of GFP+ macrophages over time (Online Methods). 
(h) 5-bromodeoxyuridine (BrdU) incorporation by aortic macrophages (mean ± s.d.; n = 5). 
Data are from one experiment. 
 
8. 3. 5  Arterial Macrophages Self-renew after Exposure to Bacteria  
To address how arterial macrophages are replenished during inflammation, we 
assessed macrophage repopulation in irradiated CD45.2+ mice transplanted with whole bone 
marrow from CD45.1+ mice. Recipient mice showed near complete donor chimerism among 
blood leukocytes 6 months after transplantation (Figure 8.5a). Brain microglia excepted36, 37, 
donor chimerism of resident macrophages in the liver, heart, lung and aorta exceeded 70% 
(Figure 8.5a), consistent with reports that lethal radiation impairs the local repopulation 
capacity of tissue-resident macrophages.38 
To assess macrophage turnover after infection, we exposed mice to the Gram-negative 
bacterial cell wall component lipopolysaccharide (LPS) or subjected them to surgical puncture 
of the cecum. The number of F4/80hiCD11b+CD115+Lyve1+ resident arterial macrophages 
contracted immediately after LPS exposure or cecal puncture39 (Figure 8.5b and 
Supplementary figure 5a). Depletion of resident macrophages was associated with 
accumulation of neutrophils (Supplementary figure 5b), Ly6Chi monocytes (Figure 8.5b) 
and a distinct macrophage population identified as F4/80hiCD11b+CD115−Lyve1− (Figure 
8.5b,c and Supplementary figure 5c). By 1 week after LPS exposure, resident 
CD115+Lyve1+ macrophage numbers rebounded to levels observed during steady-state 
conditions (Figure 8.5b,c,e), whereas neutrophils, monocytes and CD115−Lyve1− macro-
phages were nearly absent (Figure 8.5b,c and Supplementary figure 5b). Arterial 
macrophage numbers rebounded in LPS-exposed Ccr2−/− mice as well (Figure 8.5b), 
indicating that local expansion rather than monocyte recruitment was the dominant mechanism 
of recovery. In agreement with this observation, LPS exposure in wild-type mice increased the 
number of aortic macrophages in S, G2 and M phases of the cell cycle compared to wild-type 
control mice (Figure 8.5f). In addition, we exposed parabiotic mice to LPS or subjected them 
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to cecal puncture. Partner chimerism was low among arterial resident CD115+Lyve1+ 
macrophages, yet chimerism of newly infiltrating CD115−Lyve1− macrophages was high, 
suggesting that monocytes were the immediate precursors of these cells (Figure 8.5c,d). 
Intravenous transfer of Ly6Chi monocytes into LPS-treated mice showed that Ly6Chi 
monocytes gave rise to CD115−Lyve1− macrophages but not CD115+Lyve1+ macrophages in 
the aorta (Figure 8.5g). Moreover, CD115−Lyve1− arterial macrophages showed a greater in 
vivo capacity to phagocytose bacteria than CD115+Lyve1+ arterial macrophages (Figure 
8.5h), indicating that functional differences exist between the two subsets of macrophages. 
To determine whether YS-derived arterial macrophages respond differently than bone 
marrow–derived arterial macrophages, adult E8.5-labeled Cx3cr1CreER; Rosa26Tomato mice 
were exposed to LPS or subjected to cecal puncture and assessed the proportions of E8.5-
labeled and unlabeled arterial macrophages during the macrophage recovery phase to 
determine whether one population was 'preferentially' expanded over the other. Neither LPS 
administration nor polymicrobial sepsis (cecal puncture) affected the percentage of 
F4/80hiCD11b+ macrophages that were tdTom+ (Figure 8.5i), suggesting equal self-renewal 
capabilities of the two subsets of arterial macrophages during infection. Microarray analysis of 
aortic macrophages during homeostasis and after recovery from sepsis showed that bacterial 
exposure had little effect on the transcriptional program of self-renewing macrophages 
(Figure 8.5j and Supplementary figure 5d). Of 10,391 genes analyzed, only 12 were 
differentially expressed (10 at higher and 2 at lower levels) in arterial macrophages from mice 
subjected to cecal puncture and steady-state control mice. In addition, in vitro, arterial 
macrophages could phagocytose bacteria before and after sepsis to the same extent 
(Supplementary figure 5e). Therefore, arterial macrophages return to functional homeostasis 







Figure 8.5. Arterial macrophages self-renew after exposure to bacteria. (a) Chimerism in 
blood CD45+ leukocytes and macrophages in the heart, lung (alveolar), aorta, liver (Kupffer 
cells) and brain (microglia) of bone marrow chimeras generated by reconstituting lethally 
irradiated CD45.2+ mice with CD45.1+ bone marrow cells (mean ± s.d. from one experiment 
with n = 3 mice). (b) Quantification of Ly6Chi monocytes, CD115+macrophages (resident), 
CD115− macrophages (bone marrow monocyte–derived) and resident macrophages in Ccr2−/− 
mice after exposure to LPS. Data were collected at multiple time points (mean ± s.d.; day 0 
n=8; 4h n=3; 12h n=3; 24h n=3; 72h n=4; 120h n=4; 336h n=3; 648h n=3). (c) Dot plots from 
CD45.1+ parabiont showing chimerism in CD115+Lyve1+ and CD115−Lyve1− macrophages. 
Gating in (left) shows CD115+Lyve1+ and CD115−Lyve1− subsets gated through F4/80+ 
CD11b+ macrophages. Percentages (right) indicate partner chimerism. Data show a represent-
tative CD45.1 partner. (d) Chimerism in blood monocytes and aortic macrophages 7 d after 
bacterial exposure in wild-type and UBC-GFP mice joined in parabiosis for 6 weeks and 
injected with lipopolysaccharide (LPS) or subjected to cecal puncture (mean ± s.d.; n = 4). 
Data are pooled from 2 pairs of parabionts. (e) CD68 staining in adventitia and intima of aorta 
7 d after exposure to LPS. Representative image from 1 of 4 mice examined. (f) Number of 
aortic macrophages in S and G2/M phases of the cell cycle 5 d after LPS administration. Data 
are from one experiment (mean ± s.d., n = 6). *P = 0.0026 (unpaired t-test). (g) Percentage of 
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GFP+ cells in CD115+ (resident) and CD115−(bone marrow monocyte–derived) macrophages 
in mice exposed to LPS and injected with flow-sorted Ly6Chi bone marrow monocytes at the 
indicated time points (mean ± s.d.; day 0 n = 8; 4 h n = 3; 12 h n = 3; 24 h n = 3; 72 h n = 4; 
240 h n = 4; 336 h n = 3). (h) In vivo capacity of CD115− and CD115+ macrophages to 
phagocytose pHrodo Escherichia coli BioParticles 12 h after exposure to LPS (mean ± 
s.e.m.; n = 5). Representative images from 1 of 5 mice analyzed in two independent 
experiments. (i) E8.5-induced CX3CR1-tdTomato expression in arterial macrophages 7 d after 
LPS administration or induction of sepsis by cecal puncture. Data are pooled from two 
independent experiments (mean ± s.e.m., control n = 5, LPS n = 5, sepsis n = 4 mice). (j) 
Gene-expression changes in aortic macrophages before and after sepsis. Of 10,391 genes 
analyzed, only 10 genes were upregulated (red) and 2 genes downregulated (blue) in 
macrophages from mice subjected to cecal puncture (n = 3 independently collected samples 





8. 4  Discusstion 
Here we identified the molecular signature of arterial macrophages, their 
developmental pathways and key mechanisms that ensure their homeostasis. We have shown 
that arterial macrophages are distinct among tissue-resident macrophages. Multiple fate-
mapping approaches demonstrated that arterial macrophages originate embryonically from 
CX3CR1+ precursors and postnatally from circulating monocytes immediately after birth. In 
adulthood, arterial macrophages were maintained by CX3CR1-CX3CL1 interactions and local 
proliferation rather than recruitment of circulating monocytes. Self-renewal also restored 
arterial macrophages to functional homeostasis after severe depletion induced by 
polymicrobial sepsis. 
The microarray database generated by the Immunological Genome Consortium 
provides a valuable resource for comparing gene-expression profiles of macrophages from 
different organs.14 Consistent with evidence demonstrating diversity among macrophage 
populations, our gene-expression and protein analyses revealed distinct patterns for arterial 
macrophages relative to other tissue macrophages. The data identified GO enrichment of 
transcripts with annotated functions that equip arterial macrophages for specialized local 
functions, supporting the concept that meaningful assessment of macrophage function requires 
careful consideration of the tissue context in which they reside. 
Tissue macrophages arise from two distinct developmental programs: early YS-derived 
EMPs that give rise to macrophages without monocyte intermediates and fetal monocytes that 
derive from late c-Myb+ EMPs generated in the YS.10, 11 These pathways contribute to 
macrophage development in several tissues, including the brain, skin, heart, liver and lung.5, 8, 
13, 23, 40, 41 Consistent with these findings, F4/80hiCD11blo arterial macrophages and 
F4/80loCD11bhi fetal monocytes were readily identified in aortas of embryonic (E16.5) 
mice. Cx3cr1-, Csf1r- and Flt3-driven fate-mapping approaches indicated that arterial 
macrophages were derived from early YS EMPs as well as fetal monocytes. Our data also 
indicated that arterial macrophage colonization associates with a period bone marrow–derived 
monocyte recruitment shortly after birth. Development of the arterial macrophage pool, 
therefore, is unique. The maintenance of intestinal macrophages also depends on circulating 
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monocytes, but renewal is constant and continues throughout adult life.28 In arteries, the period 
of postnatal monocyte influx was brief, corresponding with transient expression of 
chemokines and cell adhesion molecules implicated in monocyte recruitment. Although adult 
arteries contained sizeable populations of both YS and bone marrow–derived macrophages, 
the relative contribution of the two subsets of macrophages to vessel homeostasis remains 
unknown. 
In many tissues, resident macrophages lose expression of CX3CR1 during 
development.13 In addition to retaining macrophage expression of the chemokine receptor in 
adulthood, CX3CL1 blockade and examination of Cx3cr1−/− mice indicated that CX3CR1-
CX3CL1 interactions determine the survival of arterial macrophages, possibly through Fas-
Fas ligand interactions. CX3CR1-CX3CL1 similarly promotes survival of macrophages in the 
brain42, kidney43, solid tumors44 and circulating Ly6Clo blood monocytes45. Visualization of 
the arterial macrophage niche using Cx3cl1cherry reporter mice further showed that 
CD31+ endothelial cells and PDGFRα+ mesenchymal cells produced CX3CL1 locally in the 
artery; however, the relative contribution of these CX3CL1 producers to macrophage survival 
is not known. The data also suggested the dependence of macrophage survival in the arterial 
wall on signaling pathways other than CX3CR1, as not all arterial macrophages express the 
receptor and Cx3cr1−/− mice contain a moderate population of aortic macrophages. M-CSF 
deficiency was similarly associated with fewer arterial macrophages, although it remains to be 
determined whether M-CSF regulates macrophage differentiation, survival and/or 
proliferation. 
Mathematical modeling of loss of arterial macrophages in H2B-GFP mice predicted 
near complete replacement of the macrophage population within ∼1 year. Arterial macrophage 
turnover, therefore, is dynamic. Analysis of parabionts, CCR2−/− mice and pulse-labeled 
adult Cx3cr1CreER; Rosa26Tomato mice indicated that local proliferation rather than monocyte 
recruitment drives arterial macrophage renewal in the steady state and during polymicrobial 
sepsis. This result contrasts with a report on macrophage maintenance in the heart, where bone 
marrow–derived cells replace macrophages progressively with age.9 The data further showed 
that the arterial macrophage response to bacteria is many-sided. Infection led first to the 
recruitment of Ly6Chimonocytes and their differentiation into CD115−Lyve1− macrophages 
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that functioned to phagocytose bacteria. This was followed by the self-renewal and re-
establishment of functional homeostasis of CD115+Lyve1+ resident macrophages. The 
diversity of origins (successive contributions of YS, fetal liver and conventional 
hematopoiesis) of arterial macrophages highlights the importance of tissue-specific extrinsic 
factors, including CX3CR1-CX3CL1 interactions, in maintaining their abundance. Of note, 
macrophage proliferation also amplifies arterial pathology, as has been observed in 
atherosclerosis.33 Therefore, future design of therapeutic strategies that target arterial 
macrophages will require not only elucidation of the mechanisms that maintain them, but their 
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9. 1  Abstract 
Endocrine functions of the heart have been well established. We investigated the 
hypothesis that cardiac secretion of a unique phospholipase A2 recently identified by our 
laboratory (cardiac secreted phospholipase A2 [sPLA2]) establishes a heart–liver endocrine 
axis that is negatively regulated by matrix metalloproteinase-2 (MMP-2). In Mmp2−/− mice, 
cardiac (but not hepatic) sPLA2 was elevated, leading to hepatic inflammation, immune cell 
infiltration, dysregulation of the sterol regulatory element binding protein-2 and liver X 
receptor-α pathways, abnormal transcriptional responses to dietary cholesterol, and elevated 
triglycerides in very low-density lipoprotein and in the liver. Expression of monocyte 
chemoattractant protein-3, a known MMP-2 substrate, was elevated at both mRNA and 
protein levels in the heart. Functional studies including in vivo antibody neutralization 
identified cardiac monocyte chemoattractant protein 3 as a possible agonist of cardiac sPLA2 
secretion. Conversely, systemic sPLA2 inhibition almost fully normalized the cardiohepatic 
phenotype without affecting monocyte chemoattractant protein-3. Finally, wild-type mice 
that received high-performance liquid chromatography–isolated cardiac sPLA2from Mmp2−/− 
donors developed a cardiohepatic gene expression profile similar to that of Mmp2−/− mice. 
These findings identified the novel MMP-2/cardiac sPLA2pathway that endows the heart with 
important endocrine functions, including regulation of inflammation and lipid metabolism in 
the liver. Our findings could also help explain how MMP2 deficiency leads to cardiac 





9. 2  Introduction 
Matrix metalloproteinase-2 (MMP-2), sometimes referred to as gelatinase A or 
72 kDa collagenase, is a member of a family comprising 25 different Zn-dependent endo-
proteases. A spectrum of cellular processes covering cellular proliferation, angiogenesis, and 
inflammation is modulated through MMP-2–dependent cleavage and regulation of extra-
cellular matrix components, cell membrane receptors, latent growth factors, and cytokines.1 
Among the cytokines targeted by MMP-2 is monocyte chemoattractant protein-3 
(MCP-3 encoded by Ccl7).2, 3 MCP-3 is a CC-motif (N-terminus has 2 consecutive 
conserved cysteine residues) chemokine that is 76 amino acids long. Binding of the 
hemopexin domain of MMP-2 to MCP-3 facilitates cleavage of MCP-3 at a 
glycine/isoleucine bond. The resultant MCP-3 peptide serves as a general antagonist of CC-
chemokine receptors that inhibits inflammation signaling by intact MCP-3 and other 
chemokine receptor ligands.2 
MCP-3 is also reported to be a physiological substrate of MMP-2 in arthritis.2 
Interestingly, humans with genetic loss of MMP-2 activity suffer from crippling arthritis4, 5, 6 
and a spectrum of cardiovascular problems including congenital cardiac malformations, 
transposition of the great arteries, mitral valve prolapse, bicuspid aortic valve, and atrial and 
ventricular septal defects.4, 7 The molecular mechanisms underlying these pathologies are 
unknown, leaving clinicians without effective treatments.4 In addition to inflammatory 
diseases, obesity has been linked to single-nucleotide polymorphisms in the human MMP2 
gene8 and MMP2 gene promoter.9 Genetic loss of MMP-2 (Mmp2−/−) in mice results in an 
arthritis-like phenotype associated with skeletal, bone, and craniofacial defects.5 In addition, 
Mmp2−/− mice resist diet-induced obesity during development10, 11, exhibit cardiac 
inflammation at baseline12, and are predisposed to hypertensive heart disease due to abnormal 
regulation of the sterol regulatory binding protein 2 (SREBP-2) pathway in the heart.13 
The evident coexistence of inflammation and metabolic dysregulation with MMP-2 
deficiency is of potential clinical significance but is very poorly understood. In this study, we 
report that the hepatic metabolic phenotype in Mmp2−/− mice can be largely explained by a 
novel heart–liver axis involving myocardial secretion of a unique phospholipase A2 (PLA2), 
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which we coined cardiac secreted PLA2 (sPLA2).12 Our findings identify a novel functional 





9. 3  Results 
 
9. 3. 1  Loss of MMP-2 Affects Systemic Metabolism 
Compared with age-matched WT mice, male Mmp2−/− mice aged 10 to 14 weeks 
exhibited normal food intake and reduced locomotor activity that were associated with 










Figure 9.1. Systemic metabolic abnormalities of 
matrix metalloproteinase 2–deficient mice. (A) 
Heat/energy expenditure (normalized to body weight). 
(B and C) Locomotor activity. (D) Body weight. E, 
Total food consumption. n=11 Mmp2−/− mice, n=5 
WT mice. *P≤0.05 vs WT. The studies were 
conducted in metabolic cages. WT indicates wild type. 
 
 
Loss of MMP-2 was associated with changes in hepatic and plasma lipids: Fasted 
Mmp2−/− mice had elevated triglycerides in the liver (Figure 9.2A and 9.2B) and very low-
density lipoprotein (Figure 9.2C, top) and decreased cholesterol in high-density lipoprotein 





Figure 9.2. Matrix metallopro-
teinase 2 deficiency is associated 
with ab-normalities in lipid storage 
and transport. (A) Oil Red O stain 
of neutral lipid species from frozen 
liver sections of fasted mice. Scale 
bar=30 µm. (B) Fasting levels of 
hepatic lipids in Mmp2−/− vs WT 
mice as assessed by high performance 
liquid chromatography with in-line 
evaporative light scattering detection. 
n=3 per genotype. *P<0.05 vs WT. 
(C) Fasted TG and cholesterol levels 
in lipoparticle fractions of plasma 
separated by fast-performance liquid 
chromatography (left). Traces corres-
pond to pools of plasma from 
Mmp2−/− and WT. (D) Hepatic TGs 
were elevated in nonfasting mice. 
Gavage treatment with vehicle or 
pan–secreted phospholipase A2 
inhibitor varespladib; normalized 
hepatic TG levels in nonfasting 
Mmp2−/− mice. n=4 individual mice 
per genotype per group (or treatment). 
*P≤0.05 vs WT. †P≤0.05 vs 
Mmp2−/− administered vehicle. CE 
indicates cholesteryl esters; FA, free 
fatty acids; FC, free cholesterol; HDL, high-density lipoprotein; mAU, milliabsorbance units; 
LDL, low-density lipoprotein; PC, phosphatidyl choline; PE, phosphatidyl ethanolamine; PI, 
phosphatidyl inositol; PS, phosphatidyl serine; SM, sphingomyelin; TG, triglyceride; VLDL, 
very low-density lipoprotein; WT, wild type. 
 
The qRT-PCR analysis revealed Nr1h3 (encoding LXR-α) to be the most down-
regulated gene in the liver of Mmp2−/− mice (Figure 9.3A). Reduced LXR-α protein was 
confirmed by western blotting (Figure 9.3B). Consistent with LXR-α promotion of the 
transcription of genes involved in fatty acid synthesis14, mRNA expression of hepatic Fasn 
(encoding fatty acid synthase) was repressed in Mmp2−/− mice (Figure 9.3A). Likewise, 
expression of another LXR-α target, lysophosphatidylcholine acyltransferase 3 (LPCAT3, 
encoded by Lpcat3), was downregulated (Figure 9.3A). LPCAT3 catalyzes the attachment of 
polyunsaturated fatty acids to membrane phospholipids.15, 16 Downregulation of LXR-α 
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and Lpcat3 (one of its target genes) suggested a potential link between the metabolic 
phenotype of MMP-2 deficiency and hepatic membrane phospholipid remodeling, a process 
potentially associated with inflammation signaling in MMP-2–deficient mice12 and that was 
investigated in the experiments described below. 
The hepatic gene expression phenotype in Mmp2−/− mice was complex, with some 
LXR-α target genes being significantly upregulated, for example, cholesterol 7α-hydroxylase 
(the rate-limiting enzyme in the classical bile acid biosynthesis pathway, encoded by Cyp7a1) 
and ATP-binding cassette G5 and G8 (2 cholesterol transporters, encoded by Abcg5 and 
Abcg8) (Figure 9.3C). 
Moreover, we detected increased hepatic expression of the transcription factor 
SREBP-2 (encoded by Srebf2) and many of its target genes including Hmgcr, Ldlr, and Pcsk9 
in Mmp2−/−mice (Figure 9.3C). Hmgcr encodes 3-hydroxy-3-methylglutaryl-coenzyme A 
reductase, the rate-limiting enzyme in the cholesterol and isoprenoid synthesis pathways. Ldlr 
encodes the low-density lipoprotein receptor, which is involved in clearance of low-density 
lipoprotein from circulation. Pcsk9 encodes proprotein convertase subtilisin/kexin type 9, a 
protein that binds and negatively regulates hepatic low-density lipoprotein receptor protein 
levels.17 The upregulation of SREBP-2 protein and its proteolytically processed 
transcriptionally active form (nuclear SREBP-2) was confirmed by western blotting (Figure 
9.3D) and was restricted to cardiac and hepatic tissues (Figure S1). LXR-α and SREBP-2 
expression profiles were similar in Mmp2−/− and haploinsufficient (Mmp2+/−) mice (Figure 
9.3E, left panel). Furthermore, male and female Mmp2−/− mice exhibited similar gene 
expression profiles, demonstrating lack of sexual dimorphism in the regulation of LXR-α or 
SREBP-2 by MMP-2 (Figure 9.3E, right panel). Loss of MMP-2 (or MMP-7 or MMP-9, 
as determined in studies with Mmp7−/− and Mmp9−/− mice) (Figure S2) had only a limited 
impact on carbohydrate and nitrogen metabolism and bile acid production. Of note, insulin 
resistance was evident in the stress phase of the insulin-tolerance test, which is driven by 
adrenocorticotropic hormone–mediated signals such as cortisol release from the adrenals.18 





Figure 9.3. Lipid metabolic gene expression profile analysis of the hepatic phenotype 
of MMP-2–deficient mice. (A) qRT-PCR analysis identified several downregulated 
metabolic genes in Mmp2−/− mice. These results are representative of 4 mice per genotype. 
The data for the LXR-α (encoded by Nr1h3) pathway genes were confirmed in multiple 
studies and different batches of WT and Mmp2−/− mice. (B) Western blot confirming reduced 
hepatic LXR-α protein in Mmp2−/−mice. Pool of 4 per genotype. (C) qRT-PCR analysis 
identified several upregulated metabolic genes in Mmp2−/−mice. These results are 
representative of 4 mice per genotype. The data for the SREBP-2 (encoded by Srebf2) 
pathway genes were confirmed in multiple studies and different batches of WT and Mmp2−/− 
mice. (D) Western blot confirming elevated hepatic SREBP-2 protein in Mmp2−/−mice. Pool 
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of 4 per genotype. (E) The major lipid metabolic gene expression abnormalities of MMP-2 
deficiency are present in both sexes and in haploinsufficient mice. (Left) Male mice with both 
copies (Mmp2+/+), lacking 1 copy (Mmp2+/−), or lacking both copies (Mmp2−/−) of Mmp2. n=4 
for Mmp2+/+ and n=4 for Mmp2−/−, n=3 for Mmp2+/−. *P≤0.05 vs WT. †P≤0.05 vs Mmp2+/−. 
(Right) Female mice. n=5. *P≤0.05 vs WT. LXR-α indicates liver X receptor α; MMP-2, 
matrix metalloproteinase 2; ND, not detected; qRT-PCR, quantitative reverse transcription–
polymerase chain reaction; SREBP-2, sterol regulatory binding protein 2; WT, wild type. 
 
9. 3. 2  MMP-2 Modulates Transcriptional Responses to Dietary  
   Cholesterol 
To investigate the contribution of MMP-2 to hepatic transcriptional responses to 
metabolic cues, we subjected mice to dietary cholesterol supplementation. Dietary cholesterol 
inhibits the SREBP-2 pathway to decrease hepatic synthesis and uptake of cholesterol; at the 
same time, oxysterols activate LXR-α signaling to increase the clearance of hepatic 
cholesterol.19, 20 Consistently, WT mice fed chow supplemented with 0.15% cholesterol 
exhibited decreased hepatic expression of Srebf2and Hmgcr along with a powerful induction 
of Cyp7a1 and Cyp27a, 2 rate-limiting enzymes in the bile acid synthesis pathways. In 
contrast, in Mmp2−/− mice, the same genes (ie, Srebf2, Hmgcr, Cyp7a1, and Cyp27a) showed 
blunted transcriptional responses reminiscent of a hepatic insensitivity to dietary cholesterol, 
whereas other genes such as Srebf1 and Fasn, were clearly uncoupled in their responses 
(Figure 9.4). These data identified MMP-2 as a modulator of hepatic transcriptional 
responses to dietary cholesterol. 
 
Figure 9.4. Time course of hepatic 
transcriptional responses to dietary 
cholesterol supplementation. Mice were fed 
either chow or chow supplemented with 0.15% 
cholesterol for up to 1 week. Gene expression 
analysis was conducted at 0, 2.5, and 7 days. 
Analysis involved a total of 12 Mmp2−/− mice 
and 12 WT mice (n=4 mice per time point). 
*P<0.05 vs WT. †P<0.05 vs 0 days on 




9. 3. 3  A Heart–Liver Axis Mediated by Cardiac sPLA2 and Negatively  
   Regulated by MMP-2 
 
9. 3. 3. 1  Cardiac sPLA2 localizes to cardiomyocytes 
Recently, we reported an MMP-2/cardiac sPLA2 mechanism that modulates blood 
pressure homeostasis, cardiac inflammation, and lipopolysaccharide-induced fever.12 We 
confirmed the heart as a major source of systemic sPLA2 activity in Mmp2−/− mice (Figure 
9.5A). We also detected elevated sPLA2 activity in the aorta but not in skeletal muscle or the 
liver (Figure 9.5A). Ex vivo release of sPLA2 activity was evident from the heart but not from 
the liver (Figure 9.5A and inset). Cardiac sPLA2 activity was significantly elevated 
in Mmp2−/− mice (versus WT) whether the substrate was diheptanoyl thio-phosphatidyl 
choline or [3H]-oleic acid–radiolabeled E coli membranes. Analysis of plasma sPLA2 activity 
with the highly sensitive E coli membrane assay indicated a 1000-fold elevation 
in Mmp2−/− mice (Figure 9.5A inset, Figure S3). Cardiac sPLA2 activity was evenly 
distributed across left and right cardiac atria and ventricles (Figure 9.5B). Cardiomyocytes 
isolated from Mmp2−/− whole hearts displayed significantly elevated intracellular 
sPLA2 activity (Figure 9.5C). Culture of Mmp2−/− cardiomyocytes with recombinant human 
MMP-2 at 40 nmol/L, a concentration that approximates that of plasma MMP-2, reduced 
sPLA2 activity (Figure 9.5C, left panel). Brefeldin A (1 µmol/L), an inhibitor of the classical 
secretory pathway at the level of the endoplasmic reticulum to Golgi transition, blunted 






Figure 9.5. Tissue profiling and intracardiac localization of sPLA2. (A) The heart is the 
predominant source of sPLA2activity in Mmp2−/− mice. The sPLA2 activity (pools of 4 mice 
per genotype) was analyzed in duplicate. *P≤0.05 vs WT (statistical unit was the duplicate). 
(Inset) Ex vivo release of sPLA2 activity was elevated for specimens of left ventricle, but not 
liver, from Mmp2−/− mice. Ex vivo release results are representative of 3 determinations 
conducted on different days with different mice.*P≤0.05 vs WT. (B) Intracardiac distribution 
of sPLA2 activity in Mmp2−/− mice. Frozen heart sections (≈1 mm thick) were divided into 
pieces with approximately equal surface area (≈1 mm2), homogenized, and individually 
assessed for sPLA2 activity. Diagrams present mean values of sPLA2 activity normalized to 
protein content in each piece of tissue. n=3 mice per genotype. (C) Cardiac sPLA2 localizes to 
cardiomyocytes. Isolated Mmp2−/− cardiomyocytes grown on 6-well plates in MMP-free 
media had significantly elevated intracellular sPLA2 activity that was blunted by 
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extracellular MMP-2 and brefeldin A. Intracellular sPLA2 activity pooled from 3 individual 
wells (≈105 cells per well) and analyzed in duplicate per genotype. *P≤0.05 vs WT untreated 
(−). †P≤0.05 vs Mmp2−/− untreated (−). No activity was detected in conditioned media. Results 
are representative of 3 independent preparations of cardiomyocytes. (D) (Top) PLA2 activity 
inhibitor profiling indicates that cardiac sPLA2is present in plasma. Pools of 4 WT and 
5 Mmp2−/− were analyzed in duplicate. (Bottom) Varespladib inhibition clearly differentiated 
between sPLA2 from Mmp2−/− heart homogenates and human (rh)PLA2G5. Comparison of the 
enzyme obtained in 2 independent heart homogenizations corresponding to 8 different 
Mmp2−/− mice. AACOCF3 indicates Arachidonyl trifluoromethyl ketone; ACA, N-(p-
amylcinnamoyl) anthranilic acid; BEL, bromoenol lactone; cPLA2, cytosolic phospholipase A2; 
DTT, dithiothreitol; iPLA2, calcium-independent phospholipase A2; L, left; MMP-2, matrix 
metalloproteinase-2; R, right; rh, recombinant human; SH, sulfhydryl; sPLA2, secreted 




9. 3. 3. 2  Cardiac sPLA2, an elusive unique enzyme, circulates in plasma 
We reported previously that cardiac and plasma sPLA2 had similar molecular weights 
(≈18–20 kDa), had similar apparent Michaelis–Menten constants for diheptanoyl thio-
phosphatidyl choline of ≈235 µmol/L, required calcium for activity, and were not cleaved or 
inactivated by incubation with MMP-2.12 Cardiac and plasma sPLA2 had strikingly similar 
activity profiles against a panel of inhibitors indicative that the cardiac enzyme is present in 
the circulation (Figure 9.5D, top panel). The pan-sPLA2 blocker varespladib21 decreased 
cardiac sPLA2 activity with a half maximal inhibitory concentration of 10 µmol/L, similar to 
what we reported for indoxam (≈2 µmol/L)12 and different from PLA2G5 (Figure 9.5D, 
bottom panel). Using a time-resolved fluorescence immunoassay with highly specific 
antibodies against various mouse sPLA2 isoforms, we excluded PLA2G1B, PLA2G2A/2D 
/2E/2F, PLA2G5, and PLA2G10 as major components of either cardiac or plasma sPLA2 in 
Mmp2−/− mice (Figure S4). 
 
9. 3. 3. 3  Systemic sPLA2 activity contributes to the hepatic inflammatory and  
      lipid metabolic phenotype of MMP-2 deficiency. 
Treatment of Mmp2−/− mice with the pan-sPLA2 inhibitor varespladib (10 mg/kg per 
day) reduced sPLA2 activity time dependently to baseline (ie, WT) levels in the heart (Figure 
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9.6A, left) and in plasma (Figure 9.6A, right). Furthermore, varespladib normalized 
numerous lipid metabolic genes (in particular, Nr1h3[encodes LXR-α] and Srebf2 [encodes 
SREBP-2]) and proinflammatory markers in the liver (Figure 9.6B) and the heart (Figure 
9.6C) as well as immune cell infiltration in the liver of Mmp2−/− mice (Figure 9.7). Similarly, 
varespladib lowered prostaglandin E2 levels in the heart and liver (Figure S5) and normalized 








Figure 9.6. High systemic sPLA2 
activity sustains the inflammatory and 
lipid metabolic gene expression 
phenotype of matrix metallo-
proteinase 2–deficient mice. (A) 
Cardiac and plasma sPLA2 activity in 
Mmp2−/− mice administered the pan-
sPLA2 inhibitor varespladib (10 mg/kg 
per day). (B) Hepatic expression of 
inflammatory and lipid metabolic genes 
in mice administered varespladib 
(10 mg/kg per day). (C) Cardiac 
expression of inflammatory and lipid 
metabolic genes in administered 
varespladib (10 mg/kg per day). 
Analysis of 12 mice per genotype (n=4 
per time point). *P≤0.05 vs WT (time 0 
days). †P≤0.05 vs Mmp2−/− (time 0 days). 
sPLA2 indicates secreted phospholipase 








Figure 9.7. Hepatic immune cell infiltration in matrix metalloproteinase 2–deficient mice 
depends on high systemic sPLA2 activity. (A) Gating strategy for infiltrating immune cells 
(CD45+), hepatic macrophages (CD64+F4/80+), dendritic cells (CD11c+MHC II+), monocytes 
(CD206LowCD11b+), T cells (CD3+), B cells (B220+), and natural killer cells (NK1.1+). (B) 
Hepatic immune cell infiltration in Mmp2−/− mice administered the pan-sPLA2inhibitor 
varespladib (10 mg/kg per day, gavage, for 5 days). Collagenase-treated and liberated cells 
were surface-stained for indicated markers (A) and quantitated. n=3 WT and n=5 Mmp2−/−. 
*P≤0.05 vs WT untreated. †P≤0.05 vs Mmp2−/− untreated. MHC II, major histocompatibility 
complex II; sPLA2, secreted phospholipase A2; SSC, Side-scattered light (a magnitude 




9. 3. 3. 4  Adaptive transfer of cardiac sPLA2 evokes the cardiohepatic phenotype  
      of MMP-2–deficient mice. 
When HPLC-isolated cardiac sPLA2 from Mmp2−/− donors was injected into WT mice 
(fractions F6 and F7), the recipient WT mice displayed highly elevated plasma and cardiac 
sPLA2activity (Figure 9.8). Moreover, the cardiohepatic gene expression profile of WT mice 
that received HPLC-isolated cardiac sPLA2from Mmp2−/− donors was strikingly similar to 
that of Mmp2−/−mice. The phenotypic changes evoked by cardiac sPLA2 from Mmp2−/− donors 
were blunted in mice that also received the pan-sPLA2 inhibitor varespladib (Figure 9.9). 
 
 
Figure 9.8. HPLC isolation of biologically active cardiac sPLA2. (A) Strategy for isolation 
of biologically active cardiac sPLA2 for in vivo studies. Hearts from 5 Mmp2−/− or WTmice 
were pooled to obtain sufficient cardiac sPLA2 for in vivo characterization. (B) Representative 
centrifugal fractionation. Note that the 100 000g supernatant fraction is rich in active cardiac 
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sPLA2, and WT hearts express negligible cardiac sPLA2 activity, as opposed to Mmp2−/−hearts. 
(C) Representative HPLC isolation of active cardiac sPLA2 and Coomassie blue–stained 16% 
T, 3% C Tricine–SDS-PAGE gels of 100 000g supernatant before and after size-exclusion 
fractionation. (D) Phenotypes induced by HPLC fractions F6 and F7 from Mmp2−/− donors vs 
WTdonors in recipient WT mice. Injection of HPLC fractions F6 and F7 from Mmp2−/− 
donors (but not from WT donors) evoked high sPLA2 activity in both plasma and the heart 
of WT recipient mice after 5 consecutive injection-days. For comparison, we show the levels 
of activity in intact Mmp2−/− mice. WT plus vehicle: Mice received 100 µL of HPLCmobile 
phase (vehicle) consistent with sterile PBS, 10 mmol/L CaCl2. WT plus fractions F6 and F7: 
Mice received HPLC fractions F6 and F7 from WT donors and from Mmp2−/− donors. 
*P≤0.05 vs WT. n=4 mice per treatment. AU indicates arbitrary units; HPLC, high-
performance liquid chromatography; sPLA2, secreted phospholipase A2; WT, wild type. 
 
No phenotypic transformation was evident in mice that received the HPLC fractions F6 
and F7 from WT donors, which, despite originating from the same amount (500 mg) 
of cardiac tissue, contained negligible sPLA2 activity (Figure S6). 
These results clearly show that circulating cardiac sPLA2 is a biological mediator and 
determinant of the cardiohepatic phenotype of MMP-2–deficient mice. Taken together with 
the potent in vivo effects of varespladib on sPLA2 activity (Figure 9.6), the upregulation of 
both plasma and cardiac sPLA2 in WT mice administered HPLC-isolated cardiac 
sPLA2 from Mmp2−/−donors is consistent with the autocrine feed-forward loop proposed 
previously for sPLA2.12, 22  
 
9. 3. 3. 5  Evidence in support of MCP-3 as an agonist of cardiac sPLA2. 
The data to date indicate that cardiac sPLA2 is a unique enzyme produced and released 
by cardiomyocytes into plasma, where it circulates and affects liver function. Furthermore, 
cardiac sPLA2intracellular activation is inhibited by extracellular MMP-2, likely by blocking 
an agonist. 
To identify possible triggers of cardiac sPLA2 activity, we first examined the impact of 
feeding and fasting. Neither fasting nor fasting and refeeding with a high-carbohydrate diet 
(Figure S7) or dietary supplementation with polyunsaturated fatty acids (data not shown) or 




Figure 9.9. Cardiac sPLA2 is a biological mediator and determinant of the cardiohepatic 
phenotype of matrix metalloproteinase 2–deficient mice. (A) The increase in plasma sPLA2 
evoked by high-performance liquid chromatography–isolated cardiac sPLA2 from Mmp2−/− 
donors was prevented by coadministering varesladib (10 mg/kg per day). (B and C) Increased 
plasma sPLA2 was associated with a cardiohepatic gene expression profile very similar to that 
of Mmp2−/− mice. These changes were prevented by coadministering varespladib. n=4 mice 
per group. *P≤0.05 vs WT. †P≤0.05 vs WT+F6/F7 (donor: Mmp2−/−). sPLA2 indicates 





Second, we examined the influence of circadian rhythm on cardiac sPLA2 activity. We 
observed small increases in the mRNA levels for conventional sPLA2 isoforms in Mmp2−/− 
mice euthanized at night but no differences in cardiac sPLA2 activity at night (9:30 pm±0.5 
hour) versus day (11:30 am±0.5 hour) (Figure S8). 
Third, we examined whether MCP-3 (a proinflammatory CC-chemokine bound, 
cleaved, and inactivated by MMP-22) had the potential to induce cardiac sPLA2 activation or 
secretion. 
Although Ccl7 mRNA (encodes MCP-3) was elevated at baseline in both Mmp2−/− 
liver and heart (Figure 9.6B and 9.6C), MCP-3 protein levels were significantly elevated 
only in the heart, not in the liver or plasma, of Mmp2−/− mice (Figure 9.10). The reason for the 
cardiac-specific overexpression of MCP-3 was not investigated further. 
 
Figure 9.10. Cardiac MCP-3 expression is 
upregulated in Mmp2−/− mice and unrelated 
to systemic secreted phospholipase A2 
activity. (A) MCP-3 protein levels in the heart, 
plasma, and liver of mice administered nMCP-
3 Ab or isotype-matched IgG1 (0.6 mg/kg per 
day). Results are representative of 19 to 20 
mice per genotype (n=3 to 4 mice per time 
point). *P≤0.05 vs WT at day 0. †P≤0.05 vs 
Mmp2−/− plus IgG1 at day 5. Note that the data 
presented for day 2.5 refer to pools of 3 to 4 
mice for which MCP-3 levels were measured 
in duplicate; for simplicity, no statistical 
analysis is indicated at day 2.5. (B) MCP-3 
protein levels in the heart, plasma, and liver of 
mice administered varespladib (10 mg/kg per 
day). Results are representative of 12 to 13 
mice per genotype (3 to 5 mice per time point 
were pooled and MCP-3 levels were measured 
in duplicate). *P≤0.05 vs WT at day 0. †P≤0.05 
vs Mmp2−/− at day 5. MCP-3 indicates 
monocyte chemoattractant protein 3; nMCP-3 Ab, neutralizing MCP-3 monoclonal antibody; 





To assess the in vivo significance of MCP-3 for cardiac sPLA2activity, we injected 
mice with either neutralizing MCP-3 monoclonal antibody or isotype-matched IgG1 at a dose 
(0.6 mg/kg per day, intraperitoneally) validated in a previous study.3 Neutralizing MCP-3 
antibody (but not control IgG1) treatment normalized cardiac MCP-3 protein levels 
in Mmp2−/−mice (Figure 9.10). Ex vivo incubation during 3 hours with MCP-3 (200 nmol/L) 
enhanced the release of sPLA2 activity by 87% from WT heart and 39% from Mmp2−/− heart; 
however, sPLA2 release from liver was unchanged regardless of genotype (Figure 9.11). Most 
important, neutralizing MCP-3 antibody (but not IgG1) fully normalized cardiac and plasma 
sPLA2 activity in Mmp2−/− mice (Figure 9.12A). Neutralizing MCP-3 antibody partially 
restored gene expression of Mmp2−/− mice including LXR-α, SREBP-2, and inflammatory 
markers in the heart (Figure 9.12B) and liver (Figure 9.12C). In contrast to neutralizing 
MCP-3 antibody, systemic sPLA2 inhibition with varespladib did not normalize MCP-3 
protein expression in the heart of Mmp2−/− mice (Figure 9.10). These results identified cardiac 
MCP-3 as a possible agonist acting upstream of cardiac sPLA2; however, the possibility that 
other cytokines or mechanisms contribute to cardiac sPLA2 activation or release warrants 
further research. 
 
Figure 9.11. MCP-3 enhances 
sPLA2 activity release from 
myocardium. MCP-3 enhanced 
the ex vivo release 
of sPLA2 activity from heart but 
not liver. Freshly dissected 
specimens of the indicated 
organs (≈2 mm3) were subjected 
to the ex vivo release bioassay 
described previously12 in the 
presence or absence of MCP-3 
(200 nmol/L). n=3 mice. Arrows 
indicate when MCP-3 
or PBS (vehicle) was added. 
*P≤0.05 vs time 0 hours. 
†P≤0.05 vs vehicle (passive ex vivo release). MCP-3 indicates monocyte chemoattractant 





Figure 9.12. MCP-3 affects the cardiohepatic phenotype of Mmp2−/− mice mimicking 
effects of sPLA2. (A) Cardiac and plasma sPLA2 activity levels in mice administered nMCP-
3 Ab or isotype-matched IgG1 (0.6 mg/kg per day). (B) Cardiac gene expression in mice 
administered nMCP-3 Ab or IgG1 (0.6 mg/kg per day). (C) Hepatic gene expression in mice 
administered nMCP-3 Ab or IgG1 (0.6 mg/kg per day). Analysis of 9 to 12 mice per genotype 
(n=3 to 4 per time point). *P≤0.05 vs WT (time 0 days). †P≤0.05 vs Mmp2−/−(time 0 days). 
AU indicates arbitrary units; MCP-3, monocyte chemoattractant protein 3; nMCP-3 Ab, 





9. 4  Discussion 
Our study identified a novel endocrine function of the heart: the production and 
secretion of a unique PLA2 by cardiomyocytes. Secretion of cardiac sPLA2 into the plasma 
enables a previously unknown heart–liver axis that is activated, at least in part, by the 
proinflammatory CC-chemokine MCP-3 and negatively regulated by extracellular MMP-2, 
which cleaves MCP-3.2 This heart–liver endocrine axis profoundly influences the 
inflammatory and lipid metabolic gene expression characteristics of the liver, effectively 
increasing the levels of hepatic and very low-density lipoprotein triglycerides. Because the 
heart is a major user of very low-density lipoprotein triglycerides, the MMP-2/cardiac 
sPLA2system may enable the heart to signal the liver to satisfy the energy needs (Figure 
9.13). Our findings identify cardiac sPLA2 as a key biological mediator of the cardiohepatic 
phenotype associated with MMP-2 deficiency in mice. These findings could also help explain 




Figure 9.13. Proposed model for a novel heart–liver axis mediated by cardiac sPLA2. Key 
elements of the proposed model are the heart (source and autocrine/paracrine target of cardiac 
sPLA2), MCP-3 (agonist of cardiac sPLA2), MMP-2 (endogenous inhibitor), cardiac sPLA2 
(signaling molecule), and liver (a noncardiac target of cardiac sPLA2). We propose that, under 
physiological conditions, MMP-2 activity maintains low levels of certain chemokines, such 
as MCP-3, by proteolysis.2, 3 MMP-2 deficiency (due to functional blockade or genetic 
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deletion) and MCP-3 may trigger cardiac sPLA2 release from the heart. Cardiac sPLA2 
circulates in the plasma, reaching distant target organs (eg, liver) and affecting the 
inflammatory and lipid metabolic phenotype of these organs. The MMP-2/cardiac sPLA2 
system may serve multiple purposes including signaling to the liver to provide the heart with 
TGs and maintaining systemic blood pressure homeostasis. LXR-α indicates liver X receptor-
α; MCP-3 indicates monocyte chemoattractant protein 3; MMP-2, matrix metalloproteinase 2; 
sPLA2, secreted phospholipase A2; SREBP-2, sterol regulatory binding protein 2; TG, 
triglyceride; VLDL, very low-density lipoprotein. 
 
The endocrine function of the heart was first suggested in the days of the discovery of 
the circulatory system by William Harvey in the 17th century.24 The concept has since evolved 
through the work of many. In 1921, Loewi discovered the release of acetylcholine from 
cardiac sympathetic nerves. Investigations conducted between 1971 and 1983 by de Bold's 
team revealed the secretion of cardiac natriuretic peptides from granules present in the atria 
(but absent in ventricles).25 In addition to natriuresis, cardiac natriuretic peptides mediate 
vasodilation in the failing heart,25 increase glucogenesis in the liver26, regulate lipolysis in 
adipocytes27, and promote thermogenesis and energy expenditure.28 The heart is also source, 
albeit not exclusively, of other polypeptide hormones, including adrenomedullin and 
endothelins, which—acting in autocrine, paracrine, and endocrine fashion—provide additional 
cardiovascular and metabolic regulatory mechanisms.25 Likewise, the heart may regulate white 
adipose tissue and liver function through as-yet-unidentified factors produced and released 
downstream of mediator complex subunit 13, a protein with transcription that is negatively 
regulated by the heart-specific microRNA-208a. This latter mechanism may promote 
resistance to obesity induced by a high-fat diet and improve insulin sensitivity.29, 30 
Bidirectional interactions between the heart and the liver have been demonstrated in mice 
bearing a hypertrophic cardiomyopathy-causing mutation in myosin (R403Q).31 This 
mutation is associated with decreased cardiac lipid uptake and increased plasma and hepatic 
lipid content together with increased gluconeogenesis and blood glucose that may ultimately 
exacerbate cardiac disease.31 
Our previous studies revealed autocrine/paracrine actions of cardiac sPLA2 involving 
the modulation of inflammatory and lipid metabolic gene expression in the heart.12 
Furthermore, we documented the systemic effects of cardiac sPLA2 on systolic blood pressure 
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and fever.12 Extending these observations, our current research identifies the liver as the first 
target organ of cardiac sPLA2. 
Pioneering work on MMP-2–deficient mice revealed lipodystrophy as an important 
trait.11 In this study, we identified new metabolic traits of MMP-2 deficiency. These include 
(1) hepatic lipid deposition; (2) altered expression of transcription factors and enzymes 
involved in sensing, biosynthesis, and catabolism of lipids in the liver; (3) altered 
transcriptional responses to dietary cholesterol; and (4) abnormal oxygen consumption and 
locomotor activity patterns. 
Our study provides several lines of evidence indicating that this complex phenotype is 
caused, at least in part, by activation of a heart–liver axis mediated by cardiac sPLA2. This 
axis is broken down as follows. First, systemic absence of MMP-2 increases the 
bioavailability of MCP-3; this was shown by the cardiac-specific excess of MCP-3 protein 
observed in this study. Second, MCP-3 enhances cardiac sPLA2 release. Once secreted, 
cardiac sPLA2 reaches distant target organs (eg, liver) where hydrolysis of the outer leaflet of 
membrane phospholipids releases sn-2 esterified fatty acids.32, 33 Such fatty acids include 
precursors of eicosanoids and ligands of nuclear metabolic transcription factors such as LXR-
α.16, 33, 34 Downstream changes in the transcription of multiple inflammatory and lipid 
metabolic genes would profoundly affect cardiac, hepatic, and systemic metabolism.35, 36, 37, 38, 
39 Indeed, we detected abnormally high prostaglandin E2 levels and significant dysregulation 
of the LXR-α and SREBP-2 pathways in the liver of MMP-2–deficient mice. Moreover, 
these mice exhibited hepatic immune cell infiltration, specifically, monocytes and 
macrophages, which are key cells for inflammation. We also detected elevated numbers of 
dendritic cells, T cells, B cells, and natural killer cells; however, the contribution of these cell 
types to the observed phenotype requires further investigations. 
Importantly, treatment of mice with the pan-sPLA2 inhibitor varespladib almost fully 
normalized the altered expression of the lipid metabolic pathways and inflammation 
in Mmp2−/− mice. The beneficial effects of varespladib were not attributed to reduction in 
MCP-3 levels but rather to inhibition of sPLA2 activity. 
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MMP-2 serves as a metabolism modulatory signal and may exert multipronged anti-
inflammatory actions.2, 11, 40, 41 Consequently, one may expect that pharmacological MMP-2 
inhibition could affect metabolic and inflammatory pathways, perhaps by elevating cardiac 
sPLA2, as we demonstrated recently for doxycycline.12 Currently, doxycycline is the only 
MMP inhibitor approved by the US Food and Drug Administration for clinical use. The 
therapeutic efficacy of doxycycline-based formulations are currently being explored in 
pathologies associated with extracellular matrix destruction and inflammation such as 
periodontitis, arthritis, Marfan syndrome, atherosclerosis, and arterial aneurysm.42, 43 Our 
findings may support better understanding of the therapeutic principles of MMP inhibitors. 
Our results indicate that cardiac sPLA2 is a unique enzyme predominantly expressed in 
the heart and secreted to plasma in MMP-2 deficiency, a condition that can be genetic or 
pharmacologically induced.12 The chemical identity of this sPLA2with myocardial secretion 
that defines a novel heart–liver axis, remains elusive. Our data, however, excluded PLA2G1B, 
PLA2G2A/2D/2E/2F, PLA2G5, and PLA2G10 as major components of either cardiac or 
plasma sPLA2 in Mmp2−/− mice. Our qRT-PCR, immunological, and chemical inhibitor data 
gathered to date would suggest that cardiac sPLA2 may not be a classical sPLA2 or may 
belong to an atypical or even unknown PLA2 class.32, 44, 45 Proteomic studies are ongoing in 
our laboratories to address this still open question. 
In summary, our data identify a novel endocrine function of the heart to modulate lipid 
metabolic pathways and inflammation in the liver. The key component of this heart–liver axis 
is secretion of cardiac sPLA2, a unique enzyme the release of which from cardiomyocytes is 
enhanced by chemokines that are substrates of MMP-2–mediated proteolysis, such as MCP-
3. We propose that the MMP-2/cardiac sPLA2 system enables the heart to signal the liver to 
satisfy the energy needs. Our findings may support understanding of the development of 
metabolic, inflammatory, and cardiac disturbances associated with MMP-2 deficiency in 
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